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Model phospholipid membranes: physical properties, interactions, and oxidation. 

 I was hired by the french institution CNRS in 1991, a few month after my PhD defense. I moved two 
times in that institution during the first eight years, with a renewal of my research areas on each of those 
mobilities. In this document I essentially present my research activities since 1999, that mainly concern 
‘model’ lipid membranes. 

 I started my career in 1991, in the LGP2 laboratory (Génie des Procédés Papetiers) in St Martin 
d’Hères. As a first research subject, I contributed to the development of a contactless measurement 
technique of the elastic properties of a paper sheet, using ultrasound propagation [3,4][t1]. Beside, I 
developed a measurement technique of the aging of printing inks (w/o emulsion coalescence), by means of 
ultrasound velocimetry [2][i1]. This first four years period gave me the opportunity to utilize my expertise in 
the field of ultrasounds that I previously acquired during my PhD thesis [1]. 

 I moved during year 1995 into the Unité Mixte CNRS/Elf ATOCHEM, Systèmes Macro-
moléculaires Hétérogènes (SMH) in Levallois Perret. The research in that laboratory was mainly inspired by 
industrial issues in the domain of polymers and polyelectrolytes. Utilizing my skills in the domain of paper I 
worked on the development of various additives for the enhancement of the mechanical resistance of wet 
paper [b1,b2], and I also developed a model of the deformation of a wet paper sheet submitted to an 
uniaxial strain [5][i2]. Beside, I started a research on the physical properties of aqueous solutions of the p-
(Styrene-Maleic acid) polyelectrolyte [t2]. 

 I moved during year 1999, joining the Laboratoire de Dynamique des Fluides Complexes (LDFC) in 
Strasbourg. I then started to work on phospholipid membranes, in collaboration with Eduardo Mendes (now 
in Delft, the NL) and Carlos Marques, who both were working on surfactant self-assembly. My collaboration 
with Carlos Marques is still continuing nowadays, and I had the opportunity to jointly supervise a certain 
number of students and post-docs during that period [t3-t14, t16-t18, t20-t23]. With the closing of the 
LDFC we moved to the Institut Charles Sadron during year 2004, creating the M3, ’Membrane and 
Microforce’ team together with T. Charitat and F. Thalmann. The team increased in size over the ongoing 
years, reaching seven permanent researchers, and acquiring a large panel of competences in the domain 
of lipid membranes, bringing the opportunity for fruitful collaborations in the field. 

 Since 1999 my research has concerned various physical and physico chemical properties of lipid 
membranes. Giant Unilamellar Vesicles (GUVs) can be considered as my field of predilection. During these 
years I increased my know-how and developed some specific techniques for the observation, the 
characterization and the manipulation of GUVs. I am mainly interested into understanding fundamental 
aspects of the membranes physics. Beside my work on membranes, I also published with researchers from 
other teams of the lab on subjects for which my previously acquired know-how was beneficial. 
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 My research on membranes can be decomposed into three themes: 
 i) the development of alternative methods for the fabrication of GUVs [14,22], and the analysis of 
the membrane fusion processes at work during GUV growing [27]. 

 ii) the highlight of original dynamic behaviors of GUVs, under shear or during membrane adhesion 
on substrates decorated with sparsely grafted λ-phage DNAs [6,11,17,19,24] . 

 iii) the oxidation processes of model membranes, and their consequences on various 
physicochemical properties of the bilayers [8,15,20,23,26,33]. 

  

 The latter three themes will first be developed, after which I’ll present my other research activities, 
mainly made in collaboration within the lab. 
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Chapter 1.  
Alternate methods for GUVs fabrication, and GUV growing mechanisms 

 Context: liposomes are model bio-mimetic systems, they are also used as bio-compatible vectors in 
cosmetics, food industry, or pharmacology. Their size, from a decade of nm to several decades of µm can 
be easily tuned in function of their usage. Giant unilamellar vesicles (GUVs) are in the µm size range; they 
are used in fundamental research, being rather robust and observable by means of optical microscopy. In 
particular, they form the main tool of my research. Their fabrication may sometimes be difficult, depending 
on their composition, and on their environment. Proven methods of GUV growing have been developed 
during the last decades, based on empirical observation. Electroformation is the most used technique 
nowadays [Angelova_1992]. Briefly, a surface-spread pre-oriented lipid stack is hydrated and submitted to 
an alternate electric field (low frequency, low voltage) during a few tens of minutes, resulting in the 
production of a majority of unilamellar vesicles. However, though possible, electroformation is not 
straigthforward in presence of a salted buffer, or with membranes made of charged lipids [Montes_2007]. 
Encapsulation by GUVs during growing is also not well controlled during electroformation. 

 1.1 Inverse phase method for the growing of GUVs [14], [t7] 

 In collaboration with the University of Porto Alegre, Brasil, in the frame of the PhD thesis of O. 
Mertins [t7], we developed the inverse emulsion growing method, applying the electroformation protocol to 
a thin layer of a phospholipid-stabilized water/CHCl3 inverse emulsion to build GUVs in non usual 
conditions [14]. In particular the technique enables to grow GUVs encapsulating hydrophilic species (Fig. 
1.1), avoiding the post-growing washing stage that is usually necessary with electroformation. Thus, the 
technique is much more economical in terms of the diluted, encapsulated species, since the latter is initially 
diluted in the minority water phase.  

Figure 1.1: Principle of GUV growing from a phase inverted w/o emulsion. The water/buffer droplets contain the 
hydrosoluble molecules to be encapsulated (HME), 
they are stabilized into CHCl3 by the phospholipids 
that will compose the future GUVs membrane. Once 
the  organic  solvant  has  been  almost  totally 
evaporated  (drying  stage,  close  to  99%),  the 
inverse, concentrated emulsion forms a composite, 
pre-ordered  film.  Hydration  of  that  film  with  the 
growing buffer initiates the formation of GUVs, a 
process  that  is  helped  by  applying  the 
electroformation protocol. Though part of the HME 
are then dispersed in the outer buffer (i.e. lost), the 
yield  of  this  method  is  far  higher  than  classical 
electroformation of the lipid film in presence of the 
HME-containing buffer [14].
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 1.2 Growing GUVs on a PVA substrate [22], [t18]  

 A second study concerned the development of a GUV growing technique over a thin layer of poly-
(vinyl alcool) PVA gel. This method was inspired by a few recent studies showing how unilamellar GUVs 
spontaneously grow from lipids spread on a thin agarose layer, in absence of any electric field. However, 
the latter method was shown to form agarose-containing GUVs, due to the strong hydrophilicity of agarose 
[Lira_2014]. We strived to optimize that concept with the use of the best suited polymer layer, that would 
maintain the advantage of efficient unilamellar GUV growing, and no polymer-gel encapsulation. This has 
been obtained with PVA [22]. Using fluorescently labeled PVA, we showed that GUVs did not encapsulate 
any detectable PVA fraction. We proved that it was possible to grow efficiently unilamellar GUVs made of 
various neutral or charged lipids, into a neutral or a charged buffer, possibly encapsulating various 
hydrophilic molecular species as proteins [22]. Figure 1.2 shows some optical micrographs of such GUVs. 
Please note that [22] has been cited more than 100 times, proving the interest of the community for novel, 
more efficient growing techniques. The ability of this method to grow GUVs in a salted buffer was further 
confirmed recently in different conditions [t20], and will be soon published. 

Figure 1.2 : Various results obtained using the PVA gel growing method. (A) actin filaments encapsulated into a DOPC/
RhodB-PE/PEG-PE  (94.8:0.2:5.0)  GUV;  (B) 
encapsulated actin bundles, obtained from the addition of 
streptavidin  into  GUVs  as  in  (A)  (actin/streptavidin  = 
25:1);  (C)  GUV  encapsulating  AlexaFluor350-
neutravidine. (D) similar to (C), with 1% of biotinylated 
lipids: AlexaFluor350-neutravidine is seen to bind to the 
membrane;  (E)  GUV  with  1%  of  biotinilated  lipids, 
encapsulating 500 nM of fluorescent biotin; (F) contrary 
to  (E),  the  GUV  membrane  is  now  decorated  with 
neutravidin; some of the encapsulated biotin now binds to 
the  membrane,  increasing  its  fluorescence,  when 
compared to (E). In A and B, GUVs were obtained by the 
PVA gel growing method; in C to F, GUVs were obtained 
from the combination of the PVA gel and the inverse w/o 
phase growing methods. Scale bars are 20 µm.

 1.3 Investigating vesicle fusion versus bulge merging during electroformation [27], [t17] 

 GUV growing during electroformation can be followed under an optical microscope. Numerous 
events as the one shown in Figure 1.3A can be seen during that process. The image, similar to many others 
reported in literature, shows the increase in size of a GUV-like object by fusion of two smaller similar 
objects. The image however does not enable to clarify whether initial and final objects in Fig. 1.3A are 
floating, closed GUVs, or connected membrane bulges, and no any study has attempted to clarify that 
point. We have shown that during electroformation, events as that shown in Figure 1.3A exclusively 
correspond to bulge merging, i.e. that no any membrane fusion process takes place while GUVs grow from 
the substrate. This further induces that GUV growing only takes place as long as connected bulges exist.  
 It is a hard task to demonstrate that point from optical observation, due to the combined need of 
quick, real time imaging, and z-plane discrimination, as it can be done with a confocal microscope. We thus 
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established a GUV growing protocol where ‘second generation’ GUVs were grown in presence of first 
generation GUVs or small unilamellar vesicles (SUVs) (Figure 1.3B). By using two fluorescent labelling, i.e. 
a first one for the first generation vesicles, and a second for the second generation GUVs, a fluorescence 
analysis of the final, extracted GUVs showed that no any GUV exhibited a double labelling. This proved that 
no any membrane fusion takes place during such growing, i.e. events like that in Figure 1.3A correspond 
exclusively to bulge merging, as in Fig. 1.3C. The study was performed using various types of lipids, 
including saturated and unsaturated ones, and also at various temperatures below or above the transition 
temperature Tm of the lipids [27][t17]. The debate on the fact that this growing mechanism remains true for 
any lipid composition including charged lipids remains however open. Indeed, it has been hypothesized that 
fusion between detached G-ghosts takes places as in Fig. 1.4B [Montes_2007], where G-ghosts are GUVs 
build from red blood cell membrane reconstituted vesicles (the ghosts).  

 

Figure 1.3 : GUV growing from a pre-oriented phospholipid film shows numerous ‘fusion’ events as in A. It is 
however tricky to determine if this corresponds to membrane fusion (2 unconnected GUVs) or to simple bulge 
merging, as in C. Our two-stage growing study, with a ‘red’-labelled lipid film submitted to electroformation in 
presence  of  ‘green’-labeled  GUVs  or  SUVs  (B)  demonstrates  that  only  bulge  merging  is  at  play  during 
electroformation (C) [27][t17]. Image height in A is 12 µm.
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Figure 1.4  : figure taken from [Montes_2007]. (A) Fluorescence intensity image of DiIC18-labeled RSO G-
ghosts (yellow) electroformed from erythrocyte ghosts loaded with Alexa 488 dextran (3000 mol wt,  green). 
Notice that the fluorescent dextran remains entrapped in the G-ghosts after electroformation. (B and C) Sketches 
of  the  possible  mechanisms  proposed  for  G-ghost  electroformation.  Based  on  the  results  reported  in  the 
publication, and A, the mechanism described in panel C is excluded. The white bar corresponds to 20 µm.
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Electroformation of Giant Vesicles from an Inverse Phase Precursor

Omar Mertins,† * Nádya P. da Silveira,‡ Adriana R. Pohlmann,‡ André P. Schröder,† and Carlos M. Marques†
† Institut Charles Sadron, UPR22, Centre National de la Recherche Scientifique, Université de Strasbourg, Strasbourg, France;
and ‡ Programa de Pos-Graduação em Quı́mica, Universidade Federal do Rio Grande do Sul, Porto Alegre, Brazil

ABSTRACT We discuss a simple modification of the well-known method of giant vesicle electroformation that allows for a direct
addition of water-soluble species to the phospholipid bilayers. Using this modified method, we prepare phospholipid vesicles
decorated with chitosan, a water-soluble polysaccharide currently investigated for potential pharmacological applications. We
find that the method allows this polysaccharide with primary amino groups on every glucose subunit to be tightly bound to the
membrane, rather than simply being encapsulated.

INTRODUCTION

Phospholipid bilayers are amphiphilic members of the large
family of self-assembling systems, but they can seldom be
prepared by ordinary direct self-assembly. Indeed, molecular
dissolution in water cannot be directly achieved for most of
the phospholipids of practical interest: even when small
aggregates are obtained by injecting energy into the dissolu-
tion process, the extremely small values of the associated crit-
ical micellar concentrations prevent the relaxation of the
system toward its equilibrium configuration. In practice, small
unilamellar liposomes and large unilamellar vesicles need to
be prepared by several successive steps, which are designed
to circumvent the limitations of low solubility. A preparation
step common tomanymethods involves the dissolution of the
phospholipids in a volatile solvent, from which a substrate
coated with a phospholipid thin film is obtained. Exposure
of this preordered film to an aqueous solution followed by
gentle hydration (1,2) or different methods of injection of
mechanical or electrical energy eventually leads to the transfer
of the preformed bilayers into the solution. For instance, the
formation of small unilamellar vesicles (SUVs), with sizes
between a few tens and 100 nm, can be obtained by ultrasoni-
cation or temperature elevation in phospholipids surfactant
mixtures (3–5). Sandwiching the precursor film and the
growth solution between two electrodes and then applying
an electrical voltage typically induce giant unilamellar vesi-
cles (GUVs), with diameters as large as 100 mm (6–8).
Composite bilayer structures that also incorporate other
species can be formed by the same method if both the phos-
pholipids and those species are soluble in a common volatile
solvent or solvent mixture. This may easily be achieved for
organicmolecules, but only rarely forwater-solublematerials.
In this last important case, an alternative method exists for the
formation of SUVs and/or large unilamellar vesicles (LUVs).
A small amount of an aqueous solution containing the water-
soluble species is added to the volatile organic solvent, which

results in an inverted phase of small water droplets dispersed
in the organic phase. For the SUVs and the LUVs it has been
shown that a surface gel film obtained by the evaporation of
such an inverted phase can play the same role as the precursor
films described above (9–12).

In this work we show that a precursor film prepared from an
inverted phase can also be used for the electroformation of
GUVs. We illustrate the method by incorporating chitosan,
a natural polysaccharide, in the GUVs membranes. Chitosan,
a polymer derived from chitin (13–15), has been recently
investigated in small liposomes (10–12) and it represents
a possible biocompatible and biodegradable additive for
improving liposome performance in pharmaceutical or
cosmetic applications (12,16,17). In particular, chitosan-con-
taining liposomes have been shown to exhibit advantageous
mucoadhesive properties (18) and to have a positive impact
in liposomal formulations for burns and wounds healing
(19), as well as for the gastrointestinal tract (20,21). We
demonstrate here, by quantitative optical analysis, that the elec-
troformation method applied to inverse phase precursor films
containing chitosan leads to the formation of GUVs with
membranes decorated with the polysaccharide. We believe
that our method paves the road for further evaluation of the
effect of polysaccharides on phospholipid membranes by
means of well-established GUVs characterization techniques:
optical techniques (1,22), elasticity by micropipette and other
methods (8,23), or adhesion control by interferometry (24–26).

MATERIALS AND METHODS

Materials

Phospholipids used in this work are 1,2-dioleoyl-sn-glycero-3-phosphocho-
line (DOPC, 99%, Sigma-Aldrich, St. Louis, MO), and fluorescent 1-oleoyl-

2-[12-[(nitro-2-1,3-benzoxadiazol-4-yl)amino]dodecanoyl]-sn-glycero-3-
phosphocholine (NBDPC, 99%, Avanti Polar Lipids, Alabaster, AL),

without further purification. Chitosan is low molecular mass (¼ 1.49 "
105 g/mol) as determined by light scattering (10), with a degree of deacety-

lation of 85% (99%, Sigma-Aldrich) and polydispersity Mw/Mn ¼ 1.4.

Fluorescein isothiocianate isomer I (90%, Fluka BioChemika, Buchs,

Switzerland), chloroform (Sigma-Aldrich), fluorescein sodium salt
(Sigma-Aldrich), methanol (Normapur; VWR International-Belgium,

Submitted April 13, 2008, and accepted for publication December 18, 2008.

*Correspondence: omar@iq.ufrgs.br
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Leuven, Belgium), sucrose (99%, Sigma-Aldrich), glucose (99%, Sigma-

Aldrich), and all other reagents, are of analytical grade.

Methods

Fluorescently labeled chitosan

Fluorescently labeled chitosan was obtained following Qaqish and Amiji

(27). Chitosan was reacted with fluorescein to provide a 1:100 ratio of

labeled/nonlabeled monomer assuming the average molecular mass of
1.49 " 105 g/mol. After reaction, the product was kept under stirring in

methanol for 15 min, followed by an exchange of the liquid phase. This

procedure was repeated several times until the methanol appeared colorless,
to prevent the presence of free fluorescein. Fluorescent chitosan was then

dried in a desiccator and kept in the dark.

GUVs with composite bilayers containing chitosan

Wepreparedgiant phospholipid vesicles by amodificationof the reverse phase
evaporationmethodused, for instance, inMertins et al. (10) for obtaining small

liposomes having chitosan outside the membrane, as well as in the inner

membrane surface. The method is based on the formation of an inverse phase

emulsion from a mixture of a small quantity of water having chitosan and an
organic solution of phospholipids. Drying the emulsion under vacuum so

that a reverse micelle (gel) phase remains on the substrate, and finally rehyd-

rating the gel layer with an aqueous solution, leads to the spontaneous forma-
tion of several bilayer structures in the solution,with a predominant fraction of

LUVs.We have adapted and used this methodology to the formation of GUVs

with composite bilayers containing water-soluble chitosan.

Precursor solution

Filtered solutions (0.22 mm, from Millipore, Billerica, MA) of 2.5 mg/ml
(5c*) of chitosan andfluorescently labeled chitosan (see above)were prepared

in 0.02M acetate buffer/0.1MNaCl (pH¼ 4.5) (28). The loss of polymer due

to filtration was estimated at two-thirds using fluorimetry calibration with the

fluorescent polymer. Mixtures were formed by adding 5–20 mL of the latter
chitosan buffer solution to 400 mL of a chloroform solution with 1 mg/mL

DOPC. The mixture was sonicated (model No. 1200 Sonicator; Branson

Ultrasonics, Danbury, CT) at room temperature until it became homoge-
neously opalescent, typically with a sonication time of 2 min. The sonicated

solutions were determined to be water-in-oil emulsions using dynamic

light scattering (10). The reverse emulsion was then used as the precursor

solution for the standard GUVs electroformation procedure (6–8) described
below.

Electroformation

A small 10 mL drop of the emulsion was first spread on an indium tin oxyde-

coveredglass slide, anddriedundervacuumduring30min.Thena second iden-

tical glass plate was used to cover an incubation chamber delimited by a ring of
Sigillum wax (Vitrex, Copenhagen, Denmark) and filled with a 0.095 M

sucrose solution (Osmomat 030 osmometer; Gonotec, Berlin, Germany). An

AC voltage of 1.5 V and 10 Hz was applied across the 1 mm chamber gap
for 3 h at 22 # 1$C. The giant vesicles were then transferred to an Eppendorf

vial, and kept at rest at 4$C before use. A typical observation experiment, using

an inverted optical microscope (see below), was made in an observation

chamber with 20 mL of the GUVs solution dispersed in 100 mL of a 0.099 M
glucose solution. The slight densities difference between the inner and outer

solutions drive the vesicles to the bottom slide where they can easily be

observed. The concentration of glucose is slightly larger than that of sucrose.

This leads to a better-relaxed state of the vesicles in the solution. Electroformed
giant vesicles of pure DOPC, prepared both from a simple DOPC/chloroform

solution and from an inverse emulsion, have also been used as a reference.

Observation under an optical microscope

We used an inverted microscope model No. TE 200, with a 40" objective,

and a 40" phase objective (Nikon, Tokyo, Japan). A mercury lamp provided

the illumination for fluorescence experiments. A fluorescent block with

filters EX 450-490 nm/BA 520 nm and a 505-nm dichroic mirror was
used. Pictures were recorded via a digital camera (NDIAG 1800; Diagnostic

Instruments, Sterling Heights, MI) onto the hard disk of a personal

computer, with a pixel depth of eight bits. To prevent quenching of the fluo-
rescent probe, the vesicles were first localized and observed in bright-field

conditions, under low illumination. An initial series of experiments on

GUVs containing fluorescent chitosan enabled us to determine the optimal

experimental conditions for quantitative fluorescence measurements. We
have determined the sets of values of 1), the diaphragm aperture; 2), the

neutral gray filter value; and 3), the camera gain and exposure time, so as

to minimize photobleaching of the fluorescent chitosan, and to maximize

the signal/noise ratio of the recorded images of fluorescent vesicles. The
determined set of experimental parameters was then used with all of our

samples. When the fluorescence intensity appeared to be too high, as for

instance for the highest levels of chitosan content, the exposure time of

the camera was adjusted in the range 200–1000 ms for avoiding signal
saturation. This was the only acquisition parameter modified throughout

the experiments. A precision of 1 ms on the latter parameter enabled us

thus to normalize, with <1% error, all our quantitative fluorescence
measurements.

Quantitative fluorescence analysis of the giant vesicles

The analysis is based upon the measurement of gray level profiles of the

images after subtracting the background. In practice, the average intensity
I0 per pixel of the background was first computed from the vesicle surround-

ings. Then, we computed the total intensity F emitted by the vesicle,

F ¼
P

ðIi & I0Þ, where Ii is the gray level of pixel i. We recall here also
how a particular fluorescence distribution in the vesicle translates into the

observed gray level image. Let O(x, y, z) be the three-dimensional function

describing the fluorescence distribution of the object. For instance, for a total

intensity F distributed over a spherical shell, one would have

Oðr; q;fÞ ¼ F "
!
4pR2

"& 1
dðr & RÞ;

with R the radius of the shell, while the same intensity F distributed inside

a sphere would read

Oðr; q;fÞ ¼ F " 3=
!
4pR3

"
for r < R:

The observed image I(x, y, 0) in the focal plane is the convolution product
(29) of the object imageO(x, y, z) and the point spread function of the micro-
scope (PSF),

Iðx; y; 0Þ¼
Z
dx

0
dy

0
dz

0
PSF

!
x& x

0
; y& y

0
; 0& z

0"
O
!
x
0
; y

0
; z

0"
:

The PSF can be operationally determined for given observation condi-

tions by scanning the function I(x, y, z) for a dotlike fluorescent object,
typically a fluorescent bead of suboptical size:

PSFðx; y; zÞ ¼
Z
dx

0
dy

0
dz

0
PSF

!
x & x

0
; y & y

0
;

z & z
0Þdðx0

; y
0
; z

0Þ:
For our conditions, we determined experimentally that the PSF can be

well approximated by the normalized cylindrically symmetric function

PSFðr; zÞ ¼
!
2pð0:05 þ 0:17jzjÞ2

"& 1
exp

#
& r2=

!
2ð0:05

þ 0:17jzjÞ2
"$

;

with r ¼ x2 þ y2 and all distances are measured in micrometers. Note that

at each out-of-focus level the total integrated intensity is constant,

Biophysical Journal 96(7) 2719–2726

2720 Mertins et al.
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R
2prdrPSFðr; zÞ ¼ 1, and that the PSF width varies linearly with the

distance from the focal plane.

Calibration of polymer content on the composite giant vesicles

We determined the weight fraction of polymer on the giant vesicle bilayer by

a fluorimetry calibration method based on the comparison of the fluorescence

from: 1), model nanometric liposomes (11) (ranging 81–265 nm)with known
amounts of the fluorophore NBDPC; 2), labeled chitosan polymer solutions

with known amounts of fluorescein groups; and 3), giant vesicles containing

a mixture of both species. A known amount of liposomes containing 0.1% of
NBDPC fluorescently labeled phospholipids were prepared by the conven-

tional reverse phase evaporation method (10) and then diluted to several

concentrations (range of 6 " 10& 5–6 " 10& 4 mg/mL of NBDPC) in MilliQ

water (Millipore). Thefluorescence intensities of the liposomeswere recorded
in a fluorescence spectrophotometer (model No. F-4010; Hitachi, Tokyo,

Japan) as a function of the concentration, at wavelengths l1 ¼ 515 nm and

l2 ¼ 533 nm, that correspond to the maximum of the emission wavelength

spectra of NBDPC and of the fluorescently labeled chitosan, respectively.
The same calibration was performed for solutions with known concentrations

of the fluorescently labeled polymer. The variations of the peak intensities at

the two wavelengths as a function of concentration could be well fitted by

straight lines both for the nanometric liposomes and for the polymer. The fluo-
rescence intensity of giant composite vesicles, preparedwith the samefluores-

cently labeled polymer and 1% of NBDPC, was also measured by the same

procedure. The phospholipids and chitosan concentrations in the giant vesi-
cles were then extracted from the calibration curves by assuming additivity

of the two different fluorescence contributions.

RESULTS AND DISCUSSION

Observation of the growth chamber under the microscope
revealed a similar growth behavior for vesicles electro-
formed from four different types of surface precursor films
1), the usual DOPC film dried from a chloroform solution;
2), a DOPC film obtained by drying an inverse emulsion

phase made from DOPC, chloroform, and buffer solution
at pH 4.5; 3), a DOPC and chitosan film obtained by drying
an inverse emulsion phase of DOPC, chloroform, and a chi-
tosan in buffer solution at pH 4.5; and 4), a DOPC and fluo-
rescent chitosan film obtained by drying an inverse emulsion
phase of DOPC, chloroform, and a buffer solution of fluores-
cently labeled chitosan at pH 4.5. Precursor films containing
the polysaccharide were prepared with different polymer
contents corresponding to 0.94, 1.88, and 3.75 weight
percent of chitosan in DOPC. All the precursor films gave
comparable vesicle sizes and vesicle yield as evaluated by
the typical sizes and abundance of vesicles in the observation
chamber. In all cases the giant vesicles obtained could be
easily transferred into observation chambers containing
osmotically matched glucose solutions. This implies that
the electroformation method successfully produces giant
vesicles from precursor films made from an inverse emulsion
phase. We stress that the precursor film contains here, before
drying, not only the phospholipid and the organic volatile
solvent chloroform as in the usual electroformation protocol,
but also an aqueous phase. Our success in growing giant
vesicles suggests that the presence of such a phase does
not prevent, during the drying stage of the preparation,
prealignment of the phospholipids by the combined action
of the surface and solvent extraction.

To further investigate the localization and distribution of
the added water-soluble polymer with respect to the
membrane, we observed giant vesicles with added fluorescent
chitosan. Fig. 1, a and b, displays the images of one vesicle
observed by fluorescence microscopy and by transmission
in the phase contrast mode, respectively. Fig. 1, a and b,

FIGURE 1 (a) Fluorescencemicroscopy image of a giant
vesicle without fluorescently labeled phospholipid but with

attached fluorescent chitosan. (b) Microscopy image of the

same vesicle in the phase contrast mode and (c) a compar-

ison of both images showing colocalization of the phospho-
lipid membrane and fluorescently labeled chitosan by

means of the direct comparison of the intensity profiles

across the equator. In this graph, the y axis measures
gray levels and the x axis corresponds to the pixels in the

above images; the upper curve measures fluorescence

gray levels and the lower curve phase measures the con-

trasting gray levels. Scale bars span 10 mm.
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also shows that, with optical accuracy, the vesicle presents no
pores or invaginations, and that the fluorescent polymer is
evenly distributed, without any signs of phase separation.
All the observed vesicles displayed similar profiles. The
images show thus that this modified electroformation method
leads to composite vesicles containing the polymer that had
been dissolved in the aqueous solution of the inverse emul-
sion. Furthermore, half-sector matches and gray-level profiles
for both pictures, displayed in Fig. 1 c, show a colocalization
of both images, within optical accuracy. Such colocalization
points to the presence of the polymer on the vesicle as a deco-
ration of the phospholipid membrane, rather than encapsu-
lated in the vesicles interior. To further investigate the polymer
localization, a quantitative analysis of the polymer content of
the vesicles was performed by a detailed study of the images
obtained from fluorescence microscopy. We first show in
the following paragraphs that the chitosan is attached to the
membrane of the giant vesicles and then determine the quan-
tity of polymer adsorbed per unit surface of the membrane.

Fig. 1 c shows the fluorescent gray level profile of the vesi-
cles measured along its equator. It appears very similar to that
of vesicles with a fluorescent bilayer, shown in Fig. 2, a and b.
The profile is symmetric with respect to the vesicle center,
with a fluorescence increase from the background value
when starting away from the vesicle, leading to a maximum
value at the vesicle surface and followed by a decrease toward
the central region to some local minimum that is higher than
the background. This profile appears qualitatively very
different than the one obtained with giant vesicles encapsu-
lating a soluble fluorophore, as shown in Fig. 2, c and d; for
instance, the two intensity peaks at the membrane location
seen in Fig. 2 d are not present in Fig. 2 b. Amore quantitative
analysis of the diametric profiles can be done if one takes into
account the point spread function of the microscope. As

explained in Materials and Methods, we measured the PSF
of our microscope and calculated the intensity profiles ex-
pected for a vesicle with a fluorescent membrane,

Iðx; r0Þ ¼ F

Z 1

0

dt

2pð0:05 þ 0:17r0tÞ2

" exp

(

& x2 þ r20ð1 & t2Þ
2ð0:05 þ 0:17r0tÞ2

)

" BesselI

(

0;
xr0

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
ð1 & t2Þ

p

ð0:05 þ 0:17r0tÞ2

)

;

(1)

and a vesicle encapsulating a hydrophilic fluorescent species

Iðx; r0Þ ¼ F

Z 1

0

dt

Z r0

0

dr " 3r2

2pð0:05 þ 0:17r0rtÞ2

" exp

(

& x2 þ r20r
2ð1 & t2Þ

2ð0:05 þ 0:17r0rtÞ2

)

" BesselI

(

0;
xr0r

ffiffiffiffiffiffiffiffiffiffiffiffiffiffiffiffi
ð1 & t2Þ

p

ð0:05 þ 0:17r0rtÞ2

)

; (2)

where r0 is the vesicle diameter, x > 0 is the distance
measured on the image from the center of the profile, and t
is the variable of integration. These profiles fit well our
data in Fig. 2, b and d. If one assumes that the fluorescence
profile in Fig. 1 c originates from both the surface and bulk
contributions, simulations of the final profile show that
contributions to the total profile from fluorophores inside
the vesicle do not change the shape of the profiles signifi-
cantly until the total number of bulk fluorophores reaches
a few tens of percent of the number of fluorophores in the
membrane. The analysis of the following paragraphs further

FIGURE 2 (a) Fluorescencemicroscopy image of a giant
vesicle made from DOPC- and NBD-labeled phospho-

lipids. In this case, the fluorescence is emitted by the

vesicle membrane only. (b) The fluorescence intensity
profile (dots) measured along the equator of image a and

(line) the intensity computed from the convolution of the

instrument PSF and a fluorescence distributed on the

surface of a sphere. (c) Fluorescence microscopy image
of a giant vesicle made from DOPC, with the hydrophilic

fluorophore fluorescein that is homogeneously distributed

inside the vesicle. (d) The fluorescence intensity profile

(dots) measured along the equator of image c and the inten-
sity (line) computed from the convolution of the instrument

PSF and a fluorescence homogeneously distributed over

the interior of a sphere.
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confirm that the fluorescence in our composite vesicles orig-
inates from the membrane only.

In Fig. 3 a, we plot the value of F as a function of the vesi-
cles area S, for several samples with different chitosan
content. Error bars account for the different error sources
due to background determination and accuracy of the inten-
sity integration. The linear relation between the intensity F
and the area S further confirms that the polymer is at the
membrane surface. The amount of polymer-per-unit bilayer
surface is therefore proportional to the intensity F. Fig. 3 b
shows the slope b ¼ F/S of the different plots in Fig. 3 a as
a function of the polymer fraction f in the precursor film. The
parameter b is proportional to f, showing that the amount
of the polymer on the vesicle bilayer can be tuned by the
polymer content in the inverse emulsion.

The polymer attachment to the membrane can also be
confirmed by the study of the stability of the composite
chitosan-containing vesicles. The experimental data show that
the polymer is attached to the vesicles bilayers when the orig-

inal polymer solution contains well-solubilized polymer. The
attraction between the polymers and the bilayers is likely to
be induced by electrostatic interactions between the positive
charges of the amino groups of chitosan that are obtained in
the dissolution process in the low pH buffer solution, and the
polar heads of DOPC, but the hydrophobic skeleton of the
polymer might also interact with the hydrophobic core of
the membrane (30,31). While our preparation method forces
an intimate contact between the polymer and the phospho-
lipids during the drying stage, exposure of the polymer to a
free aqueous solution presents the risk of detachment of the
polymer from the membrane. We have checked the stability
of the polymer attachment to our composite vesicles over
a period of 10 days, by monitoring the fluorescence intensity
per unit surface b, measured for vesicles of different sizes by
the method described above. Fig. 4 shows that within exper-
imental uncertainties the polymer remains attached to the
membranes over that period.

In the absence of more detailed information, a reasonable
estimation of the amount of polymer-per-unit surface of the
membrane may be provided by the simple mass fraction of
polymer introduced in the precursor film. However, during
the electroformation of giant vesicles, a loss or enrichment
of material may occur depending on the conditions of the
preparation. For instance, phospholipids and polymers may
exhibit distinct transfer rates from the dried emulsion spread
on the indium tin oxyde-covered glass to the GUVs. We
evaluated quantitatively the amount of polymer per unit
surface of the vesicles membrane by the fluorimetry calibra-
tion method described above. Recall that our method relies
on the bulk measurement of the fluorescence intensity at
the two wavelengths l1 ¼ 515 nm and l2 ¼ 533 nm that
correspond to emission peaks of NBDPC and fluorescently

a

b

FIGURE 3 (a) Fluorescence intensity (F in arbitrary units) as a function of
the vesicles area (S in mm2) for three different values of the polymer weight

fraction f: 0.94 (6), 1.88 (B), and3.75 (,)%w/wchitosan. (b) Fluorescence
intensity-per-unit surface b ¼ F/S as a function of the polymer fraction f.

FIGURE 4 Time variation of fluorescence intensity-per-unit surface b for

giant vesicles containing the three different values of the polymer weight
fraction f: 0.94 (6), 1.88 (B), and 3.75 (,) % w/w chitosan. Average

values of b are also indicated by a dashed line. The figure shows that the

composite vesicles keep their polymer content over a period of 10 days.
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labeled chitosan. Because those intensities vary linearly with
the concentration of the two fluorescent species, as shown in
Fig. 5, one simply needs to read from the calibration curves
the relative values of polymer and phospholipid content in
the different giant vesicles. The results revealed that giant
vesicles prepared from a mixture of phospholipids and
3.75% w/w polymer exhibit a measured polymer content
after electroformation of 5.7% w/w, showing that the forma-
tion method significantly enriches the polymer content of the
giant vesicles. This implies that the phospholipid remaining
on the surface has been depleted from its original polymer
content. The measured polymer content can be translated
into the conventional polymer surface excess G by taking
an area-per-DOPC molecule of 0.725 nm2 (32). We obtain
G ¼ 0.1 mg.m& 2, a typical value for polymers adsorbed on

moderately attractive surfaces (33). Note that the amount
of polymer-per-unit surface of the bilayer is 2 G. Combining
results from the fluorimetry calibration and the quantitative
fluorescence microscopy, one can thus assert that giant vesi-
cles prepared from 0.94, 1.88, and 3.75% w/w polymer lead
to giant vesicle membranes carrying, respectively, 0.03,
0.05, and 0.10 mg of polymer per square meter of phospho-
lipids.

As a summary, the analysis of the fluorescence profile and
of the total fluorescence combines with the stability study to
confirm that chitosan is attached to the membrane of giant
vesicles electroformed from a precursor film prepared from
a polymer containing an inverted phase. In particular, the
stability experiments clearly show that no desorption of the
polymer occurs in these systems. Moreover, a quantitative
calibration method provides the surface coverage values
for chitosan on the DOPC membrane. Recently, the attrac-
tive interaction of chitosan and giant unilamellar vesicles
has been also investigated (34) by an alternative method.
The authors add a chitosan solution to a suspension of
DOPC giant unilamellar vesicles and show that the polymer
spontaneously adsorbs on the membrane, presumably to its
external leaflet, with the adsorbed amount depending on
the pH value of the solution. The electroformation method
developed here does not rely on the bulk adsorption condi-
tions for the polymer. By bringing the polymer and the
membrane into intimate contact during the drying process
of the precursor film, the method insures that the polymer
is irreversibly attached to both leaflets of the bilayer and
stays as such for at least 10 days. In future work, we plan
to quantitatively compare the polymer adsorbed amounts
and the stability of the polymer layers obtained by both
methods. Note also that our method circumvents the typical
difficulties raised by the electroformation growth of giant
vesicles in a polyelectrolyte solution, where strong currents
usually damage the sample and prevent vesicle growth.

Finally, in Fig. 6 we provide a synoptic table of the path-
ways of membrane formation mentioned in our article,
comparing the classical electroformation with our modified
method leading to membrane decoration both for nonspecific
and specific interactions. Indeed, we would like to stress
prospectively that our method is not limited to nonspecific
interactions such as those acting between the amino groups
of chitosan and the zwitterionic groups of the phospholipid
heads, or simply between the chain backbone and the
membrane water interface. Preliminary results in our group
show, for instance, that the method works with specific inter-
actions such as those promoted by the ligand-receptor couple
biotin-streptavidin: repeating experiments reported in this
article by simply replacing the chitosan with an equivalent
concentration of fluorescent streptavidin and the phospho-
lipids by a mixture of phospholipids and biotinylated phos-
pholipids led to giant vesicles with fluorescent membranes,
thus decorated with streptavidin, most likely on both sides
of the membrane.

Intensity

a

b

FIGURE 5 Calibration curves for determining the amount of chitosan-

per-unit surface on the vesicles. The curves display emission intensities at

the two wavelengths l1 ¼ 515 nm (B) and l2 ¼ 533 nm ()) that correspond
to emission peaks of NBDPC and of fluorescently labeled chitosan.
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a

b

c

FIGURE 6 A schematic table comparing the

classic electroformation method and the methods

proposed in this article based on a precursor
ordered film obtained from drying an inverse

emulsion. (a) The three main steps of the classic

electroformation method: 1), dissolution of the

phospholipids in a volatile organic solvent, typi-
cally chloroform; 2), evaporation of the solvent

and formation of an ordered film close to the

surface; and 3), swelling of the film with an
aqueous solution under an alternative electrical

field leads to unilamellar giant vesicles. (b) The
modified electroformation method proposed here

for attaching water-soluble polymers to both sides
of the giant vesicle membranes: 1), starting from

an inverse phase of droplets of an aqueous poly-

mer solution dispersed in the majority organic

solvent; 2), drying the emulsion; and 3), swelling
under an electric field leads to giant vesicles deco-

rated with polymers that interact with the mem-

brane by nonspecific interactions. (c) The method

can also be used to decorate the membrane with
water-soluble molecules that interact with the

membrane by ligand receptor interactions, here

schematically a fluorescent streptavidin that recog-
nizes the biotinylated lipids of the membrane.
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ABSTRACT Giant unilamellar vesicles or GUVs are systems of choice as biomimetic models of cellular membranes. Although
a variety of procedures exist for making single walled vesicles of tens of microns in size, the range of lipid compositions that can
be used to grow GUVs by the conventional methods is quite limited, and many of the available methods involve energy input that
can damage the lipids or other molecules present in the growing solution for embedment in the membrane or in the vesicle inte-
rior. Here, we show that a wide variety of lipids or lipid mixtures can grow into GUVs by swelling lipid precursor films on top of a
dried polyvinyl alcohol gel surface in a swelling buffer that can contain diverse biorelevant molecules. Moreover, we show that
the encapsulation potential of this method can be enhanced by combining polyvinyl alcohol-mediated growth with inverse-phase
methods, which allow (bio)molecule complexation with the lipids.

INTRODUCTION

Cellular membranes, that envelop the cytoplasm of the cell,
its nucleus, and its various organelles, are self-assembled
lipid bilayers that host also a variety of proteins and other
biomolecules. For typical cell sizes on the order of ten
micrometers, the lipid membranes span a few thousands
of square micrometers, holding on the order of tens of
billion lipids. The fact that self-assembly can drive so
many individual molecules into a well defined and robust
liquid structure of five nanometers thickness has long fasci-
nated researchers in Physics, Chemistry, and Biology, who
have studied lipid membrane structure and function.

Lipid bilayers self-assembled from a single or a reduced
number of lipid species are often used as biomimetic models
of cell membranes. Several membrane structures have
become available for biophysical studies on the intrinsic
properties of lipid bilayers as well as their interactions
with other biomolecules: unilamellar and multilamellar ves-
icles of different sizes (1), supported bilayers (2) and nano-
discs (3) to only name a few.

Among these model biomembranes, giant unilamellar
vesicles (GUVs) have played a prominent role (4). Due to
their large dimensions, in the range of typical cell sizes,
GUVs can be easily observed and micromanipulated under
an optical microscope, thus allowing for the direct observa-
tion of relevant biophysical phenomena at a single mem-
brane level (5).

The importance of GUVs has triggered a host of efforts
seeking GUV preparation methods that can provide a fast
and easy route to form vesicles from a variety of lipid com-
positions and under different buffer conditions (4). Methods
for GUV formation typically involve a lipid bilayer preas-

sembly step by evaporation of a lipid-containing organic
solvent at a solid-liquid interface. Depending on the lipid
composition, vesicles are sometimes formed spontaneously
when the precursor lipid film is simply exposed to a buffer
solution. This method is known as gentle hydration (6,7).
A disadvantage of this method is that vesicle formation
usually requires long timescales on the order of several
days. Moreover, it works only with restricted lipid composi-
tions and ionic conditions. Electromagnetic radiation (8)
and electrical or mechanical stresses tend to promote the
formation of unilamellar vesicles. Indeed, the most widely
used vesicle formation method is known as electroforma-
tion, where an alternating electrical field is applied across
a buffer-filled chamber bounded by conductive slides or
crossed by metal wires (9). Electroformation is reasonably
fast, taking several hours. However, growing vesicles in
physiological buffers or from lipid mixtures containing
charged lipids is still a challenging task, despite the recent
improvements brought by electroformation at high field fre-
quencies (10,11) or using a flow chamber with exchange of
the buffer (12). Another important difficulty of preparation
methods based on hydration is that encapsulation of proteins
or other (bio)molecules, especially in buffers of physiolog-
ical ionic strength, is generally inefficient and variable
among liposomes. Alternatives are the rapid solvent ex-
change method (13) or the evaporation method (14). How-
ever, the rapid solvent evaporation method requires a large
amount, typically one milligram, of lipid per sample.

There is currently broad interest in the use of vesicles as a
platform to build either protocells or artificial cells that
mimic aspects of bacterial or mammalian cells (15). Exam-
ples include the reconstitution of cytoskeletal protein
networks (16–19), membrane-protein interactions (20,21),
cell adhesion (22), and gene transcription and translation
(23). In all these applications, biomolecules need to be
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encapsulated inside GUVs in physiological buffers. This is
still a challenging task due to the high salt levels present
in physiological buffers and to the relatively low vesicle for-
mation speed that hinders a precise control of the biological
activity of the proteins. Recently several new strategies have
been proposed, which were designed to improve preparation
speed, encapsulation efficiency, and/or applicability to
charged lipids. One class of methods uses water-in-oil emul-
sion droplets as templates for bilayer vesicles. Bilayers can
either be formed by transferring emulsion droplets stabi-
lized by a lipid monolayer through an oil/water interface
(24–26) or by forming double emulsion droplets with an
oil shell and extracting the oil (27). Biomolecule encapsula-
tion into emulsion droplets is highly efficient and reproduc-
ible even at physiological salt conditions. However, the
emulsion-based methods generally require advanced equip-
ment such as microfluidic devices. Moreover, traces of the
oil phase can often be detected in the self-assembled mem-
brane (4,28). Microfluidic inkjet encapsulation methods also
improve biomolecule encapsulation and preparation speed
compared to film hydration methods (29,30), but again
specialized equipment is needed and residual oil can be
left in the membrane.

To minimize damage of the molecules of interest (31),
one is restricted so far to film hydration methods. Lipid
film hydration methods have a strong potential for further
development. It is important for instance to realize that
membrane swelling from a preordered bilayer film requires
water penetration into the membrane stacks, a process that is
partially hindered when the lipids are deposited on glass or
other solid substrates. A larger exposure of the preordered
lipid films to hydration is achieved in a recently discovered
agarose swelling method (32). Here, the organic solution
containing the lipids is spread on a thin dried film of
agarose, a naturally occurring polysaccharide. Upon addi-
tion of the buffer solution, GUVs are rapidly formed at
the interface between the swollen agarose gel and the buffer.
Vesicle formation is much faster than in classical electrofor-
mation or gentle swelling. Moreover, this method works
with a wide range of lipid compositions and buffer condi-
tions, and it is possible to efficiently encapsulate various
biomolecules (32), including cellular proteins (28). How-
ever, the vesicle formation efficiency is reduced because
lipids are distributed over the whole gel thickness, which
are several micrometers. Furthermore, the agarose gel dis-
solves partly upon swelling and remnants can be detected
in/on the membrane (32).

Here, we report a new, to our knowledge, swelling
method inspired by the earlier work on swelling from
agarose gels, which provides a facile and fast way to prepare
vesicles with a wide range of lipid compositions. Instead of
agarose, we use polyvinyl alcohol (PVA) gels. Our hypoth-
esis was that PVA gels can optimize the lipid distribution at
the interface between the substrate and the hydrating buffer.
Moreover, PVA gels are expected to be much less prone to

dissolution upon swelling at room temperature than other
physical hydrophilic gels (33,34). Indeed, we find that ves-
icles formed by PVA-assisted swelling are not contaminated
by polymer. We first demonstrate the efficiency of GUV for-
mation on a PVA gel and study the growth process by in-
specting the distribution of lipids before and after growth.
Next, we compare growing efficiencies for different ionic
and nonionic amphiphiles and show that the method allows
us to encapsulate hydrophilic substances in the vesicles. We
conclude by proposing a mechanism for vesicle growth.

MATERIALS AND METHODS

Lipids

Lipids were purchased from Avanti Polar Lipids (Alabaster, AL) as a
powder and dissolved in chloroform. Lipid solutions were stored at
!20"C before use. In addition to 1,2-dipalmitoyl-sn-glycero-3-phospho-
choline (DPPC) with two saturated C-16 tails, all other phospholipids
used in this work have two C-18 tails with one unsaturation per tail
(1,2-dioleoyl-sn-glycero-). We tested a range of headgroups, including
neutral zwitterionic headgroups (-phosphocholine (DOPC)), as well as
headgroups bearing a negative net charge (-phosphoglycerol (DOPG),
-phosphoserine (DOPS)), or a positive net charge (trimethyl ammonium-
propane (DOTAP)). DPPC was used for membranes in the gel state at
room temperature, because its main transition temperature is 41"C. All
other lipids undergo the fluid-gel transition below 0"C. As a fluorescent
marker we used 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(liss-
amine rhodamine B sulfonyl)(rhodamine-DOPE) in a 0.2 mol % mixture
with other lipids. Other lipids used were 1,10,2,20-tetramyristoyl cardioli-
pin, 1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamineN-(cap biotinyl)
(biotin-PE) and the PEGylated 1,2-dipalmitoyl-sn-glycero-3-phosphoetha-
nolamine-N-[methoxy(polyethyleneglycol)-2000].

Proteins

Neutravidin and Alexa Fluor 350-labeled neutravidin were purchased from
Invitrogen (Breda, The Netherlands). Streptavidin was purchased from
Thermo Scientific (Breda, The Netherlands). Rabbit skeletal muscle
G-actin was purified by standard procedures including a gel filtration on
a Sephacryl S-200 high-resolution column (GE Healthcare, Munich,
Germany) (35) or purchased from Tebu-bio (Heerhugowaard, The
Netherlands). Fluorescent actin with a dye/protein molar ratio of 0.6 was
prepared by labeling amine groups with AlexaFluor488 carboxylic acid
succinimidyl ester (Invitrogen) (36) or purchased from Invitrogen. G-actin
labeled with biotin was purchased from Tebu-bio. G-actin was stored at
!80"C in G-buffer (2 mM Tris-HCl, 0.2 mM Na2ATP, 0.2 mM CaCl2,
2 mM dithiothreitol (DTT), pH 7.8). Before use, G-actin solutions were
thawed, treated with 5 mM DTT to reduce potential oxidized sulfhydryl
groups, centrifuged at 120,000 # g for 30 min to remove potential protein
aggregates, and finally bath-sonicated for 5 min to disrupt potential actin
dimers (37).

PVA

PVA (MW 145000, Merck KGaA, Darmstadt, Germany) was purchased
from VWR International (Fontenay-sous-Bois, France). For fluorescent
studies, we labeled PVA with [5-(4,6-Dichlorotriazinyl)-aminofluorescein]
(DTAF) by elimination of hydrochloride using previously described proto-
cols (38,39). DTAF covalently couples to the alcohol groups of PVA at pH
levels above 9. DTAF-labeled PVAwas separated from free DTAF by exten-
sive dialysis against MilliQ water using a regenerated cellulose membrane
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with a molecular mass cutoff of 4000–6000 Da. The average labeling stoi-
chiometry was determined by spectrophotometric measurements of the
light absorbance of the dialyzed PVA-DTAF solution at a wavelength of
495 nm, corresponding to the excitation maximum. The emission maximum
of DTAF is at 516 nm. We first determined the extinction coefficient of
aqueous solutions of DTAF at different concentrations by recording absor-
bance spectra between wavelengths of 400 to 800 nm with a scan rate of
600 nm min!1 on a UV/Vis Cary 500 Spectrometer (Fig. S1 in the Support-
ing Material). These measurements were performed using pH adjusted
solutions, because of the pH dependence of the fluorescence properties of
fluorescein analogs. We determined an extinction coefficient of 82,900 L
mol!1 cm!1 (see inset of Fig. S1), and measured a DTAF concentration
of 8.72 10!5 mol L!1 in the solution of DTAF-labeled PVA. The polymer
concentration (determined by drying 1 g of the PVA-DTAF solution) was
2.97 5 0.07% (w/w). Thus, the degree of labeling was 0.43 mol DTAF
per mol PVA chain, or 1.30 10!4 mol DTAF per mol repeating unit,
implying that approximately every second PVA chain bears one fluorescent
label. Both labeled and unlabeled polymers can be dissolved when exposed
at temperatures higher than 50"C for longer than 30 min.

Other materials

In some experiments we formed polymersomes from the triblock copol-
ymer, PMOXA10-PDMS87-PMOXA10 (MW 8154, PDI 2.2). Its synthesis
is described elsewhere (40). All other chemicals were purchased from
Sigma Aldrich (St. Louis, MO) and used without further purification unless
specified otherwise.

Electroformation method

Electroformation was performed following the method of Angelova et al.
(9). Briefly, 10 mL of a lipid solution (1 mg mL!1 in chloroform) were
spread on an indium tin oxide (ITO)-coated glass slide. After drying of
the lipid film under vacuum for 30 min, a chamber was formed with a sec-
ond ITO slide and Sigillum wax (Vitrex, Copenhagen, Denmark) as a seal-
ing agent. This chamber was filled with sucrose solution for neutral lipids
and with a phosphate buffered saline (PBS) buffer solution (0.01 M phos-
phate buffer, 0.0027 M KCl and 0.137 M NaCl, pH 7.4) for lipid mixtures
containing charged lipids. The osmolarity of the buffer was measured with
an osmometer (Osmomat030, Gonotec, Berlin, Germany) and adjusted to
280 mOsm kg!1. An alternating electric field was applied across the cham-
ber for 3–12 h. The amplitude and the frequency of the field were 1 V and
10 Hz for neutral lipids and up to 5 V and 500 Hz for charged lipids. Suc-
cessful formation was checked by observing the growing chamber by phase
contrast microscopy. The obtained GUVs were transferred to an Eppendorf
tube, diluted 5 times with PBS solution, and left undisturbed for 15 min
before observation. Table S1 summarizes the growing conditions for
different lipids.

Gel-assisted GUV formation

A 5% (w/w) solution of PVA was prepared by stirring PVA in water or
280 mM sucrose solution while heating at 90"C. For fluorescent PVA sub-
strates, one part of the DTAF-labeled PVA was mixed with 140 volume
parts of unlabeled PVA. To estimate the amount of residual free fluoro-
phore, we immersed PVA-DTAF-coated glass slides, chemically cross-
linked with glutaraldehyde, in water for 1 h and measured the absorbance
of the solution after adjusting the pH. We found a maximum amount of
free fluorophore of 10%, providing an estimate for the uncertainty in fluo-
rescence measurements. PVA-coated substrates were prepared by spreading
100–300 mL of PVA solution on a microscope coverslip (30 mm in diam-
eter, Menzel-Gläser), which was then dried for 30 min in an oven at
50"C. 10–20 mL of lipids dissolved in chloroform (1 mg mL!1) were spread

on the dried PVA film and placed under vacuum for 30 min to evaporate the
solvent. Before use, the coverslips were cleaned with UV/Ozone for 15 min
to prevent dewetting of the PVA film. A chamber was formed with Vitrex
and filled with sucrose for neutral lipids or PBS buffer for charged lipids
as described for the electroformation method in the previous section.
GUV formation was followed using phase contrast microscopy. When the
desired vesicle sizes were reached, typically in <1 h, GUVs were trans-
ferred into an Eppendorf tube using a pipette. The solution was diluted 5
times with PBS buffer and left undisturbed for 15 min before use.
Table S1 summarizes the growing conditions for different lipids.

Encapsulation of proteins by gel-assisted GUV
formation

For encapsulation of proteins a similar protocol was used. Instead of
spreading the PVA and lipid solutions (3.75 mg mL!1) by hand, PVA was
spin-coated on the coverslips at 1200 rpm for 30 s (DELTA 10 BM,
SUSS MicroTec). A typical lipid mixture was composed of 94.8:0.2:5.0
DOPC/RhodB-PE/PEG-PE. In experiments containing biotinylated lipids
1% of DOPC was substituted by biotin-PE. 150 mL of lipid mixture was
spin-coated on the dried PVA-coated slide at 1200 rpm for 300 s. We
used either open-top formation chambers, assembled by placing a
0.12 mm thick spacer (secure-seal spacer, Invitrogen) on the coated slide,
or closed chambers, assembled by placing a 0.5 mm thick spacer (Cover-
well, 13 mm in diameter, Invitrogen) and another cover slide on the coated
slide. Lipid swelling was initiated by introducing a buffer containing the
proteins to be encapsulated (I-buffer). This I-buffer contains all necessary
elements for the polymerization of actin (25 mM imidazole-HCl
(pH 7.4), 1 mM DTT, 0.1 mM MgATP, 50 mM KCl, 2 mM MgCl2),
280 mM sucrose for osmotic pressure matching, 0.5% (v/v) glycerol, and
an oxygen-scavenging mixture of 2 mM trolox, 2 mM protocatechuic
acid, and 0.1 mM protocatechuate 3,4-dioxygenase that minimizes blinking
and photobleaching (41). The lipid film was allowed to swell for 45 min, at
a temperature of 4"C where actin polymerization is minimized. The GUVs
were harvested by pipetting at least 2 chamber volumes of a glucose solu-
tion (O-buffer) into the formation chamber, causing the GUVs to flow into
the adjacent observation chamber or into an open-top observation chamber
assembled by placing a 0.5 mm thicker spacer on a glass slide and closed by
a cover slide after GUVs harvest. The glass slides were passivated by a
casein solution (2 mg mL!1) to prevent liposome adhesion and rupture.
Actin polymerization was initiated by bringing the observation chamber
to room temperature. The O-buffer osmolarity was adjusted to be at least
20 mOsm kg!1 higher than the I-buffer osmolarity (Osmomat030, Gonotec
GmbH) to prevent bursting of vesicles. The actin concentration in all exper-
iments was 23.8 mM (equivalent to 1 mg/mL), including 20 mol % or
30 mol % of AlexaFluor488-labeled actin and 0.25 mol % of biotinylated
actin (1:400 molar ratio to actin). Streptavidin at a 1:25 molar ratio to the
total actin concentration was included as a network cross-linker.

Inverse-phase precursor films for gel-assisted
encapsulation

We adapted the inverse phase precursor method, which was previously
combined with electroformation (42), to prepare lipid films containing bio-
tinylated lipids complexed with neutravidin. By dispersing small water
droplets containing hydrophilic moieties in the organic solvent containing
the phospholipids, this method enables to prepare vesicles decorated with
neutravidin or chitosan on their membrane. If neutravidin is used, it enables
specific anchoring of encapsulated molecules to the membrane. An inverse
emulsion was prepared from a mixture of lipid in chloroform and buffer
solution as described previously (42). Briefly, a volume of 2 mL neutravidin
in PBS (48 mg mL!1) was added to 60 mL of a lipid solution as described
previously. In control experiments without biotin-PE lipids, pure PBS
buffer was added. The mixture was pipetted up and down several times
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with a 500 mL glass syringe in a vial until the mixture became opalescent,
signifying that inverted micelles have formed. 40 mL of this precursor emul-
sion was spin-coated on the PVA-coated slide (prepared as described previ-
ously) at 100 rpm for 100 s. The slide was then dried under vacuum for
100 min at room temperature. The remaining steps were the same as in
the PVA swelling method, except that the lipid swelling time was 90 min
instead of 45 min.

Optical microscopy

Vesicle contours were imaged by phase contrast microscopy using an in-
verted TE 2000 microscope (Nikon, Japan) equipped with a 60# WI/1.2
NA Plan Apo DIC objective, 100# NA 1.4 Plan Apo objective, or 40#
Ph2/NA 0.60 Plan Fluor objective. Images were recorded with a digital
camera (Hamamatsu EM-CCD, Japan) with a pixel depth of 16 bits.
Three-dimensional (3D) fluorescent imaging was performed using confocal
laser scanning microscopy (CLSM) with a Nikon C1 scanhead. Images
were captured using EZ-C1 software (Nikon, version 3.50). The DTAF-
labeled PVA film was excited using an argon-ion laser (Melles-Griot) at
488 nm, whereas rhodamine-labeled lipids were excited using a helium-
neon laser (Melles-Griot) at 543 nm. Quantitative analysis of fluorescent
intensities in the confocal images was performed using ImageJ, using
appropriate rescaling of the acquired signals to the same standard levels.
In all measurements the background noise measured from blank samples
containing no fluorophores was subtracted.

For dried DTAF-PVA films, some bleaching of the fluorophores was
observed when obtaining confocal z-stacks, typical confocal scans were
performed by starting above the PVA gel and finishing on the glass surface.
Hydration of the films caused an increase of the fluorescence intensity of
both the DTAF-PVA and rhodamine lipids. This intensity increase can be
explained by the change in refractive indices of the films upon hydration.
In solution, the fluorescence of DTAF increases in the presence of PVA,
as determined by fluorescence spectrophotometry using a Horiba Jobin
Yvon FluoroMax-4 spectrofluorometer (see Fig. S2), a comparable increase
is found when DTAF is directly coupled to PVA. Additionally, in the
swollen DTAF-PVA films, the fluorescence spectrum of DTAF was broad-
ened compared to free DTAF in solution (dashed line in Fig. S2), as
measured by CSLM. As a result, some emission bleeding of the green chan-
nel into the red channel occurred. We checked that this did not influence the
qualitative measurements of the lipid distribution by performing additional
scans of labeled GUVs grown on unlabeled PVA (see Fig. S3) and also
compared the bleeding profile of labeled PVA with our samples, which is
exactly the same up to experimental errors (see Fig. 2 and Fig. S4).

RESULTS AND DISCUSSION

Fully hydrolyzed high-molecular weight PVA was used to
form a dry but swellable polymer film on a glass support.
A thin film of lipids was then spread on the gel surface
and the lipid-gel system was hydrated in an aqueous solu-
tion. Within 2 min, numerous unilamellar vesicles can be
observed, as shown in Fig. 1. This observation is in stark
contrast with hydration of a lipid stack deposited directly
on glass, where the majority of bilayer structures correspond
to multilamellar vesicles or cylinders and only a minor frac-
tion correspond to unilamellar vesicles. Compared to the
standard electroformation method, vesicle formation from
PVA-lipid films has the advantage that GUVs are formed
much faster, as shown in Fig. 1. Furthermore, the gel-assis-
ted swelling method avoids the risk of lipid degradation,
which may occur during electroformation (31,43).

The speed of vesicle formation on swelling PVA gels is
comparable to that observed previously on an agarose sub-
strate (32). However, the agarose-growing method leads to
encapsulation of some agarose polymer, as well as to poly-
mer decoration of the membrane (28). To test whether PVA
is present in the GUVs, we performed confocal microscopy
of DOPC GUVs grown on fluorescently labeled PVA films.
As shown in Fig. S5, no traces of fluorescent PVA can be
found either on the vesicle membranes or inside the vesicles.
This visual observation is confirmed by quantitative image
analysis; weak fluorescence in the green channel is due to
some free DTAF, as discussed in the Materials and Methods
section. The absence of vesicle contamination by PVA can
be primarily traced to the PVA gel structure, which is
much less prone to dissolution upon swelling at room tem-
perature than other physical hydrophilic gels (33,34). More-
over, the lipid distribution in the PVA film prevents
contamination of the vesicles by PVA, as discussed below.

Lipid distribution

To visualize the spatial distribution of the lipids with respect
to PVA in the lipid-PVA films, we measured the relative
fluorescence intensities of the rhodamine-labeled lipids
and the fluorescein-labeled PVA of a 20 mm # 20 mm patch
as a function of height (z direction) above the glass sub-
strate. We first focused on the lipid distribution before
and after gel swelling for DPPC, a lipid that is in a gel
state at room temperature. As shown in Fig. 2, the lipid
bilayer is localized at the gel surface and does not penetrate
the polymer film, independently of the degree of swelling of
the gel.

In the original gel-assisted swelling method of Horger
(32), it was shown that the lipids completely penetrated
the agarose film, which is tens of micrometers thick. The
agarose and the lipids thus intimately mix over the full
film thickness. Our results show that this is not a require-
ment to promote giant vesicle growth (see also Fig. S3).
Moreover, the reduced mixing of lipids with polymer in
PVA gels compared to agarose gels reduces the probability
of vesicle contamination by gel residues.

120 min 2 min

FIGURE 1 Phase contrast images of DOPC-GUVs, obtained by (A)
electroformation and by (B) PVA-assisted swelling. Variations in contrast
are due to differences in composition of inner and outer solutions. Scale
bars 20 mm.

Biophysical Journal 105(1) 154–164

Gel-Assisted Formation of Giant Unilamellar Vesicles 157

18



As discussed previously, GUVs are formed rapidly from
films composed of lipids which are in a fluid state at room
temperature. Confocal imaging shows that several layers
of vesicles can be observed on the gel surface (see Fig. 3
inset B and Fig. S3). Small vesicles are typically located
at the gel surface, while larger ones are further away. During
the growing process, small vesicles often fuse into a larger
one that may later detach from the gel. However, although
many vesicles detach, many stay on the surface of the
PVA film. As the 3D confocal image shows (Fig. S6), holes
in the fluorescently labeled lipid film can be observed
directly underneath the vesicles, likely corresponding to
the partial consumption of the lipid film to build the vesicle
above the hole.

After swelling, the PVA surface appears very corrugated
with valleys and mountains. Any XY plane through this
interfacial region, as exemplified by Fig. 3 in inset A, will
then display areas inside the gel and areas outside the gel
where lipid can be observed. In this geometry the gel inter-
face is almost perpendicular to the confocal section, allow-
ing to precisely screen the GUVs for fluorescent PVA traces
and to reconstruct a 3D representation as in Fig. S6. Depth
profiles of the PVA and lipid fluorescence intensity reveal
the heterogeneity of the lipid distribution on the gel film,
which can be related to the lipid deposition process or to
the swelling of the gel. Fig. 3 summarizes all the observed
cases. The vertical line represents the z-position where the
confocal micrograph shown in inset A was recorded. The
green channel represents the fluorescently labeled PVA,
the red channel the fluorescently labeled lipid. The figure
inset I displays for reference a z profile from the same sam-
ple before swelling. Inset II shows gel surface regions after
swelling without any traces of lipids, whereas inset III cor-
responds to a lipid film still attached to the gel without any
vesicles. In some regions GUVs still attached to the gel can
be observed, as displayed in inset IV. The last inset V corre-
sponds to the more rare case where a detached vesicle is still

in the neighborhood of the gel interface above a membrane.
Inset B in Fig. 3 corresponds to a vertical cross section,
which better views the cases III to V.

In summary, our results show that GUVs free of polymer
contamination grow during gel swelling from a heteroge-
neous lipid film at the gel surface. Given that the lipid solu-
tion spread on a PVA gel does not penetrate into the gel, we
tested the effect of lipid/PVA mixing by forcing lipids into
the gel. This was achieved by spreading a PVA solution
mixed with small multilamellar vesicles. In this case, no
vesicle formation could be observed upon hydration, thus
confirming that gel/lipid mixing is not required for vesicle
growth on PVA.

GUV formation: dealing with the hard cases

As shown in the preceding section, GUVs can be rapidly
formed from the zwitterionic lipid DOPC by PVA-assisted
swelling. In this section, we will show that the PVA growing
method also provides a valuable tool to form vesicles from
other types of lipids, which are difficult to form by other film
swelling methods. Lipids with charged headgroups are a
clear challenge for electroformation. Recently, a method
to grow charged lipid vesicles under physiological buffer
conditions at high frequencies was proposed (10,11). How-
ever, even under such conditions, a number of difficult
issues remain, related to the growth of vesicles from purely
charged lipids, to the vesicle yield, and to the detachment of
the vesicles from the growing substrate. We have for
instance compared the growth of DOPC-GUVs containing
DOTAP, a cationic lipid, by electroformation and by PVA
swelling. For these lipid mixtures, vesicles are obtained in
a high number by electroformation, but they cannot be de-
tached from the ITO substrate. With the PVA swelling
method, even 100% DOTAP vesicles can be formed and
transferred, albeit with a smaller yield than in the case of
zwitterionic lipids. Fig. S7 shows a free floating GUV
composed from DOTAP grown by PVA swelling. The
detachment yield can be improved by gentle sonication.

Examples of other systems grown by the PVA swelling
method are displayed in Fig. 4. Images in the left column
show vesicles formed by growing on pure PVA gel, whereas
images in the right column show vesicles grown on a PVA
gel containing sucrose. In some cases, the presence of
sucrose in the dry gel improves vesicle formation. The
figure shows GUVs grown from DOPC, DOPG, DOPS,
and the triblock copolymer PDMS-PMOXA-PDMS. In all
cases, GUVs formed on a PVA gel that contains sucrose
detach better during the growing process. Furthermore, the
formed vesicles are less prone to adhere to each other in
the growing chamber. Similar results can be obtained by
making the PVA gel in a PBS solution, although with some-
what less efficiency of vesicle detachment (compare
Fig. S8). Interestingly, in the case of DOPS on pure PVA,
tubular vesicles could be observed in the first few seconds

FIGURE 2 CLSM z profiles of a DTAF-labeled PVA film (solid line) and
a fluorescent DPPC film (dashed line). Lipids and gel are well separated
before and after swelling with PBS buffer solution at room temperature.
Residual red fluorescence inside the gel is due to emission bleeding of
the DTAF, as explained in Materials and Methods. A z distance of zero mi-
crons corresponds to the bottom of the labeled PVA gel.
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of the swelling, which disappear over time to form spherical
vesicles. None of the other lipid cases showed this behavior.
Tubular vesicles were also observed for the triblock copol-
ymer (PMOXA-PDMS-PMOXA) on pure PVA, but here
they do not lead to spherical polymersomes, a structure
that could only be observed on PVA containing sucrose.

Nonetheless, the formation of polymersomes yielded in a
fewer number of GUVs compared with phospholipids.

We also investigated lipids with more than one charge
per headgroup. A particularly relevant example is cardioli-
pin, a lipid containing four lipid tails and two negatively
charged headgroups. Although GUVs containing up to

II III IV V

0 25 50 75 100 125
z-distance (µm)

0.0

5.0

10.0

15.0

20.0

25.0

av
er

ag
e 

F.
I. 

(a
.u

.)

0 25 50 75 100 125
z-distance (µm)

0.0

2.5

5.0

7.5

10.0

12.5

av
er

ag
e 

F.
I. 

(a
.u

.)

0 25 50 75 100 125
z-distance (µm)

0.0

2.5

5.0

7.5

10.0

12.5

av
er

ag
e 

F.
I. 

(a
.u

.)
0 25 50 75 100 125

z-distance (µm)

0.0

2.5

5.0

7.5

10.0

12.5

av
er

ag
e 

F.
I. 

(a
.u

.)

0 25 50 75 100 125
z-distance (µm)

0.0

2.5

5.0

7.5

10.0

12.5

av
er

ag
e 

F.
I. 

(a
.u

.) II

III

IV

V

I

II

III

III

V

IV

A

B V

FIGURE 3 Heterogeneity of lipid distribution on a swollen gel interface. Inset A shows the XY section of a DTAF-labeled PVA gel (green) and DOPC-
GUVs labeled with 0.2 mol % Rhodamine (red) recorded with CLSM at a z-position of 31 mm. Inset B is a XZ section at the position of the white line. Graph I
is a z profile of the same sample in the dry state before hydration with buffer solution, other graphs correspond to the different labeled regions of the micro-
graph, which are further sketched in the diagram above. Average intensity of a given z was determined for a 20 mm# 20 mm square and the average intensity
variations plotted with z. The scan was performed starting at the top of the sample; a z distance of zero microns corresponds to the bottom of the labeled PVA
gel. Scale bar 20 mm.
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50% cardiolipin in DOPC/cardiolipin mixtures can be
grown by electroformation, we find that the structures ob-
tained systematically display defects, similar to those
observed by Fedotenko et al. (I. Fedotenko, A. Weinberger,
T. Tanasescu, F. Favarger, C. Stefaniu, I. Tashi, G. Brezesin-
ski, C. Marques, and A. Zumbuehl, unpublished), which
may be caused by headgroup degradation from the applied
electric field (Fig. 5 A). The PVA-assisted swelling method
allows us to form defect-free GUVs within minutes, even
from 100% cardiolipin (Fig. 5, B and C).

The PVA swelling method can also be performed at tem-
peratures different from room temperature. For instance,
one can obtain DPPC vesicles by swelling with preheated
buffer in a heated chamber at 50"C or DOPC vesicles by
swelling in the fridge at 4"C. For high temperatures, the
only limitation is the preservation of gel integrity. Indeed,
depending on PVA molecular mass, some of the polymer
can dissolve upon heating, thus leading to lower yields
and GUV contamination. The PVA used in this work, in
the range of 145 kDa, does not dissolve at room temperature
but partially dissolves if exposed for more than half an hour
at temperatures above 50"C. When lower molecular mass
PVA is used, around 16 kDa, partial dissolution is already

observed at room temperature. It is also possible to success-
fully grow GUVs composed from Sphingomyelin and
Cholesterol in a range where this lipid mixture is in the
liquid-ordered phase, however a complete study of the con-
ditions under which GUVs from domain-forming ternary
mixtures can be grown by the gel method is beyond the
scope of this work.

Careful tuning of the system composition, such as the
introduction of a small fraction of PEGylated lipids (45),
or better spreading of the precursor film by spin-coating
(12), have been reported in the literature to improve the
yield of GUVs containing charged headgroups and to
facilitate detachment from the growing surface. Similar
results have been observed in our case for gel-assisted
growth.

A common problem with some lipids is that vesicles do
not detach easily from the growing surface after formation.
We found that detachment can be improved by several
different strategies. Sonication for 1–2 s in a standard ultra-
sound bath, for instance, can better detach the GUVs
without breaking them. Furthermore, if a sugar such as
sucrose is added to the gel, a larger number of vesicles spon-
taneously detach during the formation process. This can be
due to the extra osmotic pressure from the sugar dissolving
from the gel that pushes away the membranes (46).

In summary, we have shown that the PVA swelling
method can successfully deal with different classes of lipids,
which are otherwise difficult to grow, the method being in
particular well adapted for charged lipids.

Encapsulation

The PVA gel formation method is advantageous for encap-
sulating many molecular species of biological relevance that
are often prone to react at room temperature, e.g., cross-
linking or degradation due to peroxidation caused by elec-
tric fields (43). We first tested the ability of this method to
encapsulate the molecules required to reconstitute a simple
biomimetic cytoskeleton inside a GUV. As shown in Fig. 6,
A and B, actin filaments were successfully incorporated into
vesicles and bundles formed if the swelling solution con-
tained additional cross-linker. Similar actin structures have
been shown by swelling on agarose gels (28). However, in
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FIGURE 4 Phase contrast images of GUVs formed from different amphi-
philes. Left column: growth on pure PVA gel. Right column: growth on a
PVA gel containing sucrose. Amphiphiles: DOPC, DOPG, DOPS, and tri-
block copolymer (PDMS10-PMOXA87-PDMS10). Swelling solution: PBS.
Scale bars 20 mm.
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FIGURE 5 (A) Vesicles of 1:1 DOPC/cardiolipin mixtures grown by
electroformation. Arrows show vesicle defects. (B) Cardiolipin vesicles
on the PVA gel after growing. (C) Cardiolipin vesicles after dispersion in
PBS. Images were recorded in phase contrast mode. Swelling solution:
sucrose. Scale bars 20 mm.
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this case the vesicles are contaminated by agarose, which
adheres to the membrane.

It is often desirable to control the anchoring of encapsu-
lated molecules to the vesicle membrane. A convenient
way to achieve anchoring is to use biotinylated lipids, which
enables anchoring to biotinylated species by neutravidin.
We can localize neutravidin specifically on the membrane
by combining the PVA swelling method with the inverse-
phase precursor method, which allows complexation of
lipids with neutravidin. Inverse-phase precursor films were
already successfully used for the encapsulation of large
hydrophilic molecules during electroformation (42). As
shown in panel D of Fig. 6, GUVs grown from a precursor
film containing neutravidin have a neutravidin functional-
ized membrane. In the absence of biotinylated lipids, the
neutravidin is in the vesicle interior, as shown in panel C.
The neutravidin is still functional, as shown by encapsula-
tion of fluorescently labeled biotin. When neutravidin is
on the membrane, fluorescent biotin forms a bright ring,
signifying binding to neutravidin (panel F). In the absence
of membrane-bound neutravidin, fluorescent biotin is found
throughout the vesicle (panel E).

A growth scenario

To understand how the efficiency of encapsulation of water-
soluble (bio)molecules in the vesicles can be optimized, one
needs to gain a deeper insight into the mechanisms of
vesicle formation during gel swelling. When a film of
DOPC is spread from a chloroform solution on a glass slide
and subsequently hydrated in an aqueous solution, one can
observe the spontaneous formation of bilayer structures
with a majority of multilamellar vesicles (47). The left
drawing of Fig. 7 shows the possible pathways for water
penetration into the stacks of preordered phospholipid bila-
yers on glass. There are two main water transport modes.
First, the water can access the interlamellar region from
the edges and swell the stack; a feature easily observed
using differential interference contrast microscopy (48). A
second pathway for water transport is by direct membrane
permeation, because phospholipid bilayers display a finite
water permeability in the order of 160 mm s!1 (49). Direct
permeation can generate swollen structures of tens of micro-
meters in a few seconds.

The right drawing of Fig. 7 shows the pathways of water
penetration during swelling of a preordered bilayer stack on
the surface of a dry PVA gel. The most prominent difference
from the case of swelling on glass is related to water-uptake
by the PVA gel: indeed a strong chemical potential gradient
exists between the outer solution and the dry gel, which
drives water across the bilayer stack. As a consequence of
gel swelling, the capillary forces driving water at the mem-
brane-gel interface are modified. This effect is further
amplified by gel stretching and by gel surface corrugation,
which may increase the number of membrane defects for

C

D

E

F

BA

FIGURE 6 CLSM images of DOPC-GUVs grown by (A and B) PVA
swelling at 4"C from 94.8:0.2:5.0 DOPC/RhodB-PE/PEG-PE mixtures
and (C–F) DOPC-GUVs grown by a combination of PVA swelling and the
inverse-phase precursor method (42). (A) Encapsulated actin filaments in
the interior of the GUV. (B) Actin bundles inside the GUV, formed by adding
of streptavidinwith an actin/streptavidin ratio of 25:1 as a cross-linker. (C) In
the absence of biotinylated lipids, AlexaFluor350-labeled neutravidin is
homogeneously distributed in the vesicle interior. (D) In the presence of
1% biotinylated lipids, AlexaFluor350-labeled neutravidin binds to the
membrane. (E) In vesicles swollen in a solution containing 500 nM fluores-
cently labeled biotin, the biotin is homogeneously distributed inside the
vesicle interior in the absence of membrane-bound neutravidin. (F) Vesicles
were formed as in (E) but with neutravidin on the membrane surface. The
encapsulated biotin-fluorescein binds to the membrane-anchored neutravi-
din, resulting in a bright ring of fluorescent-biotin. The right column displays
sketches of the systems in the left images: The membrane is represented by
black lines, biotinylated lipids by red rods, fluorescein-biotin by green rods,
and neutravidin by a blue square. Scale bars 20 mm.
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water access. These different solution transport mechanisms
are likely to display different degrees of selectivity with
respect to aqueous solutions containing other molecules or
nanoparticles. We argue that the differences previously
observed in encapsulation efficiencies as a function of
molecular size and growing methods (28,32,50–52) are
due to the respective importance of different water penetra-
tion pathways in the final aqueous content of GUVs.

To discriminate between the effects of different water
penetration pathways on encapsulation efficiency, we per-
formed two comparative experiments. In the first, we
formed vesicles by swelling lipids on a PVA gel with a
solution containing fluorescein. In the second, we formed
vesicles by swelling a PVA gel preloaded with fluorescein
with a nonfluorescent solution. Fig. 7 A displays the fluores-
cence intensity of vesicles grown from a fluorescent solu-
tion whose average fluorescence intensity is indicated by
the arrow. The fluorophore content of the vesicles is roughly
50% of that of the swelling solution, comparable to encap-
sulation efficiencies reported in the literature (28,32). This
result suggests that on average roughly half of the water
content inside the GUVs is due to solution transport across
the membrane, which is impermeable to the fluorophore.
Fig. 7 B shows fluorescence levels from GUVs grown on
a fluorophore-loaded gel. The arrow indicates the average
fluorescence intensity of the swelling solution after the
swelling process took place. Solution volumes used in
both experiments were comparable, but the total amount
of fluorophore in the second experiment was ~2.5 times
smaller than in the first one, which corresponds to the ratio
of the average fluorescence intensities of the two solutions.
As the histogram in Fig. 7 B shows, the encapsulation
efficiency are higher when the PVA gel is preloaded with
fluorophore. As sketched in the inset, we propose that this
is due to a direct transport of fluorophore from the gel reser-
voir to the growing vesicle and not only from side penetra-
tion through defects.

Our findings thus suggest that membrane permeability is
an important parameter determining vesicle growth by gel
swelling. Indeed, the water permeability of DOPC is circa
160 mm s!1 (49), whereas the water permeability for typical
polymersomes was reported to be the order of 2.5 mm s!1

(53). This is likely an important factor, which can explain
why the yield of polymersomes grown by swelling is lower
than the yield of liposomes. Furthermore, permeability
plays a role in the final composition of solutions encapsu-
lated in GUVs, by determining the relative importance of
the different possible water penetration pathways.

CONCLUSIONS

Gel-assisted formation of GUVs on PVA allows for an easy
and rapid growth of polymer-free GUVs in high yields
without the need for special equipment. The process works
for many different lipid mixtures, covering a wide range of
lipids with one or more headgroups of zwitterionic, cationic
or anionic nature. Due to the ability of PVA to swell at low
temperatures close to the freezing point of water, the method
is well adapted for the encapsulation of biomolecules such
as actin, which can be encapsulated in monomer form at
low temperature and subsequently polymerized by warming
the vesicles to room temperature. Importantly, no input of
energy is required to form GUVs, which minimizes the
risk of degradation of the amphiphiles and of the proteins
for membrane embedment or vesicle encapsulation.

Furthermore, we found experimentally that the gel forma-
tion process can be combined with inverse-phase precursor
films to improve the encapsulation efficiency or localize
(bio)molecules specifically to the membrane surface. Our
method provides also a natural way to improve encapsula-
tion efficiency of small hydrophilic molecules by predis-
solving them in the PVA gel.

Our results point to different penetration pathways for the
aqueous solution that swells the membrane stacks. Part of

A B

FIGURE 7 Top panel schematically depicts
water penetration pathways through a bilayer stack
deposited on glass and PVA gel. Lower panel are
CLSM measurements of the average internal fluo-
rescence intensity of GUVs grown on a PVA gel.
(A) Vesicles swollen with a solution containing
fluorescein. The average solution intensity is
denoted by the arrow. (B) Vesicles swollen with a
nonfluorescent solution on PVA gel loaded with
fluorescein. The arrow indicates the fluorescent in-
tensity of the solution after the fluorophore diffused
from the gel. Histograms built from 89 vesicles for
(A) and 142 vesicles for (B). Vesicles smaller than
5 mm were neglected.
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the swelling originates at the defects in the membrane,
where water can invade the interlamellar spacing. However,
a significant amount of water also penetrates by direct
permeation across the bilayers. This confirms the impor-
tance of bilayer permeability for water in the formation of
GUVs. For polymersomes too, osmotic imbalance generated
by added sucrose improves conditions for vesicle formation.

PVA-assisted formation of GUVs provides a new route to
prepare GUVs in a membrane laboratory. Although we have
prepared small-scale samples, the method has potential for
large-scale production and can be easily automated. Current
work in our group, exploring new lipids and buffer compo-
sitions, points to an application range of this method beyond
the one reported here.

SUPPORTING MATERIAL

Supporting Material for the paper ‘‘Gel-assisted formation of Giant Unila-
mellar Vesicles,’’ containing eight figures and one table are available at
http://www.biophysj.org/biophysj/supplemental/S0006-3495(13)00580-8.
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ABSTRACT: Partially ordered stacks of phospholipid bilayers
on a flat substrate can be obtained by the evaporation of a
spread droplet of phospholipid-in-chloroform solution. When
exposed to an aqueous buffer, numerous micrometric buds
populate the bilayers, grow in size over minutes, and eventually
detach, forming the so-called liposomes or vesicles. While
observation of vesicle growth from a hydrated lipid film under
an optical microscope suggests numerous events of vesicle
fusion, there is little experimental evidence for discriminating
between merging of connected buds, i.e., a shape trans-
formation that does not imply bilayer fusion and real
membrane fusion. Here, we use electroformation to grow
giant unilamellar vesicles (GUVs) from a stack of lipids in a buffer containing either (i) nanometric liposomes or (ii) previously
prepared GUVs. By combining different fluorescent labels of the lipids in the substrate and in the solution, and by performing a
fluorescence analysis of the resulting GUVs, we clearly demonstrate that merging of bulges is the essential pathway for vesicle
growth in electroformation.

■ INTRODUCTION
Phospholipid bilayers are model, biomimetic cell membranes.
They are often used and studied in the form of unilamellar
capsules, named liposomes or vesicles, being most generally
suspended in a sugar solution or in a salted buffer.1−3 It is
known that both multilamellar and unilamellar vesicles grow
spontaneously from a multilamellar stack of lipids immersed in
an aqueous buffer, provided that lipids are in the fluid phase.
Observation under an optical microscope shows that since the
first moments of its immersion, such a lipid stack starts to swell
while its constitutive bilayers assume micrometer scale thermal
fluctuations.3 From then on, numerous round and elongated
membrane buds form that grow from submicrometer size to
tens of micrometer size and detach eventually from the
underlying stack, closing into individual vesicles.
Giant unilamellar vesicles (GUVs) are widely appreciated for

model, individual membrane investigations since they are easy
to handle and to observe by means of optical microscopy.4

GUVs can be formed using various techniques, among which
are the previously cited spontaneous growth method5,6 or
energy-driven methods such as the well-known electro-
formation method.7 In the latter, a hydrated preformed lipid
stack is submitted to an ac field that induces the oscillating
motion of the whole lipid stack due to the electro-osmotic
behavior of the medium.8 This results in a decrease of both the
surface and line tensions of the swollen bilayers, increasing

bilayer separation and bending.5,8,9 It is generally admitted that,
as compared to spontaneous growth, electroformation presents
some advantages, among which are high yields of giant vesicle
formation,10 fewer membrane defects, and high unilamellarity.
Although several explanations have been proposed in the
past,11 the mechanisms under which vesicles grow, possibly
fuse, and finally detach during electroformation remain a matter
of investigation.10−13

The present study focuses on the origin of the fusion-like
events, such as the one shown in Figure 1a (see also Figure 2 of
ref 12 and Movies M1 and M2 in the Supporting Information),
that can frequently be observed during any electroformation
growth process, while they rarely appear during GUV
spontaneous growth. More precisely, the study intends to
elucidate if events such as that seen in Figure 1a imply
connected buds as schematically depicted by path p1 in Figure
1, which links the initial state (Figure 1b) to the final one
(Figure 1e), or correspond to membrane fusion, i.e., involving
two independent bilayers that are brought into a close enough
contact, as schematically shown by paths p2 and p3 in Figure 1.
Vesicle and liposome dispersions are not thermodynamically

stable.14 However, spontaneous fusion between liposomes
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made of neutral, zwitterionic lipids can be considered as
negligible over time scales of hours, i.e., the time scale of GUV
electroformation. For example, gel-phase vesicles, which miss
the repulsive forces that characterize the membrane undulation
in fluid-phase liposomes, are known to be unstable and to
precipitate over a time scale of days.15 Also, when submitted to
out of equilibrium conditions such as salt misbalance between
their interior and exterior, SUVs experience a decrease in their
radius due to osmotic forces, but do not fuse.16 Finally, it is
only when neutral, fluid SUVs are submitted to specific
conditions that not only force a close contact between
neighboring bilayers, but also remove the water molecules
that hydrate the phospholipid heads, as, for example, under
drying, that they experience membrane fusion.17

Clearly, optical techniques alone cannot determine if
electroformation induces some membrane fusion during GUV
growth. Indeed, images like the one shown in Figure 1a do not
allow us to differentiate between bud merging and membrane
fusion, since transmission (or fluorescence) microscopy allows
only for the visualization of a vesicle or a bud at its equatorial
plane. Confocal imaging could circumvent this limitation by its
ability to build 3D images. As an example, Figure S4,
Supporting Information, in the paper of Yang et al.18 shows
nicely how GUVs can be imaged during growth, using the Z-
scan function of a laser confocal microscope. However, the very
first moments of the GUV “fusion” process take place over

times shorter than one-tenth of a second (see movies M1 and
M2 in the Supporting Information), i.e., much faster than the
typical image acquisition duration of a traditional confocal
microscope. Even nowadays rapid confocal acquisition devices
might be too slow or simply lack optical resolution (due to the
diffraction limit) to evidence the exact pathway followed by 4
nm thick membranes during such apparent fusion. To our
knowledge, there is no study that precisely describes, using
current fast 3D imaging, the growth of vesicles from an
underlying lipid stack, as to definitely clarify which pathways
lead to the observed vesicle fusion (Figure 1a).
To circumvent optical microscopy limitations due to the 2D

observation of a 3D process such as the one evoked here, we
study GUV electroformation from preordered lipid stacks in
the presence of previously formed giant vesicles or submi-
crometer liposomes. Differently labeling the underlying stack
and the first-generation, suspended vesicles is used to evaluate,
from image analysis of the final GUVs, to which extent the
previously formed GUVs or liposomes (first-generation) fuse
with growing buds or vesicles. As a complement, we check,
using dynamic light scattering, if submicrometer liposomes
experience fusion when submitted to an electric alternate field
such as that applied during the electroformation process.

■ EXPERIMENTAL SECTION
Materials. The lipids 1,2-dielaidoyl-sn-glycero-3-phosphocholine

(DEPC; >99%), 1,2-dilauroyl-sn-glycero-3-phosphocholine (DLPC;
>99%), 1,2-ditridecanoyl-sn-glycero-3-phosphocholine (13PC; >99%),
1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC; >99%), and 1,2-
dipentadecanoyl-sn-glycero-3-phosphocholine (15PC; >99%) were
purchased from Avanti Polar Lipids, in the form of chloroform
solutions. The lipid 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC;
>99%) was purchased as a powder from Sigma-Aldrich and dissolved
in chloroform. Two fluorescently labeled lipids were also used, 1,2-
dioleoyl-sn-glycero-3-phosphoethanolamine-N-(lissaminerhodamine B
sulfonyl) (ammonium salt) (LRhod-PE; >99%) and 1,2-dioleoyl-sn-
glycero-3-phosphoethanolamine-N-(7-nitro-2,1,3-benzoxadiazol-4-yl)
(ammonium salt) (NBD-PE; >99%), also purchased from Avanti.
Lipid solutions were stored at −20 °C. All the lipids were used without
purification.

LUV Formation. Small unilamellar vesicles (LUVs) were prepared
as follows: A 1 mL portion of a given lipid in chloroform (1 mg·mL−1)
containing a small fraction of fluorescent lipid (0.5%, mol/mol) was
inserted into a glass vial. Chloroform was first evaporated under a N2
flow, and the vial was then placed under vacuum for at least 30 min.
The dry lipid film was then hydrated with a 0.2 M sucrose solution
under gentle agitation. As a result, an opalescent suspension of
multilamellar micrometer-sized vesicles was obtained and was extruded
(21 times) through a 100 nm polycarbonate membrane using an
Avanti Polar Lipids (United States) extruder. LUV suspensions were
stored at 4 °C for further use.

GUV Formation: Electroformation Method. Giant unilamellar
vesicles (GUVs) were grown following the electroformation method
described by Angelova et al.7 We differentiate here between the so-
called “first-generation” GUVs, which were grown in an aqueous sugar
solution, and the “second-generation” GUVs, which were grown in a
suspension of pre-existing GUVs or LUVs as explained below.

Growth of First-Generation GUVs. A 10 μL volume of a 1 mg·mL−1
lipid in chloroform solution, containing a small fraction of fluorescent
lipid (0.5%, mol/mol), was spread gently with a syringe on the
conductive side of two indium tin oxide (ITO)-covered glass slides
(PGO, Iserlohn, Germany). Chloroform was evaporated under
vacuum for at least 30 min. The two ITO slides were then positioned
to form a 2 mm thick electroformation growth chamber (Teflon
spacer), their conductive sides facing each other. The chamber was
filled with a 0.2 M sucrose solution, and vesicle growth was achieved
by applying an ac voltage, 1 V and 10 Hz, for 3 h. The GUVs were

Figure 1. (a) Upper part: phase contrast images showing a typical
“apparent” vesicle fusion event during electroformation (see similar
fusion events in Movies M1 and M2 in the Supporting Information).
Lower part: the two “fusing” vesicles have been extracted by hand
deciphering for better visualization. The scale bars represent 10 μm,
and the time interval between two consecutive images is 0.73 s. Bud
merging, i.e., involving a unique continuous membrane, corresponds to
pathway p1. Membrane fusion corresponds to pathway p2 or p3. The
pathway (c) → (f) is not considered here, since it involves two
elementary steps. Pathway p4 corresponds to the GUV detachment
from the underlying lipid stack, not studied in this investigation.
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then transferred into a vial and diluted (ca. 2×) in a 0.2 M glucose
solution. Due to the density difference between the inner sucrose and
the outer glucose + sucrose solutions, the GUVs quickly sedimented
under gravity. Osmolarities of both sucrose and glucose solutions were
previously finely matched using a cryoscopic osmometer (Osmomat
030, Gonotec, Berlin, Germany). The GUV suspensions were kept at 4
°C for further use, within less than 24 h.
Growth of GUVs in the Presence of GUVs or LUVs. This method

implied as a first step the preparation of fluorescently labeled GUVs
and LUVs as described above. Each of these first-generation
suspensions was collected in a syringe and kept at 4 °C (as explained
above, the GUVs were diluted, ca. 1/1, v/v, into an iso-osmolar
glucose solution). For simplicity we mostly labeled first-generation
GUVs and LUVs with NBD-PE. The lipid LRhod-PE was spread onto
an ITO glass, and a growth cell was prepared, as described above.
Growth of GUVs in the presence of GUVs was achieved as follows:
First, both the growth chamber with the spread lipid and the syringe
with the suspension containing the first-generation GUVs were kept at
4 °C for 2 h. Then the growth chamber was filled with the syringe
content and kept at 4 °C overnight (Figure 2a). This procedure was
adopted to ensure that the first-generation GUVs sediment onto the
lipid stack. Finally, the growth cell was brought to room temperature
and immediately connected to the ac electric field, followed by the
previously depicted electroformation protocol (Figure 2b), except in
the case of 15-PC, for which growth was achieved at 50 °C. After 3 h,
the vesicles were collected in an Eppendorf vial containing a 0.2 M
glucose solution (ca. 1/1, v/v, dilution). In the following, GUVs
collected from such a “second-generation” growth process are named
GUVs/w/GUVs. We also grew second-generation GUVs in the
presence of LUVs. Though this process did not require any latency
period for LUVs to sediment after their introduction into the second-
generation growth cell, since these small Brownian objects fill the
space homogeneously, we however followed the same protocol as for
the GUVs/w/GUVs growth, for exact comparison between the two
growth methods. GUVs collected from this method are named in the
following as GUVs/w/LUVs.
As mentioned above, we present here results with first-generation

GUVs or LUVs labeled with NBD-PE, but we also checked that

inverting the probes, i.e., labeling first-generation GUVs or LUVs with
LRhod-PE, did not modify the experimental conclusions.

Dynamic Light Scattering. Dynamic light scattering (DLS)
measurements were performed in a Malvern ZetaSizer Nano ZS
apparatus, with a HeNe (633 nm) laser. First, the hydrodynamic
diameter dH of extruded DOPC and DLPC liposomes was measured.
Each liposome suspension was then introduced into an electro-
formation chamber (see above), but in the absence of any spread lipid
film on the ITO glass surface. The cell was then submitted to an
electric field for 3 h, as for normal electroformation (see above).
Finally, the liposome suspension was transferred into a DLS cuvette,
and the average size of the liposomes was again measured.

Optical Microscopy. We used an inverted TE 2000 microscope
(Nikon, Japan), equipped with a 60× water immersion, 1.2 NA Plan
Apo DIC objective and a 40× phase contrast, 0.60 NA Plan Fluor
objective. When necessary, epifluorescence images of the GUVs were
recorded using a digital camera (Hamamatsu EM-CCD, Japan) with a
pixel depth of 16 bits. Most often three-dimensional (3D) fluorescence
imaging was performed using confocal laser scanning microscopy
(CLSM) with a Nikon C1 scanhead installed on the microscope.
Images were then captured using the EZ-C1 software (Nikon, version
3.50). GUVs were systematically imaged using multiwavelength
imaging, following the so-called frame λ method (Nikon EZ-C1
software). The method is a wavelength sequential scan, during which
the sample is first excited at 488 nm (argon ion laser, Melles-Griot),
and second excited at 543 nm (helium−neon laser, Melles-Griot).
Confocal images were recorded in the 500−530 nm (respectively
552−617 nm) range when exciting at 488 nm (respectively 543 nm).
In the following, these excitation/emission conditions will be referred
to as 488/515 and 543/585, respectively. NBD (rhodamine)-
containing GUVs showed emitted light only in the 488/515 (543/
585) conditions, respectively, while GUVs containing both probes
showed emission in both imaging conditions. All confocal images were
taken with a unique set of the following parameters: laser power (one
specific power for each of the excitation wavelengths mentioned
above), PMT amplification (one specific gain for each of the two
emission wavelength ranges mentioned above), pinhole size, pixel
dwell, image size, and number of pixels per image. Therefore,
quantitative comparison in terms of fluorescence emission intensity

Figure 2. (a) Preparation of the electroformation cell for growing second-generation GUVs: The fluorescently labeled lipid LRhod-PE is first spread
onto the ITO-covered, bottom glass slide of the growth chamber. The chamber is then filled with NBD-PE-labeled GUVs or NBD-PE-labeled LUVs.
All components are at 4 °C. (b) Starting point for GUVs/w/GUVs growth: First-generation GUVs are allowed to sediment before the alternate
voltage is applied while the cell is gently brought to room temperature (50 °C for 15-PC). (c) GUVs/w/LUVs electroformation.
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between images could be performed throughout the whole study.
Images were analyzed using homemade software.
Fluorescence Calibration. We first measured the amount of

fluorescence detected from bilayers containing known amounts of one
or two probes. GUVs were imaged at their equator, always using the
same set of confocal settings, as explained above: for each GUV we
integrated the absolute fluorescence intensity along the GUV
perimeter and than normalized it by the perimeter, obtaining an
average fluorescence intensity per pixel length of membrane. The
results of our calibration experiments are given in Table 1.

We first quantified the fluorescence of DOPC and DEPC GUVs
containing 0.5%, mol/mol, NBD-PE or 0.5%, mol/mol, LRhod-PE
(so-called “one-probe” calibration). Each reported value in Table 1 is
an average over ca. 20 GUVs for each probe. Data for DEPC and
DOPC GUVs are similar. Table 1 shows results obtained for DEPC.
The intensity value per pixel is expressed as a fraction of the maximum
possible intensity (pixel saturation).

We also measured the fluorescence of GUVs containing a 1/1
mixture of both probes, i.e., 0.25%, mol/mol, NBD-PE and 0.25%,
mol/mol, LRhod-PE (so-called “two-probe” calibration). The average
intensity per pixel for each emission wavelength should in this case be
half of its corresponding value in the “one-probe” condition, as long as
there is a linear relation between the measured fluorescence intensity
per unit membrane area and the probe concentration in the
membrane. Table 1 shows that this condition is fulfilled with an
error of 8%.

■ RESULTS AND DISCUSSION
The set of lipids explored in this study was chosen to include
both unsaturated and saturated lipids, all of them being
zwitterionic. DOPC and DEPC are composed of two 18-carbon
chains with one unsaturation per chain. They are thus very
close in terms of molecular structure, differing in their main
transition temperature Tm, i.e., the temperature below which
the membrane is in the gel phase. As explained in the
Experimental Section, the growth chamber containing the red-
labeled, spread lipid film is filled at 4 °C with a dispersion
containing first-generation, green-labeled GUVs, which are
allowed to sediment overnight. Thus, this stage of the second-
generation growth process occurs in the fluid phase for DOPC,

Table 1. Fluorescence Amount per Unit Membrane Pixel
Length, Relative Units with Respect to the Pixel Saturation
Intensity, As Measured from the Analysis of GUVs
Containing 0.5% NBD-PE, 0.5% LRhod-PE, or a 1/1
Mixture of Both Probes (0.25%, mol/mol, Concentration of
Each Probe)a

fluorescence per pixel (fraction of max
intensity)

488/515 nm 543/585 nm

0.5% NBD-PE 0.20 ± 0.01 no emission
0.5% LRhod-PE no emission 0.71 ± 0.05
0.25% NBD-PE + 0.25%
LRhod-PE

0.091 ± 0.015
(46 ± 8%)

0.315 ± 0.015
(44 ± 8%)

aHere results for GUVs of DEPC are given, but similar results were
obtained for DOPC. In the parentheses is given the fraction of probe
in the membrane relative to the reference probe concentration, i.e.,
0.5%, mol/mol, as deduced from the fluorescence intensity (a value of
50% is expected here).

Figure 3. Normalized diameter histograms of GUVs. Left and center columns: GUVs grown using the traditional electroformation method, designed
in this paper as “first-generation” GUVs. Green GUVs (488/515) incorporate 0.5%, mol/mol, NBD-PE lipid, and red GUVs (543/585) incorporate
0.5%, mol/mol, LRhod-PE lipid. The right column concerns GUVs/w/GUVs growth, i.e., the content of a “second-generation” growth cell, in which
LRhod-PE GUVs were electroformed in the presence of “first-generation” NBD-PE GUVs (see the text for the method).
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while it takes place in the gel phase for DEPC. As a result,
DOPC experienced spontaneous growth of red GUVs, while
DEPC did not, prior to the electroformation stage. Comparing
the results between these two lipids aims thus to identify a
possible role of spontaneous growth on electroformation. The
other lipids are saturated lipids. Hence, a comparison with the
two former lipids intends to establish a possible role of
unsaturations on electroformation-induced membrane fusion,
while comparison between the saturated lipids intends to clarify
the role of the chain length on this phenomenon. Again, the set
of saturated lipids chosen here contains one lipid with a Tm
value lower than the storage temperature (DLPC) to check the
possible role of spontaneous growth in the final result. Please
note that the Tm of DMPC is very close to room temperature,
at which growth was achieved, while the Tm of 15-PC is higher
than room temperature, so we electroformed 15-PC GUVs at a
higher temperature; here we worked at 50 °C.
Size Distribution of First-Generation GUVs. First-

generation GUVs were grown that contained a 0.5%, mol/
mol, concentration of fluorescent probe NBD-PE or LRhod-PE,
following the procedure described above. We built diameter
histograms of the GUVs transferred from the growth cell to an
observation cell (Figure 3, left and center columns). In
agreement with previous results from the broad literature that
exists in the field, GUVs obtained by electroformation were
often unilamellar, exhibiting a relatively broad size distribution;
here we obtain a distribution of 28 ± 10 μm for the GUV
diameter (Figure 3). We argue that the size distribution of our
GUVs does not depend on the lipid species. Indeed, though
some differences between the histograms might confuse the
reader in Figure 3, such as, for example, the coincidence of a
lower average value and a narrow histogram for NBD-PE
DMPC or LRhod-PE 13-PC or, on the contrary, a broader
histogram for NBD-PE DOPC or Rhod 15-PC, when
compared to the other histograms, none of these characteristics
remain on the histogram of the same lipid that contains the
other probe.
Growing GUVs in a Solution of GUVs of the Same

Lipid. Second-generation GUVs (LRhod-PE-labeled stacks)
were grown in the presence of first-generation GUVs (NBD-
PE-labeled) of the same lipid (Figure 2b). After the transfer of
the final GUVs into an observation chamber (see the
Experimental Section), we recorded confocal microscopy
images of the samples in both acquisition modes at 488/515
and 543/585 nm. The analysis of these images showed that, for
every sample, virtually all GUVs exhibited fluorescence in only
one of the “green” or “red” emission channels. In other words,
only a marginal number of them have fused into green + red
GUVs.
To better assess the size distribution of the different vesicle

populations, we compare in Figure 3 size histograms of first-
generation GUVs (left and center columns) and of GUVs from
GUVs/w/GUVs growth (right column). For computing the
histograms for GUVs obtained from GUVs/w/GUVs growth,
we considered those vesicles (more than 98% in number as
discussed below) that showed only “green” or only “red”
fluorescence. As the third column of Figure 3 shows, the
diameters of these red or green GUVs have sizes and
dispersions comparable to those of their first-generation
counterparts. We also measured the diameters of the rare
GUVs exhibiting fluorescence in both channels; we found that
the measured diameters also fall within the previous size ranges.
The distribution of these rare events is not shown in the figure

since their total number is too low to build a representative
histogram (see the Discussion below). Each growth condition,
corresponding to a given lipid and first or second generation,
was repeated three times, leading to similar results.
Interestingly, we also found a systematic asymmetry in the

total number of “red” GUVs as compared to the “green” GUVs
collected after GUVs/w/GUVs growth. Indeed, notwithstand-
ing a strict and careful protocol during our growth experiences,
to (i) collect most of the first-generation GUVs thanks to their
sedimentation in the storage vial, (ii) reinject all of them into
the second-generation growth cell, and (iii) finally collect as
many as possible of the GUVs contained in the GUVs/w/
GUVs growth cell, the total number of red GUVs is for all lipids
systematically lower than that of the green ones, in a red/green
proportion of 46/54 to within 10% (see Table 2, column 5).

For completeness of our analysis, we also attempted a
characterization of the rare events associated with GUVs that
display fluorescence in both the red and the green channels.
Figure 4 shows typical images of GUVs collected from a
second-generation growth cell. As explained above, the large
majority is of a unique color, but in the selected examples of
Figure 4 we also show some fused vesicles with both colors. By
observation of hundreds of GUVs (Table 2), we were able to
collect the following statistical data: With f GwG defined as the
fraction of GUVs whose membranes contained both red and
green probes, with respect to the total number of GUVs in the
sample, DOPC and DEPC, i.e., the unsaturated lipids, show the
highest value of f GwG; namely, f GwG is lower than 2%,
corresponding in practice to very few, i.e., less than ten vesicles
(Table 2). For the other lipids the fraction of GUVs with two
colors is even lower; i.e., f GwG < 0.5%, corresponding on the
whole to less than three GUVs (Table 2).

Growing GUVs in a Solution of LUVs of the Same
Lipid. GUVs were also grown in the presence of LUVs of the
same lipid, for all the lipids listed in the Experimental Section.
Figure 5 shows typical confocal images obtained under these
growth conditions. It can be seen that some GUVs encapsulate
LUVs, while others do not; this does not imply however any
modification of the method of analysis of the membrane
fluorescence. We analyzed the fluorescence content of the
membranes of ca. 200 GUVs per type of lipid. No GUV

Table 2. GUVs/w/GUVs Growth [Number of GUVs
Collected from a Second-Generation Growth Chamber,
Exhibiting Fluorescence Emission of 488/515 Only, 543/
585 Only, or Both Modes, i.e., Having Experienced
Membrane Fusion between Membranes Containing
Different Probes (Figure 1, p2 or p3)] and GUVs/w/LUVs
Growth [Number of Green GUVs]a

carbon chain
length,

number of
unsaturations

Tm
(°C)

GUV
growth
temp
(°C)

number of
GUVs in
GUVs/w/

GUVs (green/
red/bicolor)

number of
GUVs in
GUVs/w/
LUVs
(green/
bicolor)

DOPC di 18:1, cis −22 room 241/193/8 158/0
DEPC di 18:1, trans 12 room 186/152/6 187/0
DLPC di 12:0 1 room 159/142/2 218/0
13PC di 13:0 14 room 108/95/1 183/0
DMPC di 14:0 23 room 137/113/1 204/0
15PC di 15:0 33 50 173/133/2 164/0

aNo GUV had a detectable membrane with two colors.
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membrane exhibited any detectable fraction of green color.
Therefore, we conclude that no membrane fusion occurred
between second-generation, LRhod-PE-labeled GUVs and first-
generation, NBD-PE-labeled LUVs. This result is reported in
Table 2.
Please note in Figure 5 that GUVs encapsulate different

levels of LUVs, as shown by their green fluorescence content.
Some of them even exhibit a higher fluorescence than the
background. Such results have already been reported and
discussed elsewhere.6

LUV Behavior under Electroformation Conditions.
Finally, the analysis and comparison of the size distribution

of DOPC LUVs on one side, and DLPC LUVs on the other
side, show that no fusion occurred when LUVs were submitted
to electroformation-like conditions (see the Experimental
Section). Indeed, we found dH = 143 ± 5 nm (dH = 107 ± 6
nm) for freshly extruded LUVs of DOPC (DLPC), and dH =
141 ± 6 nm (dH = 104 ± 4 nm) for the same LUVs after they
were submitted to 3 h of electroformation-like conditions.

Discussion. In this work we have produced GUVs by the
electroformation technique from a “red-labeled” precursor film
of lipid in a growth solution that also contained preformed
GUVs or LUVs with “green” labels. The striking outcome of
our experiments is that these growth conditions do not lead to
any significant amount of GUVs with mixed fluorescent labels,

Figure 4. Typical images of GUVs collected from the GUVs/w/GUVs
growth method. Left column: 488/515 nm observation. Central
column: 543/585 nm observation. Right column: composite image.
The scale bars represent 20 μm. The arrow on the DEPC image shows
a mixed, “green + red” GUV.

Figure 5. Typical second-generation GUVs from GUVs/w/LUVs
electroformation for each lipid used in this study. No membrane
contained detectable green fluorescence. The scale bars represent 20
μm.
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as quantized in Table 2, leading to f GwG < 2% and f GwL = 0.
Also, the size distributions shown in Figure 3 are similar for
preformed and final green and red vesicles. This points to the
absence of fusion phenomena during electroformation, favoring
a scenario where vesicle growth proceeds by membrane
rearrangement, pathway p1 illustrated in Figure 1. We now
critically review this conclusion by considering the outcome of
other possible pathways summarized in Figure 1.
We first consider the possible fusion between a red growth

vesicle, still connected to the underlying lipid film by a “neck”,
and a preformed green vesicle, as shown by pathway p2 in
Figure 1. If fusion occurred, given the characteristic sizes of the
growing buds and vesicles on the order of several micrometers
and the typical diffusion coefficients of the lipids in a lipid
bilayer on the order of 1 μm2·s−1, one would expect the green
lipids to diffuse, during the 3 h of the experiments, into the lipid
substrate, thus contaminating the film and the resulting final red
vesicles with some diluted amount of green fluorescence. A low
amount of green fluorescence in red GUVs from GUVs/w/
GUVs growth was not observed in our case for any of the lipids.
We consider next the possibility of fusion between two

vesicles already formed, i.e., not connected by “necks” to the
lipid film below, as illustrated by pathway p3 in Figure 1. Let us
recall that, at time zero, all the vesicles already formed are
green-labeled. The vesicles that grow, detach from the film, and
appear in the population that we are now considering are red-
labeled. Obviously, the fusion events between any of the
vesicles from such a population should lead to (i) pure green
vesicles from green−green fusion, (ii) pure red vesicles from
red−red fusion, and (iii) vesicles with mixed green and red
colors from a green−red fusion, the fractions of each color
being proportional to the relative areas of the two merged
vesicles. The quantity f GwG, i.e., the fraction of mixed, “green +
red”-labeled GUVs in the final population, is thus, under fusion
pathway p3, expected to be a function of the relative
importance of each of these events, of the size distribution,
and of the number and sequence of the fusion events. Although
precise predictions for f GwG values under such a scenario are
beyond the scope of our analysis, it is straightforward to predict
some limiting situations. For instance, if detachment is fast
compared to fusion, and if only one fusion event occurs on
average per vesicle, one expects f GwG ≈ 0.5; that is, about half of
the vesicle population is expected to contain mixed colors.
Larger f GwG values are of course to be expected if a vesicle
undergoes several fusion events. If detachment is slow and only
one fusion occurs per vesicle, f GwG will be reduced by a
proportionality factor that depends on the detachment kinetics
and that can be easily estimated from the areas under the
supposed kinetic detachment curves, for instance, by a factor of
2 for linear kinetics and by a factor of less than 2 for
exponential kinetics. Here also, multiple fusion events would
lead to an increase of the f GwG values. In any case, pathway p3 is
also expected to lead to a significant amount of vesicles with
mixed fluorescent labels in the final vesicles, in contradiction
with our findings.
Our conclusion that no fusion occurs during electro-

formation is further supported by two other experiments.
First, electroformation from a red-labeled film made in the
presence of green LUVs leads to vesicles with no green
fluorescence and comparable GUV size distributions of
preformed and final vesicles. Second, electroformation does
not induce membrane fusion of (i) LUVs of DOPC, i.e., a
double, 18-carbon unsaturated lipid, and (ii) LUVs of DLPC,

i.e., the shorter, 12-carbon fully saturated lipid, as shown by
DLS experiments. Please note that the latter experiment, which
concerns only floating LUVs in electroformation-like con-
ditions, appears as borderline to the present study, justifying
that only two characteristic lipids of our lipid series (see the
Experimental Section) have been tested here.

■ SUMMARY AND CONCLUSIONS
In the present study we investigated the nature of events
leading to GUV growth during electroformation, such as the
one shown in Figure 1a. Our results show that these events,
which are generally referred to in the literature as “fusion
events”, are in fact bud merging, involving exclusively a
rearrangement of the membrane between two neighboring buds
without any bilayer fusion, as depicted by pathway p1 in Figure
1. Our results are quite robust with respect to the variation in
lipid chemistry. They are valid for the commonly used
physicochemical conditions for electroformation.4 They hold
for a variety of lipids with saturated and unsaturated chains,
from 12 to 18 carbons per chain, and thus for bilayers of
different thicknesses. They also hold for different preparation
conditions at which the lipid film spread on the growing surface
is exposed to preformed GUVs or LUVs. In particular, no
differences were observed when this temperature was changed
from values above to values below the main transition
temperatures of the lipid membrane, i.e., enabling or not
some spontaneous GUV growth to take place before electro-
formation started. More generally, the method described here,
though indirect, appears as an efficient way to check for
membrane fusion during various strategies of GUV growth. For
example, it has been recently reported that, in the presence of
ions (e.g., Ca2+), electroformation produces GUVs with a
decreased polydispersity. This has been interpreted as the result
of the transient accumulation at the water/lipid interface of
Ca2+, with a resultant spatial-tuned electro-osmotic flow.19

Applied to such growth conditions, our GUVs/w/GUVs
protocol might help to find out whether membrane fusion
takes place under such conditions.
Despite their robustness, our conclusions are not based on a

direct imaging of the membranes during electroformation.
Direct inspection of these mechanisms by 3D imaging of the
interfacial lipid structure comprising the substrate films, the
buds, and the formed vesicles is likely to become a reality soon,
given the pace of developments of fast confocal microscopes.
We certainly look forward to the first measurements of this
kind, and to a deeper understanding of membrane trans-
formations during electroformation.

■ ASSOCIATED CONTENT

*S Supporting Information
The Supporting Information is available free of charge on the
ACS Publications website at DOI: 10.1021/acs.lang-
muir.6b01679.

Movie M1 showing typical “fusion-like” events during
electroformation at a time interval between succeeding
images of 0.73 s (scale bar 10 μm) (AVI)
Movie M2 showing typical “fusion-like” events during
electroformation at a time interval between succeeding
images of 0.36 s (scale bar 10 μm) (AVI)
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Chapter 2.  
Structural and dynamic properties of GUVs 

 2.1 GUV under oscillatory shear [6], [t4] 

 Context: while the physics of a fluid membrane at equilibrium is well understood, the behavior of 
such membrane in presence of an external mechanical stress is still a matter of research. In particular, the 
behavior of GUVs in various types of hydrodynamic flows has been scrutinized on theoretical, experimental 
and numerical points of view. For example, tank-treading and tumbling motions, two regimes of strong 
deformations in a linear shear flow, are now well understood. Reference [Abreu_2014] is an exhaustive 
review on the subject. 

 I developed an original device enabling to measure the tension and the projected area of a GUV 
submitted to an oscillatory, low amplitude shear flow. This device brought to light for the first time the 
interaction between such shear stress and the thermal fluctuations of the membrane. The technique 
associates a micropipette aspiration device for membrane tension and projected area measurement, and a 
piezoelectric device for the application of the shear stress. In that geometry, the shear stress is applied to 
the fluid surrounding the GUV. The whole is mounted under an optical microscope (Fig. 2.1).   

Figure 2.1  : Scheme and picture 
of the alternate shearing  device 
installed  under  an  optical 
microscope,  with  a  GUV 
maintained  at  an  average  fixed 
position  by  the  means  of  a 
micropipette [t4].

 In that study individual GUVs were submitted to low amplitude alternate shear flows, of various 
frequencies and peak-to-peak amplitudes, such that no visible (or only very low amplitude) displacement or 
deformation of the GUV could be observed.  

 In a first configuration, a GUV was held sucked under a controlled, fixed tension by the means of 
the micropipette, and various shearing conditions were applied, peak-to-peak amplitude, oscillatory 
frequency, and GUV-to-moving surface distance being the control parameters (Fig. 2.1 left). Altogether, 
those three parameters define the value of the shear strain rate  . It was seen that, under fixed suction 
pressure, the membrane apparent (i.e. projected) area increases with  , returning back to its original value 
when the imposed shearing was stopped. This is compatible with an effect of shear-induced de-wrinkling of 
the membrane fluctuations, observed as a release of part of the excess area stored in those undulations.  
 In a second configuration, a permanent   value is imposed, again obtained from a fixed set of the 
peak-to-peak amplitude, oscillatory frequency, and GUV-to-moving surface distance parameters, and a 

·γ
·γ

·γ
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classical micropipette aspiration experiment is performed so as to measure the bending modulus of the 
membrane. It was seen that the membrane exhibits an apparent bending modulus   that depends on 
 .  
 Results from that two experimental configurations are summarized in Fig. 2.2 [6], that shows the 
decrease of   with  . It was then possible to define a new constitutive law for a fluid, fluctuating 
membrane, in presence of an external oscillating shear stress. The well known Helfrich law, that relates the 
membrane tension   and its relative projected area increase  , is modified in presence of the shear stress 
as:  

     

In that equation,   is a reference tension, and   is a characteristic time.   can not be measured, due to 
intrinsic geometrical aspects of the experiment, and our results are well reproduced for a value of   of the 
order of 100 sec. Such value appears intuitively high with respect to what is expected from a fluctuating 
membrane: we have no justification for such a value. Other experiments, and theoretical calculations are 
necessary to clarify this point. 

 

Figure 2.2: Apparent bending modulus   of a 
membrane  submitted  to  permanent  oscillatory 
shear, in function of the shear rate �  [6][t4].

 2.2 Controlled adhesion of a GUV on a carpet of end-grafted, long DNAs  [11,17,24], [t9,t11] 

 Context: phospholipid membranes on the one side and λ-phage DNA on the other side are two 
model objects of the soft matter world. They both can be studied as individual objects, thanks to their 
relative ‘big’ size, by means of optical or micro-manipulation techniques, and they also can be observed in 
real-time. Though big, they however remain brownian objects, with a clearly observable microscopic 
behavior. Quantifying their properties (thermal fluctuations, behavior under stress, …) and verifying some of 
the constitutive fundamental laws of the physics of soft matter has been an objective of numerous studies 
during the past three decades.  

 Our research started in 2003, in collaboration with T. Gisler, from the University of Konstanz, and 
involved two PhD thesis [t9,t11], with the original idea of driving a phospholipid membrane in contact with a 
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single DNA. The chosen geometry is that of a flat substrate sparsely decorated with end-grafted λ-phage 
DNAs, over which diluted GUVs spread. The GUV-substrate interaction is controlled via the density of 
biological ligands, namely the biotin-streptavidin couple. Observation of the DNA molecules is done by 
means of fluorescence microscopy while the membrane-substrate region is observed using Reflexion 
Interference Contrast Microscopy (RICM). During that study I developed an original optical setup that 
enables to visualize an event under simultaneous fluorescence microscopy and RICM [11].  
 λ-phage DNA is perfectly well characterized: it has 42 k(base-pairs) and a 16 µm long end-to-end 
distance. We used biotin-end-grafted λ-phage DNAs and attached them to a streptavidin-coated substrate. 
Single-end grafted DNAs with a grafting density much below the overlapping concentration are seen in Fig. 
2.3a, the dynamics of such DNAs have been nicely described in [Lehner_2006].  
 In [t9] we studied the interactions of GUVs with single-end grafted DNAs: biotinilated GUVs (biotin/
lipid molar fraction in the range 0.00025 to 0.025) were let to sink towards the bottom surface by gravity, 
where they interacted with the streptavidinated substrate. When a GUV spreads above a grafted DNA, the 
scenario is that one depicted in Fig 2.3c. RICM enables to observe the membrane adhesion patch (Fig. 
2.3b), while fluorescence imaging shows the DNAs below and in the vicinity of such an adhesion patch 
(Fig. 2.3d). In the adhesion patch region, DNAs are seen to be mainly in a stable, radially stretched state. 
They have been stretched away by the membrane front during the adhesion stage, and definitely 
maintained is a stretched state by a narrow enough confining tunnel of membrane, that is stabilized by 
numerous biotin-streptavidin links. We named that process the adhesion-induced ‘stretching and stapling’ 
process. Adhesion patch diameters are of typical size 10 µm, i.e. of the order of the DNA end-to-end 
distance. As a consequence, many DNAs are only partly stapled below an adhered GUV, i.e. they present 
one coil, fluctuating end region, just outside the adhesion patch. In that region, the chain is confined 
between two walls: the substrate on one side, and the side-bottom part of the GUV membrane on the other 
side (the angle between the two walls depends on both membrane area and internal volume of the GUV). 
The quantitative analysis of the fluorescence distribution along such partly stretched DNAs (Fig. 2.3e) 
enables to know the fraction of DNA length that is trapped below the membrane, and consequently the 
level of DNA folding in the stapled region (sketched in Fig. 2.3f). An analysis over hundreds of DNAs 
enabled to measure the DNA folding degree in function of the biotin fraction in the membrane. The latter 
governs the kinetics of the adhesion patch growth, and thus delivers a relation between that kinetics and 
the stretching degree of the DNAs (Fig. 2.3g) [11].  

The DNA-membrane study was pursued in the frame of the PhD thesis [t11], where GUV adhesion 
on sparse carpets of double-end grafted DNAs has been studied. As shown in Fig. 2.4a, that geometry 
gives rise to three types of new shapes for the embedded DNAs: a majority of ‘loop’ shapes, and a fraction 
of ‘Eiffel tower’ and ‘hairpin’ shapes (Fig. 2.4a,b). We showed that the distance d, the projection of distance 
AB between the two grafted ends of a DNA onto the normal to the local radial direction, governs the shape 
of the embedded DNA (Fig. 2.4c). Though it was hard to obtain real time fluorescence images during GUV 
adhesion, we argue that the transition between Eiffel tower and loop shape is sketched by Fig. 2.5, where 
DNA and membrane are shown frozen at an early moment of the DNA stretching, and the pushing force 
exerted by the membrane front on each DNA strand is represented by an arrow. While that force is 
expected to be radial, i.e. normal to the local membrane front, as it was shown in case of a single end-
grafted DNA, our results are compatible with an inwards oriented force below a threshold distance between 
the two DNA grafting points (Fig. 2.5). Such situation appears similar to the one existing with two particles 
floating on the liquid/air interface: below some inter-particle distance are the two particles submitted to a 
net attraction interaction, due to capillary forces. 
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Figure 2.3 : a) Averaged fluorescence micrograph 
of  single-end  grafted  DNAs  (image  width  is  10 
µm). b) RICM image of an adhered GUV on the 
substrate as in a) (bar is 5 µm). c) Scheme of the 
adhesion process of  a GUV over a sparse DNA 
carpet;  the  arrow  represents  time  evolution.  d) 
Fluorescence  micrograph  of  the  GUV adhesion 
zone. e) Zoom over a stretched and stapled DNA, 
and  3D  representation  of  the  corresponding 
fluorescence light intensity. f)  Scheme of various 
folding  degrees  of  the  stretched  DNA chain.  g) 
Evolution of the folding degree (n) in function of 
the biotin/lipid fraction in the membrane [11].

Figure  2.4  :  a)  Fluorescence 
micrograph  centered  on  an  adhered 
GUV.  The  substrate  is  covered  by  a 
sparse  carpet  of  double-end  grafted 
DNAs. The red circle is the adhesion 
patch  border,  below  which  various 
stretched  and  stapled  DNAs  can  be 
found. b) Classification of the various 
DNA shapes.  c)  The  distance  d,  i.e. 
the projection of  AB on the normal to 
the local radial direction, controls the 
final DNA shape: hairpin, Eiffel tower, 
or loop. A and B are the grafted ends 
of the DNA, C is the GUV center [24].

Figure 2.5 : sketch of the scenario for the formation of Eiffel 
towers  (left)  and  loops  (right).  Arrows  represent  the  overall 
force exerted on the DNA strands by the advancing membrane 
front, here from bottom to top direction [24]. 
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 A statistical analysis was done over more than a hundred loop-like DNAs (Fig. 2.4a, 2.6d), from 
which a scenario for the DNA stretching and stapling during GUV adhesion was built. Please note that the 
analysis concerns final, stable DNAs, imaged after the GUV adhesion ended, such that low noise, average 
images could be taken. Indeed real time sequences of an adhesion process are hard to catch and deliver 
poorly resolved images. The skeleton of each DNA was first extracted from the fluorescence micrographs 
(as in Fig. 2.6a), and the fluorescence intensity along the molecule was analyzed and converted into the 
monomer density along the molecule. The DNAs that are totally embedded below the membrane exhibit a 
rather constant fluorescence intensity density all along the loop (Fig. 2.6c,d): this suggests that the 
stretching of the DNA and its confinement in the membrane tunnel take place at equilibrium. The mean 
stretching degree varies with the biotin content of the GUV (that drives the adhesion kinetics), but the 
DNAs are always highly stretched, above 0.8. The analysis reveals an unexpected behavior. Starting from 
each grafted end of a confined DNA, the strand is first oriented towards the radial direction over some 
distance from the grafting point, similarly to single-end grafted DNAs. This radial stretching regime ends for 
both strands at the same distance to the GUV center, with a sudden turn inwards, corresponding to the 
closing of the loop (Fig. 2.6a,c,d). Assuming that the lineic monomer density remains constant during the 
stretching process (as seen in Fig. 2.6c,d arrow), one can reconstitute the whole scenario of the DNA 
stretching from the final images, in particular one gets the stretching degree of the part of the DNA that 
remains unconfined and pushed away by the advancing membrane front at any stage of the adhesion (Fig. 

2.6a). Fig. 2.6b reports the stretching degree   of that part of the DNA at the loop closing step, i.e. 
when the membrane front reaches points T and Q in Fig. 2.6b. Interestingly we get a rather constant value 
 . In other words, each of the two strands of a doubled-end grafted DNA undergoes a 
radial stretching up to a point where the unconfined fraction of the DNA in front of the GUV reaches the 
stretching degree  . Then the transition takes place, and the ‘hat’ of the loop starts to form. 
This is clearly counter intuitive. One would indeed expect that the two strands get closer and closer while 
the GUV adhesion progresses, since they are submitted to an increasing, inward tension force, originating 
from the increasingly stretched state of the coil part of the DNA that is pushed away in front of the 
advancing membrane. I realized a step-by-step simulation program with the expected forces at play (Fig. 
2.7a) [24], that delivers loop shapes as in Fig 2.7b, i.e. shapes that do not correspond to what is observed. 
On the contrary, introducing a threshold lateral force that exactly opposes to   (Fig. 2.7a) due to the 
stretching of the coil part of the DNA up to some transition point, indeed delivers DNA shapes as the ones 
observed (Fig 2.7c) [24]. 
 To conclude, the geometry of the DNA loops systematically shows a transition between a first, 
radial stretching regime, as the one observed for a single-end grafted DNA, followed by second step of loop 
closing. At the transition between first and second regime is the stretching degree of the coil part of the 
DNA, located in front of the advancing membrane, surprisingly constant with the value  . That 
value is associated to the presence of a threshold force, parallel to the membrane, as explained in Fig. 2.7. 
This force is unexpected in the frame of a fluid membrane, and we have no explanation for such 
phenomenon [24]. 
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Figure 2.6  :  a)  dots  are the contour of  a stabilized and totally  confined DNA under an adhered GUV. When the 
membrane has reached points T and Q does the radial stretching regime stop. The contour length of the free-to-fluctuate 

part  of  the  DNA  in  front  of  the 
advancing membrane is known if one 
considers  the  lineic  density  of 
monomers to be at equilibrium during 
the whole DNA stretching process. b) 
stretching  degree  of  the  free  to 
fluctuate  part  TQ  of  the  DNA  over 
more than hundred DNAs. c) et d) two 
consecutive fluorescence images of  a 
movie:  the  membrane  front  is  not 
visible and is  sketched by the dotted 
curve in c) [24].

Figure 2.7 : a) step [i] of the simulation program of the membrane adhesion over a double-end-grafted DNA. M[i] is 
the point where the DNA strand emerges from the adhesion patch. In the AM[i] segment (A=grafted end position) is the 

DNA confined: its stretching degree is that of the 
final, stabilized molecule. The tension force along 
that  DNA strand,  � ,  is  calculated thanks  to 
the confined Marko-Siggia equation given in [24]. 
The  contour  length  of  the  section  of  the  coil-
shaped fraction, located in front of the advancing 
membrane, is also known, and thus, the internal 
force �  is also known (Marko Siggia equation 
for a partially stretched gaussian chain). Finally 
is  the  force  exerted  by  the  membrane  �  
supposed to be constant and radial all along the 
process. b) Simulated DNAs for various values of 
�  ( �  units),  �  being  the  persistance 
length of the DNA molecule. c) Simulated DNAs 
in presence of a force opposed to �  as long as 
� ,  for  various  coupled  values  of 
�  and  � .  Only  the  profiles  in  c) 
correspond  to  DNA  profiles  observed  in  our 
experiments, as shown in d) [24].
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 Last but not least, our experiments brought to light interesting configurations of partially confined in 
a limited 3D space, coiled DNAs. While single-end grafted DNAs (Fig. 2.8a) have been well described 
[Lehner_2014], double-end grafted ones (Fig. 2.8c) are to our knowledge much less described. Particular to 
our experiments are other geometries, directly issued from the membrane-DNA interactions: pear shapes 
(Fig. 2.8b) and banana shapes (Fig. 2.8d) correspond to non-entrapped parts of stretched and stapled 
DNAs, confined between the flat, bottom wall, and the vertical (or inclined) membrane wall. Figure 2.8 
shows real fluorescence images of such DNAs and the corresponding models from theoretical formula 
(collaboration C. Marques). A paper is under preparation, that will also include numerical simulation results 
(collaboration with J. Sarabadani). 

 

Figure 2.8 : a) sketch of a single-end grafted DNA, in a half space, and corresponding fluorescence images. b) same 
DNA, in a quarter space. c)  sketch of a double-end grafted DNA, in a half space, and corresponding fluorescence 
images. d) Same type of DNA, in a quarter space [under preparation]. Fluorescence images in b) and d) do not exactly 
correspond to an ideal situation as in the model above: the angle between the membrane and the substrate is not 90° 
(unpublished).
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Rheology of Giant Vesicles: A Micropipette Study

N. Fa, C. M. Marques, E. Mendes,* and A. P. Schröder
LDFC-CNRS UMR 7506, 4 rue Blaise Pascal, 67070 Strasbourg Cedex, France
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We develop a micropipette rheometer to study the effect of oscillatory shear flow on the spontaneous
fluctuations of phospholipid bilayers. Our results on giant vesicles show that oscillatory shear flow leads
to a suppression of membrane fluctuations. They also imply that the Helfrich equation is modified in the
presence of the flow. This equation, a fundamental constitutive relation between the amount of area
stored in the fluctuations and the membrane tension, must be supplemented under oscillatory shear by a
flow excess function that we determine.

DOI: 10.1103/PhysRevLett.92.108103 PACS numbers: 87.15.Ya, 05.70.Np, 68.03.Cd, 87.16.Dg

Fluid bilayers are prevalent in many natural and indus-
trial colloidal suspensions [1]. Self-assembled from phos-
pholipids and other surfactant solutions, they build in the
biological realm the walls of liposomes and cells [2]. In
cosmetics, pharmaceutics, or detergency, formulations of
membrane solutions not only allow for the transport and
release control of other chemical constituents such as
drugs and scents but also help to control solution stability
and flow properties [3,4]. The behavior of fluid bilayers in
quiescent solutions is now well understood. Following
seminal work by Helfrich [5] who first recognized the
importance of the membrane bending elasticity, extensive
theoretical and experimental studies contributed to the
writing of one of the finest chapters in modern statistical
physics of soft condensed matter [6]. Surprisingly, much
less is known about the physics of single bilayers under
flow, in spite of the ubiquitous presence of flow fields
when membrane systems are formulated, conditioned,
transported, and employed. In this Letter we report for
the first time a measure of the flow effect on the Helfrich
equation, the fundamental constitutive relation of fluid
bilayers. This relation states that, although bilayers self-
assemble from solution and should as such be tensionless
objects, thermal fluctuations require some of the available
membrane surface, thus reducing the projected area and
generating tension. The Helfrich equation, connecting the
relative excess area and the membrane tension, reads in
the absence of flow

A! Aa

Aa
" kBT

8!kc
ln
!
"0

"

"
; (1)

where A is the actual area, Aa the apparent, projected area
[5,7], kc a membrane material parameter describing the
bending elasticity, " the actual tension on the membrane
and "0 some fixed, reference value for the tension [8]. A
micropipette apparatus first developed by Evans [9] ex-
ploits this relation for giant vesicles, large enough
(10–100 #m) to be studied in the optical range. In this
geometry, sketched in Fig. 1, a cylindrical pipette of
internal radius r holds the vesicle with some pressure
difference !P. The vesicle, originally in a spherical shape
of radius R0, acquires also a cylindrical component of

length L! r and a hemispherical cap of radius r. These
geometric quantities and the Laplace law [10] allow a
simple test of Eq. (1). One usually plots the relative excess
area difference $ " #Aa ! Aa

0$=Aa
0 as a function of the

measured tension ", where Aa
0 is the optically measured

surface at some initial value of the tension and Aa is the
optically measured surface for consecutive tension values
". The linearity of the %$; log"& plot confirms the validity
of the Helfrich relation and provides an operational
method for extracting the value of the bending modulus
kc from the plot slope, as will be shown below.

We study the effect of flow on the Helfrich Eq. (1) by
developing a micropipette rheometer (MpR), sketched in
Fig. 1. The vesicle is held by a micropipette under a
pressure difference !P, above a flat, fixed surface. A
second flat surface, of lateral dimensions much larger
than the vesicle, is held parallel to the bottom surface,
at a distance e. Lateral movement of this surface with
amplitude % and frequency f creates an oscillatory flow
field in the gap characterized by some shear rate _&&. We
will show below that the vesicle behavior under the flow
stress can be well described by a modified Helfrich

FIG. 1 (color online). A typical experimental configuration
for a micropipette rheometer. The vesicle of initial diameter
2R0 is held close to the bottom surface by the suction of the
micropipette. The membrane is sucked into the micropipette
acquiring the geometry of a cylinder capped by a hemisphere.
The distance from the micropipette tip to the hemisphere top is
L, and the internal diameter is 2r. The top surface moves
perpendicular to the micropipette axis.
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relation of the form

A! Aa

Aa
" kBT

8!kc
ln
!
"0

"

"
' F# _&&;"$: (2)

In the following, we discuss the structure of the flow
excess function F# _&&;"$ after describing the main aspects
of the micropipette rheometer and the associated experi-
mental conditions.

Giant vesicles were prepared by the electrofor-
mation method [11]. The 1,2-Dioleoyl-sn-glycero-3-
phosphocholine (DOPC) phospholipids were purchased
from Avanti and used without further purification. A
chloroform solution of DOPC at 0:2 mgml!1 was then
spread on a ITO covered glass and dried under vacuum for
10 h. A second identical glass plate was used to cover an
incubation chamber delimited by a ring of Sigillum wax
(Vitrex, Copenhagen, Denmark) and filled with a 0.1 M
solution of sucrose. An ac voltage of 5 V and 10 Hz was
applied across the 1 mm chamber gap for about 3 h. The
vesicles were then transferred into the observation cham-
ber filled with a glucose solution of 0.102 M. The slight
density difference between the inner and outer solutions
drive the vesicles to the neighborhood of the bottom plate
where they can easily be handled and observed. The
concentrations of glucose and sucrose osmotically match
the inner and outer solutions, and avoid swelling or de-
swelling of the vesicles. Images are obtained by a Nikon
inverted microscope Eclipse TE200, with a charge-
coupled device Hamamatsu C5405 camera. A micro-
pipette driven by a xyz shaft of 1 #m precision is brought
into contact with a chosen vesicle, and then a pressure
difference is applied through a hydraulic system [12]. The
measurement by a liquid-liquid pressure transducer
(DP103-08, Validyne, SEI3D, USA) allows for a pressure
precision of 10!2 Pa.

In the absence of flow, the MpR reproduces classical
results from a micropipette apparatus. Micropipettes are
prepared with an internal radius close to 5 #m. Pressure
increments of at least !P " 0:03 Pa are applied to the
vesicle, leading to a corresponding increase of the total
length L of the vesicle drawn into the micropipette.
Because the total volume enclosed by the vesicle re-
mains constant throughout our experiments, the value
of the relative excess area difference is given by $ "
#R2

L ' rL=4$=R2
0 ! 1, where R0 is the radius of the free

vesicle, RL is the outer radius of the vesicle given by vol-
ume conservation R3

L " R3
0 ! r3=4! 3r2L=4, and other

quantities have been defined above. Similarly, the value of
the tension is given by " " !P=2 ( r=#1! r=RL$. As
expected, in the absence of flow, there is a linear relation-
ship between the logarithm of the tension and the relative
excess area difference $. We performed similar experi-
ments for a series of 15 different vesicles, obtaining an
average value for the bending modulus kc " 22 ) 3kBT,
close to values reported in the literature [13]. In practice,
the Helfrich relation is obeyed only in a finite range of the

tension, corresponding typically in our experiments to $
values in the range %0; 0:03&. Above a certain value, most
of the excess surface has been consumed, and one starts to
stretch the actual membrane, deviating from the fluctua-
tion logarithmic region of the $#"$ curve. All the experi-
ments described below were performed in the fluctuation
regime.

As explained above, the MpR was designed to measure
flow field effects on the vesicle behavior. The flow is
imposed by the movement of the upper plate, parallel to
the lower surface and perpendicular to the micropipette
axis — see Fig. 1. The upper plate is a rectangular glass
slide of dimensions 5 ( 5 ( 0:17 mm3, driven by a piezo-
electric actuator PiezoJena PX400, coupled to a function
generator Agilent 33120-A. Typical experiments are per-
formed by imposing an oscillatory motion of the form
%#t$ " %0 sin#2!ft$, with amplitudes %0 and frequencies f
in the ranges 0:7< %0 < 5 #m and 0:1< f < 10 Hz.
Also, the distance e between the upper and the bottom
plates, fixed during an experiment, is typically in the
range 0:5< e< 2 mm. Note that in the absence of a
vesicle, a pure shear flow is generated far from the plate
borders, with a flow velocity profile vx " _&&#t$y, where the
coordinate system #x; y; z$ has its z axis parallel to the
micropipette axis, and x is in the bottom plate. Such flow
is characterized by a single quantity, the shear rate _&&#t$
that is a combination of amplitude, frequency, and gap
thickness, _&&#t$ " _&& cos#2!ft$, with _&& " 2!f%0=e [14].
Under typical conditions, shear rates span the range
10!4 < _&&< 10!1 Hz.

The MpR can be operated in several different modes
that we now describe. In the fixed pressure mode, an
initial suction pressure is applied to the vesicle in the
absence of flow and then kept constant under flow. The
suction pressure is low, typically of the order of 0.03 to 0.1
Pa, well within the fluctuation regime. Under an oscilla-
tory flow, the length L of the vesicle section inside the
micropipette increases. A modification of the flow con-
ditions imposed by a new chosen amplitude or frequency
is followed by relaxation in a few seconds towards a new
L value. Such modifications are reversible; an amplitude
or frequency cycle allows one to recover consistent, path
independent L values. As shown in Fig. 2(a), the relative
excess area difference $ increases linearly with the shear
amplitude %0 when the shear frequency f is kept constant,
and with f at fixed %0. The linear dependence holds as far
as the associated $ values stay within the fluctuation
regime. We investigated the behavior of many different
vesicles, choosing for this particular set of experiments
0:75< %0 < 5 #m, 0:1< f < 10 Hz, e " 1 mm, and e "
2 mm. Anticipating a key role for the shear rate, we dis-
play in Fig. 2(b) the values of the slope " " @$=@ _&& for
all the performed experiments. We stress at this point that
each experiment is performed with a different vesicle,
and the dispersion of slope values reflects thus a disper-
sion in some constitutive parameter of the vesicle. We
return later to this issue.
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A second mode of operation for the micropipette rhe-
ometer allows for performing the usual suction experi-
ment under dynamic conditions. For each experiment, the
vesicle is grabbed by the micropipette in the presence of
the flow, and then the suction increased as previously de-
scribed for quiescent conditions. We display in Fig. 3(a)
two suction experiments performed with amplitude %0 "
0:45 #m, at a fixed distance e " 1000 ) 5 #m from the
bottom plate, with frequencies corresponding to shear
rates _&& " 2:4 ( 10!3 Hz and _&& " 3:3 ( 10!3 Hz. An ex-
periment in quiescent conditions is also shown for com-
parison. As the figure shows, in the presence of flow, the
pressure displacement curve still follows a logarithmic
law but with a different slope that is shear rate dependent.
One can thus, for each shear rate, determine an apparent
curvature modulus kc# _&&$.We performed a series of experi-
ments in the shear rate range 7 ( 10!4 to 4 ( 10!2 Hz.
Values for the effective modulus kc# _&&$ are shown in
Fig. 3(b) where each point is an average over 5–13 differ-
ent vesicles. The experimental values are well described
by a function of the form

kc# _&&$ "
kc#0$

1 ' '0 _&&
(3)

as shown by the linearity of the curve, when we plot
kc#0$=kc# _&&$ as a function of _&&, with kc#0$ " 22kBT. The
best fit gives '0 " 143 s. The linear dependence of the
relative excess area difference $ with the shear rate,
shown in Fig. 2(a), the existence of an apparent modulus,
and its functional from Eq. (3) imply a flow contribution
to the Helfrich relation (2) of the form

F# _&&;"$ " '0 _&&
kBT
8!kc

ln
!
"1

"

"
(4)

with "1 a reference tension value that does not play any
role in the suction experiments at fixed shear rate. This
expression, which accurately represents our data, has
never been, to our knowledge, theoretically suggested or
discussed.

Our results demonstrate that the effect of oscillatory
shear flow is to reduce membrane fluctuations. This is
schematically shown in Fig. 4. In the absence of flow,
there is a linear relationship, displayed in the figure as a
dashed line, between the relative excess area (A! Aa$=Aa

and the logarithm of the tension, log%"&. Note that
the fluctuation regime holds only for "*"0, and that
the extrapolation point " " "0 where fluctuations com-
pletely unfold is nonphysical — see, for instance,
Refs. [5,8]. The flow excess function F# _&&;"$ adds a nega-
tive contribution to the relative excess area, thus reducing
the amount of membrane area stored in the fluctua-
tions. The slope of this contribution, depicted by the
dot-dashed line in the figure, is proportional to shear
rate. It holds for " + "1. An experiment performed at
fixed shear rate will follow the full line in the picture that
represents the sum of both contributions. On the other
hand, at fixed tension, one moves downwards in the
diagram along a vertical line, also reducing the amount
of stored area as the shear rate increases. The reference
tensions "0 and "1 do not play any role in a suction
experiment that measures only relative excess area dif-
ferences. On the contrary, the reference tension "1 plays a
role in the fixed tension experiments, determining the rate
at which the shear rate unfolds the fluctuations " "
@$=@ _&& " '0 log%~""="1&, where ~"" is the fixed applied
tension. The dispersion of the slopes " shown in Fig. 2
is therefore the expression of the dispersion in "1, which
spans the range 10!10<"1<10!5 Nm!1, with most of
the values close to "1 ,10!7 Nm!1. The physical ori-
gin of "0 is well understood [8]. It is formally related to
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FIG. 2. (a) Results for the increase of the relative excess area
difference in the presence of an oscillatory shear gradient of
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frequency, (-) fixed amplitude, movement along the micro-
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the upper cutoff of the fluctuation spectrum, and thus
represents the number of fluctuating modes stored in the
vesicle. A dispersion of the values of "0 reflects thus
variations of the preparation conditions. We argue that
"1 must be related to the smallest characteristic tension of
the membrane, associated with the lower cutoff of the
fluctuation spectrum. The dispersion of "1 values reflects
also inhomogeneities in vesicle formation.

Our results show that the flow perturbs significantly
the fluctuations for shear rates _&& larger than a typical
shear rate _&&0 " '!1

0 , with '0 of the order of a hundred
seconds. This is much larger than the longest relaxation
time for vesicle shape fluctuations [15], which is given by
the bending time 'K " (R3

0=kc ,0:8 s for a vesicle of
radius R0 " 20 #m. Our results under small amplitude
oscillatory flow are quite distinct from the cases of sta-
tionary shear flow, where distortion of the vesicle shape
has been observed [16] for _&&'K + 1, and where previous
theoretical work [17] has predicted an increase of the
fluctuations, with the resulting surface excess being es-
sentially stored in the lower, ellipsoidlike deformation
mode. Indeed, within the parameter range corresponding
to our working conditions, the flow does not induce any
optically discernible deformation of the vesicle but leads
to a very significant reduction of fluctuations. Also, our
findings are consistent with a linear dependence on shear
rate of the relative excess area, different from the qua-
dratic predictions for steady shear flow [17]. In related
membrane systems such as smectic lyotropics and sponge
phases, suppression of fluctuations has been experimen-
tally reported [18] and theoretically discussed within the
framework of phase transitions, as recently reviewed by
Marlow and Olmsted [19,20]. For ordered stacks, these
effects depend on experimental conditions such as the
orientation with respect to the flow or flow gradient
directions, or the details of the coupling between hydro-
dynamic flow and membrane deformation, but share a
common feature: fluctuations with average lifetimes

larger than the typical shear rate are convected by the
flow and effectively suppressed from the fluctuation spec-
trum. These predictions lead to characteristic times larger
than 'K by several powers of kc=#kBT$, and closer to our
results. A micropipette rheometer, first designed to in-
spect the behavior of vesicles under flow, thus appears
also as a useful tool to bring new insight to long-standing
dynamical issues in statistical physics of soft materials.
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Cell-adhesion events involve often the formation of a contact region between phospholipid membranes

decorated with a variety of bio-macromolecular species. We mimic here such hairy bio-adhesive

contact zones by spreading phospholipid vesicles onto surfaces carpeted with end-grafted l-phage

DNA. Our study reveals that the spreading front acts as a scraper that strongly stretches the DNA

molecules, and that the multiple bonds created during vesicle spreading effectively staple the stretched

chains in the gap between the membrane and the substrate. The scraping and stapling mechanisms

revealed here for the long DNAmolecules are expected to also play a role in actual bio-adhesion events

of cell walls and tissues.

Introduction

Cell-adhesion events proceed by the formation of adhesive

patches, the regions where the cell membrane and the adhering

substrate are brought into intimate contact by ligand–receptor

bonds.1,2 The formation of such adhesive zones has been

explored in simple biomimetic systems by monitoring vesicles

of phospholipid bilayers with known amounts of ligands, as

they adhere on substrates with chosen densities of the corres-

ponding receptors.3 However, little is known about the actual

mechanisms and forces at play in the contact zone during the

spreading process, particularly for membranes of practical inte-

rest that host not only ligands and receptors, but are also densely

populated by many other bio-molecules.4 Bio-adhesion events

are known to be determined by the mobility, strength, binding

rate and lifetime of the discrete bonds that bring the two surfaces

together.5,6 The interplay of these factors is better studied in

biomimetic systems where the different parameters can be care-

fully tuned.7 We study the adhesion of giant unilamellar vesicles

(GUVs) onto functionalized substrates with end-grafted DNA

molecules. The vesicles are prepared by electroformation,8 from

a mixture of two lipids (Avanti Polar Lipids): 1,2-dioleoyl-sn-

glycero-3-phosphocholine (DOPC) and1,2-distearoyl-sn-glycero-

3-phosphoethanolamine-N-(biotinyl(polyethylene glycol)2000)

(DSPE–PEG2000–biotin) in different ratios. The vesicles

interact with a glass substrate covered with streptavidin (see

methods), a complementary receptor of the ligand biotin: the

biotin–streptavidin pair forms a bond of more than 30 kBT, one

of the strongest bio-recognition affinities.9 The streptavidins on

the substrate also anchor biotinilated l-phage DNAs, with

average end-grafting density of ca. 1 per 5 mm2, well below the

surface overlapping concentration. l-DNA was stained with

YOYO-1 (Molecular Probes), which is an intercalation fluores-

cent dye.10 We developed a new optical microscopy setup

described in the method section, in order to observe simulta-

neously the adhesion of a giant vesicle on the glass substrate

and the conformations of the grafted DNA molecules. The setup

allows collecting images in two different observation modes. The

first mode carries information from the interferences between

the light reflected partially at the glass–water interface, and

that reflected at the water–membrane interface. Such interfer-

ence picture is similar to that obtained by reflection interference

contrast microscopy (RICM),11 and provides information on the

membrane substrate distance. The second acquisition mode

provides a fluorescence image of the DNAs. The setup allows

acquiring simultaneously images in the two modes at roughly

3 images per second.

Results and discussion

The adhesion patch formation and the DNA stretching

We show in Fig. 1 typical RICM and fluorescence images of one

spread giant vesicle. The vesicle bears 2% of functionalized lipids

corresponding to a ligand surface density s ¼ 1 per 36 nm2. The

adhesion patch is shown in Fig. 1a as a dark grey region, here

with 22 mm average diameter. Fig 1b shows the corresponding

fluorescence image. End-grafted DNA molecules outside the

adhesive patch appear in the image as bright dots of roughly

one-micrometre size. In the real time images of the movie avail-

able as ESI‡, these dots display confined Brownian motion as

expected from end-grafted polymers.12 DNA molecules within

the patch are displayed as bright stripes oriented along the radial

direction. These stripes end by a brighter dot-like region that we

name the DNA ‘‘head’’, close to the patch periphery. In real time

images, the stripes exhibit a vanishing mobility whereas the

heads display confined Brownian motion similar to molecules

outside the patch. One can also observe in the case of dense

carpets a small number of collective spreading events where
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Loess, BP 84047, 67034 Strasbourg cedex 2, France; Fax: +33 388 414
099; Tel: +33 388 414 005
bLaboratório Nacional, Luz Sincrotron, Campinas, SP, BR-13084971,
Brazil
cFachbereich Physik, Universität Konstanz, Fach M621, Konstanz, 78457,
Germany
† The HTML version of this article has been enhanced with colour
images.
‡ Electronic supplementary information (ESI) available: A movie
showing the spreading of a GUV over a DNA carpet. See DOI:
10.1039/b715530a

828 | Soft Matter, 2008, 4, 828–832 This journal is ª The Royal Society of Chemistry 2008

PAPER www.rsc.org/softmatter | Soft Matter

Pu
bl

is
he

d 
on

 2
0 

Fe
br

ua
ry

 2
00

8.
 D

ow
nl

oa
de

d 
by

 U
ni

ve
rs

ité
 d

e 
St

ra
sb

ou
rg

, S
er

vi
ce

 C
om

m
un

 d
e 

la
 D

oc
um

en
ta

tio
n 

on
 0

6/
03

/2
01

4 
10

:0
4:

22
. 

View Article Online / Journal Homepage / Table of Contents for this issue

47



two DNA chains originally grafted nearby stretch as a single

chain and split later on into two independent branches. The

images in Fig. 1 show thus that spreading induces radial forces,

strong enough to stretch the DNA chains. In order to reveal the

intimate mechanisms that govern spreading we used our new

optical setup for simultaneously acquiring RICM and fluores-

cence images.

The adhesion process is sketched in Fig. 2a, starting with the

formation of the few first ligand–receptor bonds. The nucleated

adhesion patch has a roughly circular shape, and it grows

radially as the spreading front scraps the DNA molecules that

it finds on its way. Spreading slows down exponentially as the

patch radius approaches its final value. Fig. 2b shows details

of both the adhesion patch and the grafted DNAs at the same

location and time during three different spreading stages. A

complete movie of the spreading process can be found as ESI‡.

The upper half and lower half images display the same region

of the sample, presented for simplicity in a mirror configuration.

The upper half displays the fluorescence emitted by the DNAs

and the lower part is the corresponding RICM picture. The first

image on the left corresponds to the last frame acquired before

nucleation. The interference rings of the RICM image show

that the vesicle still has at this time a roughly spherical shape.

The second image in the middle shows an intermediate spreading

stage two seconds later. The adhesion patch is here shown as

a homogenous grey disk in the lower half image. For DNAs

with a grafting end under the adhesion patch, one can clearly

distinguish in the upper half image a fluctuating coiled head at

the border of the disk and a stretched stem connecting the

head to the grafting point. The stretched part is strongly

immobilized in less than one second, the time lag between three

successive frames. Immobilization is certainly due to confine-

ment by both the membrane and the biotin streptavidin bonds,

in a stapling-like process. The last picture on the right shows

the final state when the propagating front has stopped. The

improved quality of the image has been obtained here by averag-

ing over several tens of frames. The image clearly shows that

most of the DNAs under the patch have been scraped during

the adhesion process, a small number of chains remaining inside

the patch in a coiled configuration. The scraping action of the

propagating front is quantitatively analyzed in Fig. 2c. The left

plot shows the positions rh of a DNA headx and rf of the corres-

ponding nearest point on the grey disk border, measured with

respect to the geometrical centre of the disk. The rf curve displays

roughly exponential adhesion kinetics, typical of vesicle spread-

ing7 when diffusion of ligands does not play a significant role.

The characteristic spreading time is here of the order of ten

seconds. The right plot of Fig. 2c correlates rh and rf by

plotting the position rh of the head of the DNA as a function

of rf at successive times. It shows that the forces induced by

the front propagation start to act on the DNA chain when the

front comes within a few micrometres of the chain; from then

on, the chain head keeps its position to the fore of the front until

the propagation stops. The experiments show that a few

moments before nucleation, the motion of the vesicle towards

the surface induces a slight stretching of the DNA chains closer

to the bottom of the vesicle. The maximum shear rate induced by

a sphere of radius R at a distance h from the surface13 is written

as ġ ¼ ("9/16)(6R/h3)1/2dh/dt, giving under our conditions of

approach ġz 2 s"1. The DNA stretching that we observe in

Fig. 1 Typical RICM and fluorescence images obtained from a bio-

tinylated giant vesicle that has spread on a streptavidin-coated substrate

carrying also end-grafted DNA molecules: (a) RICM image; the dark

grey region corresponds to the membrane patch in close contact with

the substrate; (b) fluorescence image of the same substrate zone, showing

DNAs as bright structures. Scale bar represents 10 mm.

Fig. 2 Kinetics of adhesion patch formation. (a) schematic representa-

tion of the vesicle, substrate and DNAmolecules at three different stages;

(b) RICM and fluorescence images of the same surface region showing

front propagation and the concomitant DNA stretching and immobiliza-

tion; Scale bar represents 10 mm. (c) Comparison between the positions of

the patch front rf ( ) and of one DNA free head rh ( ), showing that the

vesicle spreading front scrapes the DNA carpet. Images were acquired at

3 images per second

x The meaning of rh is better seen in Fig. 4b, where the coil associated
with the DNA head is clearly imaged. We measure rh as the distance
from the periphery of the coil to the center of the patch.
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our experiments is comparable to that reported in previous

studies of tethered l-DNA molecules in shear flow14 at the

same shear rate. Once the nucleation has occurred, the adhesion

front propagates with an initial velocity that depends on the

ligand content and is here of the order of 10 mm s"1. Moreover,

the absence of interference rings – see middle image in Fig. 2b –

in the RICM pattern shows that the front has a steep angle larger

than 60#. Such steep angles are expected for fast membrane

spreading.15 Also, the absence of any grey level variation near

the adhesion patch edge shows that the rounding length x ¼
(k/g)1/2, where k and g are respectively the bending modulus

and the tension of the membrane, is smaller than our optical

detection limit z 0.2 mm. The nature of the hydrodynamic

flow generated by the progression of the membrane wall mixes

elongation and shear components. Since the membrane propa-

gates with a steep angle, the flow in front of it has a symmetry

similar to that of an incompressible fluid around an expanding

cylinder: the velocity is radial v(r)¼ r"1rf(t)drf(t)/dt and decreases

with the distance r from the centre of the patch.16 We can

conclude from both graphs in Fig. 2c that the DNA starts to

stretch from its undisturbed position at a point where the flow

velocity reaches ca. 3 micrometres per second, a value for which

our DNAmolecule is known to only stretch a few micrometres,17

consistent with the rh" rf values shown in the figure. Close to the

substrate the flow possesses a shear structure, with shear rate

roughly given by v(r)/h where h is the thickness of the patch

gap. For a maximum velocity of 10 mm s"1 and h$ 10 nm, the

shear rate takes a value g z 103 s"1 and decreases exponentially

to zero with the slowing down of the patch progression. Such

high shear rates can strongly stretch a DNA molecule.14 How-

ever, in our geometry, the high shear region is confined to the

immediate vicinity of the surface and of the propagation front.

Thus, flow forces at play certainly help to orient those DNA

segments closer to the front, but for the typical velocities of

spreading in this study there are no long-range hydrodynamic

forces able to stretch the DNA molecules more than three to

four microns away from the front. At the end of the spreading

process, the DNA molecules keep their final configurations for

hours; partially confined and stapled by the biotin streptavidin

bonds under the adhesion patch, and fully mobile for those

segments outside the patch. The differences that remain at long

time between rh and rf are likely due to several effects: steric

interactions between the molecule and the membrane, membrane

fluctuations, steep but finite spreading angle etc.

Statistical analysis of the final configurations

We study now the final configuration of the DNA carpet, from

a statistical perspective. We have performed experiments with

vesicles containing three different surface densities of ligands

s1 ¼ 1 per 3600 nm2, s2 ¼ 1 per 360 nm2 and s3 ¼ 1 per 36

nm2, and we display in Fig. 3 statistical results for the intermedi-

ate case s2. From all experiments, that concern tens of vesicles

for each biotin content, we extracted the positions of the

DNAs grafted sites ( ), of the DNA heads ( ) and of the patch

average radii rp ¼ rf(t / N). The centre of the circle is then

taken as the space origin and all dimensions are normalized

with respect to rp, which allows plotting in a single diagram in

Fig. 3a all the measured stretching events. The dominant

orientation is generated by the radial spreading forces. The

distribution in Fig. 3b shows the probability of finding a DNA

oriented between q and q + dq around the dominant (q ¼ 0)

radial orientation. The Gaussian shape is centred at q ¼ 0, the

width of the distribution is <q2> ¼ 0.19. Fig 3c shows the radial

probability density for finding grafted sites ( ) and chain heads

( ) between radial positions r and r + dr, where r is the distance

from the patch centre normalized by the patch radius rp. The

head ( ) radial density shows that a majority of the DNAs are

scraped to the patch border. The Gaussian distribution is due

both to the lack of circularity of the patch shape and to varia-

tions of the head position with respect to the patch border. A

few DNAs escape full scraping, the whole molecule remaining

confined within the gap. In most of such cases a frozen head-

like part can still be observed. The most significant feature of

the grafted sites ( ) distribution is a low-density region in the

centre of the patch. It indicates that GUVs tend to nucleate

in the DNA carpet glades. We now summarize the statistical

parameters of the distributions for the three biotin contents of

this study. The Gaussian width <q2> of the angle distribu-

tion assumes respectively the three values 0.19, 0.19 and 0.15

for the three densities s1, s2 and s3, a constant within

errors. Equally, the width (0.08, 0.125 and 0.15) and the mean

position (1.03, 1.04 and 0.95) of the renormalized head position

distribution do not show a significant variation with the

adhesion force.

Investigation of the adhesion dynamics

In order to investigate the interplay between the scraping front

forces that stretch the DNA molecules and the stapling effects

of the ligand–receptor pinning points, we analyse also the

relative importance of the fluorescence intensity in the stretched

Fig. 3 Graphical representation of the distribution of stretched DNA

under the adhesion patch. (a) The target-like picture displays the

DNA-grafting sites ( ), the DNA free ends or ‘‘heads’’ ( ), and the

end-to-end vector (-). The black circle corresponds to the adhesive patch

border, and the shaded rings show above-average probability densities

for the grafting sites (inner ring) and the chain heads (outer disk).

Data was collected from several tens of vesicles. (b) Distribution P(q)

of the orientation q of the end-to-end vector (-) with respect to the radial

orientation of the adhesive patch. The Gaussian bell is a fit to the data

with width (Dq) ¼ 0.19 radians. (c) Distribution P(r) of the grafting sites

( ) and free ends ( ) with respect to a normalized patch radius

r(
Ð
2prP(r)dr ¼ 1). The dashed lines are average densities.

830 | Soft Matter, 2008, 4, 828–832 This journal is ª The Royal Society of Chemistry 2008
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part of the chain and in the head. Fig. 4a displays a typical

fluorescence image of a stretched DNA molecule and Fig. 4b

displays the corresponding three-dimensional representation of

the intensity. The DNA segments confined within the adhesive

patch display a low, roughly homogeneous intensity. The free

head zone to the left of the dashed line in Fig. 4a shows

a much larger intensity. By integration of the fluorescence inten-

sities we get i1, the integrated intensity in the head and i2, the

integrated intensity in the stalk. The relative intensity inside

the patch is ir ¼ i2/(i1 + i2). By computing also the fraction lr
of the stretched DNA contour length in the patch, we can define

the contour length density n ¼ ir/lr. The value n ¼ 1 corresponds

to a fully stretched chain. We plot in Fig. 4c the value of n as

a function of the relative grafting position r ¼ rg/rp, where rg is

the distance of the grafting point to the centre of the patch, for

the three different biotin surface densities in our study. Raw

data appear noisy (inset in Fig. 4c) but averaged data (sliding

average with window size Dr ¼ 0.3) show that in the range rg
˛ [0.15 " 0.85] two regimes are present: n first grows linearly

with rg, and then reaches a plateau, that depends on the biotin

coverage. Thus, the biotin coverage s governs the DNA degree

of folding in the patch gap via two mechanisms: the shear forces

that act in the immediate vicinity of the advancing front and the

bonding surface density below the patch are at play in the first

regime, while the latter parameter seems to be the only one

governing the second regime. We can further notice on Fig. 4c

that the plateau value decreases with biotin coverage: n$ s"1/4.

These results will certainly be at the origin of future interesting

theoretical work. From a practical point of view, we can see

that within the range of adhesion strengths explored in this

study, the degree of DNA stretching can be tuned by ligand

content.

Conclusion

As a summary, our work uncovered the intimate mechanisms at

play when a bio-adhesive membrane spreads on a substrate

populated by large bio-macromolecules. When the bio-adhesive

membrane spreads by the well-known rolling-out movement of

the bilayer, as the many discrete ligand–receptor stickers

progressively bind it to the substrate, we found that the advanc-

ing front of the adhesive region effectively generates outward

forces on the bio-molecules anchored to the substrate, in a scrap-

ing movement able to fully stretch grafted DNA chains. Our

results suggest that the scraping forces have a weak hydro-

dynamic component acting over a few microns and a strong

steric component acting at membrane polymer contact. As the

bilayer rolls over a stretched section of the DNAs it also staples

it to the substrate, an inspiring collective mechanism that might

remind us of Swift’s Lilliputians stringing Gulliver to the ground.

The discovery of scraping and stapling mechanisms in adhesive

patch formation is likely to have a wide impact in bioadhesion:

it will not only provide new guidelines for designing experiments

and to devise new, more relevant biomimetic systems but it will

also distinctly contribute to a better understanding of cell

adhesion.

Experimental

Streptavidin-coated substrates

Glass coverslips (Labo Moderne, 24 % 24 mm) were first cleaned

with Piranha (50% concentrated sulphuric acid H2SO4 and

50% hydrogen peroxide H2O2 (30%)). The cleaned surfaces

were amino-functionalized by immersion in a mixture of 98%

ethanol and 2% 3-aminopropyltriethoxysilane (Sigma-Aldrich).

Followed a 30 minute exposure of the slide to a 8% solution

droplet of glutaraldehyde (Polysciences) and subsequent rinsing

with saline phosphate buffer (PBS). Streptavidin (Molecular

Probes) was dissolved in PBS at 4 mg ml"1. A droplet of this

solution was then deposited on the slide and rinsed after one

hour with Tris-borate–EDTA buffer (TBE).

Biotinylated vesicles

Vesicles were prepared by the electroformation method from

a mixture of two lipids (Avanti Polar Lipids): 1,2-dioleoyl-

sn-glycero-3-phosphocholine (DOPC) and 1,2-distearoyl-

sn-glycero-3-phosphoethanolamine-N-(biotinyl(polyethylene

glycol)2000) (DSPE–PEG2000–biotin) in different ratios. The

lipids were dissolved in a chloroform solution at a concentration

of about 5 mg ml"1 and then spread onto one of the walls of the

electroformation cell, made from glass slides with a metallic layer

of indium tin oxide (ITO). After drying under vacuum, a 150

mOsm kg"1 sucrose solution was injected into the cell and an

alternative electric field (10 Hz, 1.5 V) applied for one hour.

Vesicles were then diluted in a 155 mOsm kg"1 TBE solution

and dropped onto the DNA carpet.

DNA functionalization and grafting

Double-stranded (Fermentas) l-DNA (48502 base pairs) was

end-functionalized with a molecule of biotin at one end and

Fig. 4 Statistical information about the stretching imposed on the DNA

molecules by the scraping and stapling process. (a) Original fluorescence

image in grey levels. The DNA free end or ‘‘head’’ appears as a circular

region of higher intensity. The length of the DNA tail is here 6.3 mm. (b)

Three-dimensional representation of the same fluorescence intensity.

Total and partial intensities described in the text are computed as the

volumes under this surface. (c) Original (inset) and averaged values of

the contour length density n described in the text, as a function of the

normalized radial position of the grafted chain end r. Values of n

close to one indicate complete stretching whereas larger n values

show looser configurations. Stretching increases with surface density of

ligands s1 ¼ 1 per 3600 nm2 (-), s2 ¼ 1 per 360 nm2 (:) and s3 ¼ 1 per

36 nm2 (A).
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a molecule of DIG (digoxigenin) at the other end. This was

obtained by using two single-stranded oligomers (MWG-

Biotech), one labelled with biotin and the other labelled with

DIG. Each oligomer is complementary to one of the protruding

ends of l -DNAand canhybridize to the corresponding overhang.

After reaction, end-labelled l-DNA was separated from the

remaining free oligomers with a Nick column (Amersham).

The solution of l-DNA was diluted by adding TBE to decrease

the density of DNA onto the substrate. The resulting concentra-

tion of DNA was ca. 2 ng mL"1. l-DNA was next stained with

YOYO-1 (Molecular Probes), which is an intercalation fluores-

cent dye having a maximum adsorption at a wavelength of 491

nm and a maximum emission at 509 nm. The dye–base pair ratio

was 1 : 5,which increases the length ofl-DNAto 19.8mm(16.5mm
without fluorescent dye). Variation of the substrate incubation

time in DNA solutions from 30 minutes to 45 minutes allowed

tuning the desired density ofDNA.After incubation the substrate

was rinsed with TBE in order to remove unbound DNA.

Simultaneous RICM and fluorescence microscopy

Simultaneous observation of vesicle adhesion by RICM and of

DNA stretching by fluorescence was achieved using a home-

designed setup with a combination of filters and mirrors

mounted on a Leica DMR microscope. The sample is illumi-

nated in the reflection mode, using a mercury lamp (100 W),

through a 100% oil immersion objective (Leica, NA 1.3). A

band-pass filter (Omega Filters 455DF70) narrows the lamp

spectrum to the (425–490) nm range. The filtered light beam is

then partially reflected towards the sample by a dichroic mirror

(Omega Filters 500DRLP); the mirror is fully transparent above

510 nm, it reflects 100% of the light in the (440–480) nm range

and roughly 50% in the (425–440) nm range. Light in the (425–

440) nm range travelling back from the sample after reflection

is thus also transmitted through the same mirror with a transmis-

sion coefficient of roughly 50%. It is this wavelength range that

carries the reflection interference information. Light in the

(440–480) nm range excites the fluorophores (YOYO-1) in our

sample but is not transmitted (0%) back through the dichroic

mirror. Since this mirror is fully transparent above 510 nm, it

allows collecting the light emitted by the fluorophores. All the

light transmitted through the dichroic mirror is separated later

in the optical path by a 50/50 beamsplitter. The first beam crosses

a bandpass filter (Omega Filters 535AF45, (510–560) nm) and is

collected by a Hamamatsu C2400 video camera, providing the

fluorescence image. The second split beam is collected by a

Diagnostic Instruments NDIAG 1800 digital camera; it carries

information from the interferences between the light reflected

partially at the glass–water interface, and that reflected at the

water–membrane interface. The latter observation mode is

similar to the well known RICMmode, except that here, in order

to avoid a too strong light attenuation, no analyzer and polarizer

are used, and a larger bandwidth of light, i.e. (425–440) nm, is

collected for the interference pattern formation. However, this

does not modify the interferences pictures qualitatively. The

NDIAG camera is synchronized by the Hamamatsu video signal.

Simultaneous pictures are taken at approx. 3 images per second,

and recorded on a PC.
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Abstract. We have recently shown that the bio-mimetic adhesion of
Giant Unilamellar Vesicles on carpets of lambda-phage DNAs, grafted
by one end to the substrate, leads to DNA scraping and stapling. As
the lipid adhesion patch is built, outward forces stretch the DNA, while
adhesion patch formation staples the chains into frozen conformations,
trapped between the GUV membrane and the substrate. Analysis of
the scraped and stapled DNA conformations provides a wealth of in-
formation about the membrane/polymer interactions at play during
the formation of a bio-adhesive contact zone. In this paper we report
new phenomena revealed by scraping and stapling phenomena associ-
ated with the bio-mimetic adhesion of Giant Unilamellar Vesicles on
carpets of lambda-phage DNAs that were grafted to the substrate by
both ends. In particular, the peculiar shapes of stapled DNA observed
in this case, suggest that the membrane exerces not only outward radial
forces during patch formation, but is is also able to confine the DNA
molecules in the orthoradial direction.

1 Introduction

Phospholipid membranes are self assembled bilayers that host, in the cell plasma
membrane and in the cell organelles, a variety of bio-macromolecules for structure and
function. Bio-mimetic constructs of the cell membranes can be self-assembled from a
limited number of phospholipids and other molecules, in order to study cell adhesion
and other fundamental cell phenomena in a simple physical and chemical environment.
We have recently developed [1] a model system for understanding the different forces
at play during the formation of a bio-adhesive contact that typically implies a lipid
membrane with its adhesive binders, a complementary functional substrate and the
different macromolecular species that decorate both the membrane and the substrate.
Our experimental model consists in a bio-adhesive phospholipid vesicle that is

brought into contact with a carpeted surface of end-grafted lambda-phage DNAs.
During contact, the spreading front of the adhesive patch propagates outwards from
a nucleation center, acting as a scraper that strongly stretches the DNA chains. More-
over, the multiple adhesion bonds created during vesicle spreading effectively staple

a e-mail: andre.schroder@ics-cnrs.unistra.fr
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Fig. 1. (a) Typical landscape in the adhesion region of a GUV. The border of the adhesion
patch is given by the dotted circle and can be clearly identified in a Reflexion Interference
Contrast (RICM) image (not shown). Bar is 10 µm; (b) the four typical configurations
observed, and their relative fraction; (c) the projected distance d of the end-to-end distance
of the grafted DNA on the direction perpendicular to the adhesion radial direction: A and
B are the DNA grafting ends, C is the center of the vesicle adhesion patch.

the stretched chains in the gap between the membrane and the substrate, creating
a tunnel-like channel for the macromolecules. The trapped chain configuration starts
thus at its fixed, end-grafted point on the substrate, meandering through a forest
of short polymer bonds that connect the phospholipid membrane above the chain
to the protein bed below it, eventually exiting the adhesive gap to adopt a coil-like
configuration in the corner between the vertical vesicle wall and the protein surface.
This experimental geometry provides not only key information about chain con-

formations in the adhesive patch but also shows that forces induced on the chain by
the formation of the adhesive contact are a combination of solvent mediated shear
stresses and direct membrane interactions [1]. However, lack of force calibration has
precluded in previous experiments a quantitative analysis of the different forces in-
volved. In this paper, by combining experiments on double-end grafted DNA chains
with a numerical simulation of the spreading process we unveil the surprising features
of the formation of DNA stretched loops under the forces generated by the bilayer
adhesive contact.

2 Results and discussions

2.1 Adhesion landscape

A typical DNA landscape under an adhered vesicle is given by Fig. 1a, as observed
with fluorescence microscopy. The image is an average over circa one hundred images,
taken at the end of the adhesion process, when both the membrane and the DNAs
are in a long term, stable geometrical configuration. The dotted circle (red online)
in Fig. 1a sketches the limit of the adhesion patch, that cannot be visualized in the
fluorescence observation mode but can be seen in RICM picture. The surface end-
grafted DNA molecules are seen as bright objects. Inside the adhesion patch region,
the DNAs appear significantly elongated, as expected from stretching and confinement
by vesicle spreading [1]. Making statistics over circa eight hundred DNAs taken in the
adhesion patch region, we were able to classify the end-grafted molecules into four
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classes: single-end grafted (43%), and double-end grafted (57%), that can further be
classified into “hairpins” (10%), “Eiffel towers” (10%), and “loops” (37%) (Fig. 1b).
The proportion of single end-grafted DNAs quantifies chains with single biotinylated
ends. Outside the adhesion patch the grafted DNAs appear either as circular dots
of roughly one-micrometer size, or as slightly elongated objects with a mask-like
shape. The former correspond to single-end grafted DNAs and the latter to double-
end grafted chains.
Single-end grafted chains confirm our previous observation that the stretching

force exerted by the advancing membrane front during the adhesion is radially ori-
ented [1]. We also measured the relative quantities of each of the three kinds of DNA
configurations for double-end grafted chains (i.e. hairpins, Eiffel towers and loops)
as a function of the ligand density in the adhering GUVs. Surprisingly, these relative
fractions are roughly constant with respect to the ligand density (not shown). Thus
the relative formation of these different configurations is not influenced, within the
range of adhesion-bond density explored here (0.2–4 mole%), by the kinetics of vesicle
spreading.
The analysis of the double end-grafted chains revealed that hairpins correspond

to DNA chains with grafted ends almost perfectly aligned with the radial direction.
The distributions of “Eiffel towers” and “loops” (not shown) are well described as
a function of the projected orthoradial distance d between the two grafted ends of
the chain (Fig. 1c). We measured the following values for the projected distance d:
dEiffel = 1.0± 0.5 µm for “Eiffel towers”, and dloop = 1.6± 0.8 µm for “loops”. We
focus in this paper on the analysis of the loop-shaped DNAs.

2.2 Loops characteristics

This study concerns the analysis of final, time averaged images, obtained once the
adhesion process has stopped. Average images have a much better signal/noise ratio
than real time images, enabling improved image analysis. We analyzed between ten
and twenty DNA loops for each of the following values of the ligand density ρ in the
membrane, expressed as the biotin/DOPC molar ratio: 1/25, 1/50, 1/100, 1/200, and
1/500.
An example of two stretched DNAs trapped under the membrane is given in

Fig. 2a. We used a homemade program (see Experimental section) to squeletonize
each DNA image, and to measure its intensity profile, as shown in Fig. 2b. Here the
fluorescence intensity is represented as a function of the cumulated perimeter, i.e.
the curvilinear distance along the digitized molecule, starting from one reference end.
Figure 2b is typical of what we measured for all the DNAs: the fluorescence intensity
appears constant along the stretched, confined molecule, with a noise of circa ±10%.
We therefore assume that the monomer density is constant along a confined DNA
loop, corresponding to an homogeneous stretching degree of the double-end-grafted
molecule.
The average stretching degree of a stabilized, confined loop is αfinalconf = lapp/L0,

where lapp is the apparent perimeter of the squeletonized loop (i.e. the final value
of the cumulated perimeter in Fig. 2b), and L0 is the DNA contour length, taken
as L0 = 22.0 µm for λ−phage DNA with intercalated Yoyo [2]. For each value of
the biotin/DOPC fraction in the membrane ρ, the average value < αfinalconf > taken

over ten to twenty DNA loops is given in Fig. 3 as a function of 1/ρ. < αfinalconf >
is in the range [0.80..0.95], a narrow range indicating that the DNA loops assume
strongly stretched configurations. As allready reported elsewhere [1] for similar biotin
contents, the membrane front spreading velocity lies in the range 1..10 µms−1, that
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Fig. 2. (a) Two typical DNAs stretched and confined in the membrane-substrate gap of an
adhered DOPC GUV. The constrast has been enhanced. Bar is 5 µm; (b) intensity profile
along the molecule, measured as explained in the Experimental Section.

Fig. 3. Averaged value < αfinalconf > over typically ten to twenty DNAs of the loop average

stretching ratio αfinalconf = lapp/L0, as a function of 1/ρ.

corresponds to shear rates γ̇ in the range ∼102 to 103 s−1 for the end-grafted DNAs
(see the complete discussion in the Experimental section). Thus the caracteristic time
of shearing in the membrane substrate gap is higher than the slower relaxation mode
of λ-phage DNA, that has been measured to be of the order of 400 ms [3]. Last but
not least, the numerous biotin ligands populating the membrane surface rapidly bind
to the surface during spreading, building a tunnel that confines the elongated chain.
This explains the measured high values for DNA stretching < αfinalconf > in the present
configuration.
The squeletons of the DNAs of Fig. 2a are shown in Fig. 4a, with a rotation that

brings each loop symmetry main axis parallel to the vertical y-axis. We define θ as the
local orientation of a DNA squeletton, with respect to the y-axis, averaged over four
consecutive points (Fig. 4a). Figure 4b represents θ as a function of the cumulated
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Fig. 4. (a) Digital profiles of the two DNAs shown in Fig. 2. The profiles have been rotated
around the adhesion patch center, so to align the loop symmetry axis parallel to the y-axis.
At any place of the contour, the local angle θ with respect to the y-axis has been calculated
as the average orientation over four consecutive points. (b) θ versus cumulated perimeter,
starting from the left end of the rotated profile, for the two DNAs.

perimeter. As highlighted by the figure, for most of the DNA loops studied, the curve
of θ vs. perimeter can be divided in three, well defined regions, i.e. two ending plateaus
and a transition region in-between. Let T and Q be the transition points between the
ending plateaus and the medium region of the curve: reporting these points on the
corresponding loop unveils two straight segments AT and BQ, where A and B are
the two grafting points (see Fig. 4a). We observed that, for almost all the DNA
loops, these two ending segments converge nicely on the adhesion patch center, with
a precision of less than one micrometer. Thus, this characteristic loop shape seems
to indicate that during membrane spreading, from when the membrane front reaches
the grafting ends, up to when it reaches the two transition points T and Q (Figs. 4a
and b), the spreading imposes a purely radial stretching to the DNA, similarly to
what has been reported with single-end grafted DNAs [1], i.e. as if the two DNA
grafted ends were independent single-end grafted molecules. Note that the medium
“capping” region, bounded by the points T and Q, appears to be “V”-like shaped
for about 80% of the observed loops, and approximately hemicap-like, as shown in
Fig. 2a in the other cases.
The generic trend observed above is sketched in Figs. 5a and 5b. In Fig. 5a the

membrane did not reach yet the so-called “transition points” T and Q, and the
two DNA embedded “arms” display a radial orientation; each “arm” is in the one-
grafted-like stretching regime. In Fig. 5b the loop is in the “cap” formation stage.
From the experimental point of view, catching such events is possible but difficult.
First, the adhesion of a vesicle takes place in a few seconds only, depending on the
biotin/DOPC fraction in the membrane, that requires fast acquisition imaging of the
fluorescent DNAs, i.e. in low light intensity conditions. Secondly, since predicting
where an adhesion will take place is difficult, the sample has to be observed under
‘blind’ conditions, pending for an adhesion event, a period over which the fluores-
cent molecule YOYO bleaches, that decreases the signal/noise ratio in the image.
Figures 5c and 5d are typical real time images that confirm the sketches of Figs. 5a
and 5b. In Fig. 5c, the membrane front is represented by the dotted arc. The arrow
shows a DNA loop that is incompletely formed, typical of what is sketched in Fig. 5a.
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Fig. 5. (a) Sketch of the double-end grafted DNA being pushed away by the membrane
advancing front, during the “radial stretching” stage. The dotted arc corresponds to the
membrane position and the dotted straight lines sketch the membrane tunnels that confine
the two DNA ending segments. (b) Sketch of the molecule at a later moment, when the
molecule is in the “cap formation” stage. Dotted arc and straight lines sketch, as for (a),
membrane position and confining tunnels. (c) and (d) Fluorescence images of a DNA carpet
during membrane adhesion. In (c) the membrane front position is sketched by the dotted
arc. In (d) the membrane front is out of the field. The arrow represents the DNA of interest,
as well as the direction of membrane spreading. The two pictures are separated by 0.28 s,
typical of our maximum acquisition rate of circa 3 im./s.

Another loop is totally embedded below the membrane, a single-end grafted DNA is
still being stretched, and a few DNAs haven’t still been pushed away and confined
by the advancing front. In Fig. 5d, the membrane front is already out of the image
field, resulting in this case into the formation of a new embedded loop (arrow). Note
that, due to the maximum acquisition rates available to us in these low light con-
ditions, we could not catch an intermediate situation corresponding to the sketch of
Fig. 5b. Figures 5c and 5d exemplify the lower signal/noise ratio of real time images
as compared to average ones (see Fig. 2a).

2.3 “At equilibrium” confinement

Exploring further the possibility of a threshold between an initial radial stretching
regime and a second, cap forming one, we analyse each DNA loop as the result of a dy-
namic process during which the double-end grafted molecule is stretched and pushed
away by the spreading front while a membrane tunnel is forming backward above
the confined part of the molecule, stabilizing definitely this stretched state. More
precisely, we assume that αconf (t), the stretching degree of the growing, embedded
part of the DNA (i.e. segments AM and BN in Fig. 5) remains constant with time t
all along the stretching process, taking its final, equilibrium value αconf (t) = α

final
conf

from the early moments of the DNA confinement in the membrane-substrate gap.
Though this assumption can not be stricktly checked without analysing real time im-
ages, it is however sustained by the fact that the embedded, final loops exhibit a high,
close to the unity stretching degree 0.8 < αfinalconf < 0.95 (Fig. 3). Then for any DNA
loop considered at time ttrans, defined as the time when the membrane reaches the
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Fig. 6. Sketch of a DNA loop at the precise moment ttrans of the transition between the
radial stretching regime and the “cap” forming stage. The membrane has just reached points
T and Q (dotted arc). Crosses represent the digitized contour of the final, immobilized loop,
as obtained from image analysis. AT and BQ are stretched segments of the molecule, while
the rest of the DNA remains in a coil conformation in front of the spreading front. R is the
distance from the adhesion patch center C and the membrane, and Θ is the angle between
the two stretched ends of the DNA. The histogram gives the distribution of αfree(ttrans) as
measured over circa 80 loops.

transition points T and Q (Fig. 4), the total contour length of DNA embedded under
the membrane is simply Lconf (ttrans) = (∥AT∥ + ∥BQ∥)/αfinalconf . Consequently, the
contour length of the still fluctuating, partly stretched part of the molecule, located
in front of the membrane front at time ttrans is Lfree(ttrans) = L0 − Lconf (ttrans).
Finally, the stretching degree at ttrans of this fluctuating part of the molecule is
αfree(ttrans) = RΘ /Lfree(ttrans), and R and Θ are simple geometrical parameters
defined in Fig. 6. The figure sketches the DNA shape at time ttrans, and summarizes
the measurement of αfree(ttrans) for all the DNA loops studied here, whatever the
biotin density ρ: αfree(ttrans) shows a gaussian distribution around the average value
αfree(ttrans) = 0.55 ± 0.09. Please note that again, we do not observe any effect of
the membrane spreading velocity on this quantity.
Thus, indentifying on each DNA loop the transition points T and Q and assum-

ing that the confinement of the DNA is performed at equilibrium during the overall
stretching process enables to measure an average, “threshold” value of the internal,
stretching degree of the coil-shaped part of DNA that is pushed away by the ad-
vancing membrane front, at the apparent moment of the transition between a first
radial stretching regime and a second cap forming stage. In other words, we propose
here a two step process for the scenario of the DNA loop formation during membrane
spreading: in a first step the membrane embeds the DNA under two radially oriented
tunnels, consuming DNA length and pushing the rest of the molecule on its front in
a partly free, fluctuating, incrisingly stretched configuration, up to a transition point
corresponding to a particular value of the internal stretching degree along this free
part of the DNA molecule, i.e. αfree(ttrans). From then on, the cap formation is ini-
tiated, corresponding to the second step of the loop formation. Considering that the
DNA fraction that is pushed away by the membrane obeys usual laws for a stretched
DNA chain at any time during the membrane spreading, enables to calculate the cor-
responding internal force at the transition, using Eq. (3): ffree(ttrans) = 1.53 kBT/lP .
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Fig. 7. a) Simulated DNAs obtained for various values of the membrane pushing force,
without the presence of the threshold force (∥Fext∥, fthres = 0); b) simulated DNAs obtained
for various couples (∥Fext∥, fthres); c) local orientation θ (as defined in Fig. 4) along two
simulated DNAs; d) same DNAs as in Fig. 4, and the best fits obtained from the simulation.
With ( ) and without ( ) a threshold force. All forces are in kBT/lp units. Bars are
2.5 µm.

2.4 Loop formation simulation

In order to further interpret the observed loop shapes, and eventually confirm the
existence of a two step scenario for the loop formation, we developped a numerical
simulation method described in the experimental section. The main results of the
simulations are given in Fig. 7. We consider a DNA with its two grafted ends separated
by 1.6 µm, at a distance from the adhesion patch center of 11.4 µm, two quantities
corresponding to their respective average values over all the observed samples. In
Fig. 7a, the simulation runs by achieving at each step the force balance ∥Fext +
Ffree∥ = ∥Fconf∥, as described in the experimental section. This corresponds to the
“classical image” of what is expected to be the interaction between a fluid advancing
wall and a coil macromolecule that it pushes away on its front. The various DNAs
in Fig. 7a are obtained for values of ∥Fext∥ taken in the range [1..10] in kBT/lP
units. For ∥Fext∥ = 1.0 kBT/lP the shape of the DNA loop is clearly different than
any observed loop, with an overall “V-shape”. For higher values of ∥Fext∥ the DNA
loop appears shaped as a warhead, but we notice that there is no clear transition
between an initial, radial stretching regime and a second, cap forming stage. For the
two highest values of ∥Fext∥, the DNA exhibits a plateau at the top of the cap. Please
note that for ∥Fext∥ taken in the range [1..10] kBT/lP , the average final stretching of
the DNA αfinalconf is in the range [0.84..0.92], i.e. in the range of the measured values
(Fig. 3).
As detailed in the experimental section, a lateral threshold force Fthres can be

added to the above force balance so that Fthres = −Ffree as long as ∥Ffree∥ remains
smaller than a given value fthres, and Fthres = 0 if ∥Ffree∥ > fthres. In other words,
the DNA strands undergoing stretching at the adhesion front are trapped in a radial
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confinement potential from where they only escape when the orthoradial force exceeds
a certain threshold value. Figure 7b shows DNA simulated profiles for various couples
of the forces (∥Fext∥, fthres). Here one clearly gets qualitatively similar features
than the experimental ones, i.e. two straigth, radially stretched segments closed by a
“V” – like shaped cap. Please note that as for Fig. 7a, the DNAs exhibit a plateau
at the top of the ending cap for the highest values of ∥Fext∥.
Figure 7c highlights equally the benefit of considering a threshold force in the

force balance. The figure compares the evolution of the local orientation θ (as defined
in Fig. 4) vs. the cumulative perimeter in the absence and in the presence of the
threshold force into the force balance. Without the threshold force, θ grows gently and
continuously with the perimeter, up to a point where it abruptly passes accross π/2,
with a “say” width of transition extending over less than 1 µm. On the contrary, when
a threshold force is taken into account in the force balance (here fthres = 1.53 kBT/lp),
we observe a well defined ending plateau, followed by the cap region extending over
typically 5 µm, that corresponds to what we observe experimentally on the average
(see Fig. 4b).
We fitted each of our eighty DNA loop profiles using our simulation method, in

absence and in presence of a threshold force. Without the threshold force, we consid-
ered as the best fit the profile obtained for a value of Fext leading to the measured
average stretching degree of the loop αfinalconf . Fitting the loops with a threshold force
was obtained with a different approach: we first extracted the value of αfree(ttrans)
from the analysis of the digitized loop, and then, looked for the best fit by varying the
amplitude of Fext. The procedure showed that the loops were better fitted with the
threshold force fthres = ffree(ttrans) in the force balance, as exemplified in Fig. 7d
for the two DNA loops of Fig. 4a.
However, in the case of the loops with the highest stretching degree, i.e. close to

one, for which high values of ∥Fext∥ > 10 kBT had to be considered in the fitting
procedure, taking into account the threshold force brought poor advantage to the
fitting procedure.

3 Experimental

3.1 Microscopy

All samples were observed using brigth field, fluorescence and Reflexion Interference
Contrast Microscopy (RICM) [4], under a TE200 Nikon microscope, equiped with a
100X oil immersion objective (RC-type objective, Leica). RICM enabled to visualize
the adhesion patches and to measure the average distance between the membrane
and the substrate; we measured h = 10± 3 nm with no noticeable effect of the biotin
content, a value that is in agreement with other similar measurements [5].

3.2 Streptavidin-coated substrates

We followed a protocol allready described elsewhere [1]. Glass coverslips were first
cleaned with Piranha (70% concentrated sulphuric acid H2SO4 and 30% hydrogen
peroxide H2O2 (30%)), and then amino-functionalized by immersion in a mixture
of 98% ethanol and 2% 3-aminopropyltriethoxysilane (APTES, Sigma-Aldrich). Fol-
lowed a 30 minutes exposure of the slide to a 8% solution droplet of glutaraldehyde
(Polysciences) and subsequent rinsing with saline phosphate buffer (PBS). Strepta-
vidin (Molecular Probes) was dissolved in PBS at 4 mg ml−1; a droplet of this solu-
tion was then deposited on the slide and rinsed after one hour with Tris-borate-EDTA
buffer (TBE).
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3.3 Giant unilamellar vesicles preparation

Giant Unilamellar Vesicles (GUVs) were grown using the well known electroforma-
tion method [6] from mixtures of 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC),
and 1,2-distearoyl-sn-glycero-3-phosphoethanolamine-N-(biotinyl (polyethylene gly-
col)2000) (DSPE-PEG2000-biotin) with different ratios; all lipids were purchased
from Avanti Lipids, USA. Briefly, the lipids were dissolved in a chloroform solu-
tion at an overall concentration of 2 mg ml−1 and then spread onto one of the walls
of the electroformation cell, made of glass slides with a metallic layer of indium tin
oxyde (ITO). Samples with the values 1/25, 1/50, 1/100, 1/200, and 1/500 of the
relative molar concentration of DSPE-PEG2000-biotin/DOPC have been prepared.
After drying the lipid film under vacuum, the cell was filled with a 100 mOsm kg−1

aqueous sucrose solution. A 1.5 V and 10 Hz AC voltage was applied across the 1 mm
chamber gap, for circa two hours. Vesicles were then diluted in a 105 mOsm kg−1

TBE solution and dropped onto the DNA carpet. Osmotic pressures were measured
with an Osmomat 030 Osmometer (Gonotec, Germany).

3.4 DNA carpet preparation

Double-stranded (Fermentas) λ-DNA (48502 base pairs) was end-functionalized with
a molecule of biotin at each end. This was obtained by using two single-stranded
oligomers (MWGBiotech), both labelled with biotin. Each oligomer is complemen-
tary to one of the protruding ends of λ-DNA and can hybridize to the corresponding
overhang. After reaction, end-labelled λ-DNA was separated from the remaining free
oligomers with a Nick column (Amersham). The solution of λ-DNA was diluted by
adding TBE to decrease the density of DNA onto the substrate. The resulting concen-
tration of DNA was ca. 2 ng mL−1. λ-DNA was next stained with YOYO-1 (Molecular
Probes), which is an intercalation fluorescent dye having a maximum adsorption at
a wavelength of 491 nm and a maximum emission at 509 nm. The dye/base pair
ratio was 1/5, which increases the length of λ-DNA to 22.0 µm [2] (16.5 µm without
fluorescent dye [3,7]). The substrate was incubated during circa 30 minutes in the
DNA solution, leading to the desired density of grafted DNA. After incubation the
substrate was rinsed with a 105 mOsm kg−1 TBE buffer in order to remove unbound
DNA.

3.5 DNA profile analysis

We have developped a homemade analysis software, to extract the main intensity
line of a DNA as obtained from fluorescence imaging, with a high resolution of circa
0.25 pixel, corresponding to ≈ 0.037 µm. The method, inspired by a work published
elsewhere [8], uses a weighted mean in four directions of the grey level profiles to
extract individual characteristic points with sub-pixel coordinates, separated from
one another by a distance of circa one pixel, the whole forming the main intensity
line of the DNA. The software further gives the fluorescence intensity profile along the
DNA, as the cumulated intensity along the direction transverse to the local molecule
profile.

3.6 Simulation program for loop formation

We describe here a simulation procedure for the stretching and confining of a double-
end grafted polymer by a spreading, adhering membrane. The simulation is valid
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Fig. 8. The force balance at one step of the simulation program of the embedded loop
formation. The dotted arc is the membrane front. M[i] is the contact point between the
membrane front and the DNA on the left side of the molecule (same event is assumed to
take place symmetrically with respect to the y-axis). The DNA is in a partly stretched but
still free to fluctuate configuration in front of the membrane front. On the contrary, it is
embedded in a tunnel backwards to the membrane front.

for stretching of both single-end grafted and double-end grafted chains. We reduce
the dimensionality of the problem into a radial, 1D problem for single-end grafted
DNA on one side, and into a planar, 2D problem for double-end grafted DNA on the
other side. The extension of the molecule in the vertical space, above the substrate,
of order of 10 nm is neglected. We rely on our previous study where we showed that
two main regions can be distinguished in the very front of a spreading membrane
pushing away an end-grafted molecule [1]: for high elevations above the substrate,
i.e. above several tens of nanometers, the membrane wall can be considered as an
expanding cylinder, with a velocity v of circa one to ten µms−1, generating a radial
fluid flow with a similar velocity that decreases with the distance r from the centre
of the patch. In this part of the space, the stretching of the coil appears lower that
a few µm. On the contrary, in the second characteristic region of the spreading, i.e.
very close to the surface, the flow possesses a shear structure with shear rate roughly
given by v/h where h is the thickness of the patch gap. For velocities in the range
v = 1 to 10 µms−1 and h ∼ 10 nm, the shear rate γ̇ ranges from ∼102 to 103 s−1:
such shear rates are able to generate high stretching, similar to those observed in
this study. Thus, the high level of stretching of the molecule is achieved exclusively
in this low thickness region above the substrate; we model this stretching mechanism
by considering the forces at play to be parallel to the adhesion plane.
We depict the geometry of the double-end grafted chains on Fig. 8, where focus

is made at a given moment during membrane spreading, while part of the molecule
is allready stretched and confined inside the membrane substrate gap, and the rest
of the molecule is in a partly stretched state, confined between the bottom substrate
and the membrane front. The DNA molecule lies in the plane. We impose a force
balance at the contact point between the macromolecule and the membrane, i.e. on
the monomer that is at the frontier between the embedded part of the molecule,
behind the advancing membrane front, and the free part of the chain, that is pushed
away by the front.
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We assume at each step [i] of the simulation that the membrane front exerts a force
Fmemb radially oriented and of constant amplitude throughout the whole process, i.e.
∥Fmemb[i]∥ = Fmemb (Fig. 8). Originating from the DNA stretching, two other forces
contribute to the force balance on M[i]: on one side, the force Ffree[i] is exerted by the
part of the DNA molecule that is in a partially stretched configuration (membrane
front side), while on the other side, the force Fconf [i] is exerted by the embedded part
of the molecule (tunnel side) (Fig. 8). We further assume that at point M [i] the force
is transmitted by a pulley-like point. Therefore, the force balance on the contact point
between the membrane and the DNA can be represented by the set of equations:

Ffree + Fmemb = Ftot (1)

∥Ftot∥ = ∥Fconf∥. (2)

The force along the free, fluctuating, part of the DNA Ffree is given by the so-called
Marko-Siggia equation [9]:

lp
kBT

∥Ffree∥ = αfree −
1

4
+

1

4(1− αfree)2
(3)

and at each step [i] αfree[i] = 2 R[i]θ[i]/Lfree[i] is the stretching degree of the free
part of the chain, of contour length Lfree[i]. As sketched in Fig. 8, R[i] and θ[i]
correspond to the distance to the adhesion patch center of the contact monomer M[i],
and to the angle of the CM[i] segment with the loop main axis, respectively.
The force along the embedded part of the DNA is given by a confined Marko-Siggia

equation [10]:
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⎞
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and at each step [i] αconf [i] = lapp[i]/Lconf [i] is the stretching degree of the embedded
part of the DNA, lapp[i] is the total length of membrane tunnel, i.e. the sum of the
left and right tunnel lengths, and Lconf [i] is the embedded DNA contour length (sum
of left and right sides). Also, the conservation equation L0 = Lfree[i] + Lconf [i] has
to be fulfilled at each step [i].
To simulate the whole process of loop formation, we decompose it into a set of

numerical steps, during which the membrane spreads by a small distance, embedding
a new fraction of DNA in the membrane-substrate gap. At step [0] the membrane
advancing front reaches the two grafted ends A and B of a DNA molecule of contour
length L0. Indeed we impose for simplicity that A and B are at the same distance
from the adhesion center, on both sides of the y-axis, so that at each numerical
step two embedding tunnels grow symmetrically by a tunnel length δl0, with a local
orientation given by the local force balance at the contact point between the DNA
and the membrane advancing front, as shown in Fig. 8 at step [i], for the left side of
the molecule.
Building step [i+1] consists into adding to the existing confining tunnel previously

ending at M[i], a supplemental length δl0 oriented through the direction given by
Ftot[i], i.e. creating a new contact point M[i+1] between the membrane and the

DNA, so that
−−−−−−−−−→
M [i]M [i+ 1] = Ftot/∥Ftot∥δl0 (symmetrically, a supplemental tunnel

length is added to the other DNA strand). Then Fconf [i] is first introduced in Eq. (5)
so to get αconf [i + 1], the average value of the stretching degree of the embedded
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Fig. 9. Sketch of membrane deformation in the region of the membrane advancing front,
when the membrane reaches a double-end grafted DNA. At each grafted end the chain exerts
a force on the membrane, that creates a concave zone of a size of the order of the radius of
gyration of the chain RG [13], i.e. ca. 0.7 µm for λ-DNA [15]. Left: when the distance between
the two grafting ends is smaller than ca. 2RG, the two concave zones merge, resulting in a net
inward force applying to the strands, that leads to the formation of an Eiffel tower during
spreading; right: above this characteristic distance, the two grafted ends are far enough
so that the concave zones do not overlapp, leading to a net radial membrane force, that
generates a loop during spreading.

DNA fraction over the new tunnel length lapp[i + 1]. From this, we get the contour
length Lconf [i+1] and the corresponding length Lfree[i+1]. Then, from the location
of M [i + 1], the two forces Ffree[i + 1] and Fconf [i + 1] are obtained using Eq. (3)
and Eq. (5). This simulation procedure does not ensure self consistency, since the
value of Fconf [i] is used to calculate the DNA fraction that remains embedded at
the end of step [i+1], while the stretching force at that point should be Fconf [i+1].
However, increasing the number of numerical steps is expected to decrease the error of
this simplified way of calculating the stretching degree of the molecule. In particular,
we noticed that over one hundred steps, the structure of the final loop converges
nicely through final shape and stretching state. Moreover, we also checked that as a
result of this non self-consistency, the stretching degree of the confined fraction of the
DNA does not evolve too much with time, during the spreading process: over all the
significant situation tested, the stretching ratio of the DNA does not vary by more
then two percent from the begining of the stretching process to the final step of loop
formation.
The DNA persistence length is taken as lp = 50nm [2], and the tunnel height

as h = 10 nm (see above). The precise determination of the tunnel width w is out
of our experimental capabilities, but a good estimation of w can be obtained from
the two following limiting cases: first, assuming that the biotin-streptavidin bond
density in the adhesion region remains identical to the average surface density of
biotins in the membrane before the adhesion takes place, one gets w =

√
slip/ρ, where

slip = 65 Å2 is the surface area occupied by a DOPC molecule [11]. Then, for ρ ranging
in [1/25..1/500], w ranges in [4..18] nm, corresponding to an assumption already made
in [10]. Alternatively, assuming that the DNA loop is stabilized in its confining tunnel
so that the net internal force ∥Ffinalconf ∥ is zero, then for αconf =< α

final
conf > ranging in

[0.80..0.90] (Fig. 3) Eq. (5) leads to w ranging in [16 nm..0 nm], with a non zero internal
force for αconf > 0.91. Thus, the ligand densities in our vesicles are compatible with
the creation of a confining tunnel of width of a few nanometers, of the order of what
is necessary to get high values of the DNA stretching degree as the one measured here
(Fig. 3). In our simulation program we used the value w =

√
slip/ρ for the tunnel

width.

4 Conclusions

The present study brings new insight on the interaction between a fluid membrane
and a single macromolecule, as occuring in membrane spreading above a sparse
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DNA carpet. Confinement of a single polymer by membranes or other soft walls
have allready been treated theoretically and numerically for equilibrium states; see
for example [12] for the case of a long polymer in a soft tube, and [13,14] for a single
polymer in the gap between a membrane and a flat wall. In these cases, the equilib-
rium conformation of the chain results from competition between membrane bending
rigidity, polymer confinement energy, and membrane adhesion in the latter case. Var-
ious types of the polymer conformation have been observed, from elongated chains
to more or less swollen globular or tubular states. In the present study however, the
spreading of the membrane takes places at a rate that is faster than the slower relax-
ation time of the chain, leading to a strong stretching of the chain during spreading
that is further fixed by the rapid stappling process of the biotin ligands on the strep-
tavidinated surface. In our previous study on single-end grafted DNAs, the geometry
was mainly 1D, with a unique force at play during the membrane-DNA interaction,
i.e. the radial membrane pushing force Fext. On the contrary, at least a 2D geometry
emerges for double-end grafted DNA, with two forces competing during the mem-
brane spreading, i.e. the membrane radial pushing force on one side, and the DNA
internal stretching force Ffree on the other side. The latter, oriented along the fluctu-
ating and partly stretched fraction of the DNA that is pushed away by the advancing
front, is always perpendicular to Fext, i.e. parallel to the membrane advancing front,
and oriented inwards through the DNA center of mass, leading undoubtedly to a loop
shape as indeed observed. Considering a simple model of force balance applied to
the DNA monomer that is in contact with the membrane advancing wall, we build a
step-by-step simulation process that predicts the monomer density distribution and
the final shape of a double-end grafted DNA submitted to such forces. In particu-
lar our simulation method creates DNA loops with a stretching degree close to the
observed ones for values of the membrane pushing force ∥Fext∥ in the range 3 to
10 kBT/lP . However, to quantitatively reproduce the observed experimental trend,
i.e. the existence of two initial, radially stretched ends of the DNA molecule closed
by a “V”-like cap, a threshold condition on the effectiveness of the internal force has
to be introduced into the above force balance, i.e. Ffree = 0 if ∥Ffree∥ < fthres.
Such effect, surprising at first sight, suggests that a non-trivial interaction between
the membrane and the DNA occurs at the spreading front. An interesting possibility
would be that the pressure applied by the DNA molecule on the membrane [13] cre-
ates a concave zone that laterally confines the DNA. This in turn could explain the
generation of Eiffel towers, since when two of such concave depressions are very close,
a net inward force could result that brings two strands together (Fig. 9).

I. Seuffert and M. Khaksar are gratefully thanked for their help with DNA functionalization.
M. Basler is aknowledged for continuous experimental support. We thank Pr. Thomas Gisler
and Pr. Georg Maret for fruitfull discussions.
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Chapter 3.  
Structure and properties of oxidized membranes 

 Context: oxidation of biological tissues is prominent in the living realm, it is in general fought by 
cells, since it can induce apoptosis [Noodt_1998]. Oxidation is also a key mechanism in PDT 
(photodynamic therapy), a clinical strategy for the killing of specific target tissues through light irradiation 
[Bacellar_2015]. PDT is regularly used nowadays for skin diseases treatments, and actual active research 
concerns the use of PDT to fight against specific cancers (bladder for example). PDT requires the use of a 
photosensitizer (PS), i.e. an intermediate molecule that reacts with the incident, exciting light, and 
accordingly generates the oxidation of the surrounding biological species. Routes for photo chemical 
oxidation using a photosensitizer are numerous, mainly they are of type I or type II (Fig. 3.1). Phospholipids 
are one of the potential targets of PDT, in particular, unsaturated lipids are exposed to oxidation through 
the weak point of alkyl chain double bond(s). Our aim is to unravel the effects of phospholipid oxidation not 
only on the intrinsic properties of model membranes, but also on how oxidized membranes interact with 
various external molecular species. This study started with our collaboration with R. Itri and M. Baptista 
from the University of Sao Paulo, Brasil, who in particular, synthesize some of the various PS that we use in 
our studies. 
 

Figure 3.1 : Jablonski diagram. The photosensitizer 
PS absorbs one incident  photon,  becoming excited 
(S0-S1 transition). Return back to the ground state S0 
can  be  done  via  several  pathways.  1)  It  can  emit 
fluorescence,  2)  it  can  react  with  a  neighboring 
molecule (type I reaction), or 3) it can path through 
the  T1  triplet  state.  From  then  on,  again,  the 
molecule  can  directly  react  with  a  neighboring 
species (also type I), or transfer its energy to a di-
oxygen O2, that becomes a singlet oxygen 1O2. When 
the latter reacts with the unsaturated alkyl chain of a 
lipid,  the  chain  is  hydroperoxydized  (type  II 
reaction).

 3.1 Peroxidation-induced membrane area increase [8,15,23,26], [t6,t14,t16] 
 Methylene Blue (MB), a low cost PS, is often used in Brasil to treat various skin pathologies. Our 
first study concerned the behavior of GUVs dispersed in a MB-containing buffer submitted to the proper 
irradiation for MB excitation [8]. That exploratory study provided evidence on the existence of several 
stages of membrane modifications during oxidation. First, after a few seconds of irradiation, GUVs undergo 
a severe increase of their thermal fluctuations, together with an increase of their apparent size. Then, a 
return back to a more tensed, spherical shape often takes place, while multiple connected membrane buds 
are created. Possibly, a strong decrease in GUV size follows, up to a total destruction, depending on the 
irradiation time and power, and on MB concentration. We know that Type I reaction (Fig 3.1) can give rise 
to cascading effects, and also to alkyl chain break in case of an interaction with a phospholipid. On the 
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contrary, Type II reaction, that induces peroxidation of unsaturated alkyl chains (Fig. 3.1), never induces 
cascading effect. Putting together our observations and the knowledge of possible chemical reactions 
between MB and an unsaturated lipid, we concluded that both Type II and Type I reactions were taking 
place during irradiation, possibly simultaneously, or more likely successively [8]. Though qualitative, this 
first study paved the way for other studies of model membrane oxidation, made by us an others [15, 
Heuvingh_2009]. In an other study, made in collaboration, we used a hydrophobe-modified porphyrin as 
the PS. We proved that only peroxidation was taking place, and we demonstrated how, applying an external 
force to the membrane was the way to unravel the excess of membrane area originating from peroxidation 
(Fig. 3.2) [15]. The origin of that area increase was, at the same period, explained in a numerical simulation 
paper [Wong-ekkabut_2007], as the result of the migration of the grafted -OOH group towards the bilayer-
water interface. 

  
Figure 3.2 : during peroxidation, 
a  GUV  made  of  unsaturated 
lipids  undergoes  an  increase  in 
membrane area, an effect that is 
evidenced by the application of a 
net  force  onto  the  membrane 
(here an electric tension applied 
to  the  overall,  salt  containing 
buffer) [15]. 

 

 We then decided to unravel the quantitative rules relating double bond peroxidation and membrane 
area increase. A new PS, a hydrophobe-modified chlorin was synthesized, which presented the feature of 
non aggregation in the membrane, such that the peroxidation degree is proportional to the PS 
concentration. Similarly to the previous hydrophobe-modified porphyrin, it only generated the Type II 
reaction (double bond peroxidation). We used the micropipette device to unveil the membrane area 
increase in real time, during light irradiation-induced peroxidation (Fig. 3.3a). For the first time, we were 
able to measure the average area increase after peroxidation for two unsaturated lipids: DOPC and POPC 
(Fig. 3.3b). We further measured the stretching modulus of fully or partially peroxidized membranes. 
Surprisingly that modulus decreases strongly with the fraction of oxidized lipids, falling down to 25% of its 
original value for a fully peroxidized membrane [23]. 

  

Figure 3.3 : a) membrane area increase during peroxidation is 
perfectly correlated to the singlet oxygen production (left). It 

results from the migration of the grafted -OOH group 
towards  the  membrane-
water  interface.  b)  Average 
area  increase  per  lipid  in 
the  bilayer  geometry,  for 
POPC and DOPC [23].
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 3.2 Pore opening and permeability control with Type I reaction  [33] 

 MB is often used in PDT, it generates both Type I and Type II reactions. Type I reactions, that are 
nowadays preferred for efficient PDT, induce various kinds of membrane transformations, in particular, 
membranes become permeable to small molecules like salts or sugars, prior to an eventual disruption. We 
compared the permeation of model membranes oxidized with MB on one side, and with a new PS of the 
phenothiazine class (DO15) on the other side. The kinetics of membrane permeation to sugar was 
measured from the optical contrast equilibration between interior and exterior of GUVs during continuous 
oxidation, as observed under phase contrast microscopy. We show that oxidation with MB can be 
interpreted with a simple model: the characteristic time for optical contrast equilibration  , at a given PS 
concentration, decreases as  , with   the irradiation intensity (Fig 3.4b), a dependance compatible 
with a reaction-diffusion mechanism, encompassing the production of pore-forming lipids at a constant rate 
and their diffusion-limited aggregation leading to pores (Fig 3.4a). This result is compatible with the 
expected distribution of MB in the surroundings of a GUV, corresponding to an infinite reservoir of singlet 
oxygen. On the contrary, the dependance of   with   for DO15 follows another power law:   (Fig.
3.4b). Assuming still a diffusion-limited pore formation, the measured dependence points to a rate of 
generation of the pore-forming species that is not constant, but grows as   [33].  An obvious difference 
between the two sensitization environments is the larger affinity of DO15 for the lipid membranes. 
Assuming that pore-forming lipids are generated by reactions involving the triplet states of the 
photosensitizer, one would have thus for MB a creation of triplets by illumination of molecules in the 
solution in the neighborhood of the membrane, with reactions between the triplets and the lipids occurring 
only for those rare MB molecules coming into close distance of a lipid unsaturated bond. Since the 
reactions are scarce the generation of pore-forming lipids is limited by the rate of reaction, with a constant 
rate of production. Contrary to MB,  there is a significant amount of DO15 in the membrane (partition 
coefficient=1.8 in DOPC liposomes), and the reactions are likely to involve predominantly triplet states 
generated in those DO15 molecules already in the bilayer. An obvious implication is that the renewal of the 
DO15 molecules consumed by the reactions will in this case play a role in the kinetics of generation of 
pore-forming lipids. Although such study is still exploratory, it demonstrates how experiments on model 
membranes can help to understand which relations exists between permeabilization kinetics and PS 
affinities for the bilayers.  

Figure 3.4 : a) : sketch of the diffusion of oxidized lipids in the bilayer, of their aggregation, and of the formation of a  
pore. b)  :  left  -  characteristic time for pore formation; right - evolution law of the oxidized lipid concentration in 
function of irradiation time [33].
  

τ
τ ∝ I−0.5 I

τ I τ ∝ I−0.37

t0.7

�71

a) b) c)



  
 3.3 Peroxidation of a ternary membrane  [20], [t8,t23] 

 Context: ternary membranes containing a saturated and an unsaturated lipid and cholesterol have 
been studied since the 2000s [Dietrich_2001]. They are considered as a closer model of cell membranes 
than the one-component bilayers. Ternary diagrams have 
been built, that bring to light the numerous possible, 
homogeneous or heterogeneous phases existing in those 
mixtures, e.g. solid, gel, fluid, liquid ordered ( ) or liquid 
disordered ( ) phases (Fig. 3.5).  

Figure 3.5: sketch of a ternary phase diagram at a 
temperature below the gel/fluid transition 

temperature of DPPC; extracted from 
[Veatch_2003]. 

 We were the first to systematically investigate the effect of peroxidation on ternary and binary 
membranes. We first showed that, inside a proper composition domain, an homogeneous, ternary fluid 
membrane starts to phase separate almost immediately after light-induced peroxidation is initiated. Fig 
3.6a shows some consecutive steps of such phase separation, expected to lead to a  -  phase 
separation [20]. A recent systematic work [t23] (unpublished) enabled us to build a relatively complete 
ternary phase diagram of the mixture DOPC-OOH(2)/DPPC/cholesterol, where DOPC-OOH(2), the fully 
peroxidized DOPC, was prepared appart, in an organic solvent, prior to the ternary lipid mixture formation 
and GUV growing. The phase diagram appears substantially different than its non oxidized counterpart 
(Fig. 3.6b). Indeed, the  -  region is extended towards the DOPC-OOH(2) direction up to the binary line 
DOPC-OOH(2)/chol. This indicates that a strong incompatibility exists between DOPC-OOH(2) and both 
cholesterol and DPPC. Most probably, peroxidized lipids have a much higher polarity than their non 
oxidized counterpart, that induces the observed phase separation.  
 Other experiments, done in collaboration with Y. Mely and A. Klymchenko from Strasbourg, using 
specific environment-sensitive, membrane-incorporated fluorescent probes (Fig. 3.7a,b), confirm that a 
strong increase in the local polarity appears in the membrane with the increasing number of peroxydes 
groups -OOH on the unsaturated lipid chains (Fig. 3.7c). However, the data also show a strong non-linearity 
of the polar response of the probes with the peroxyde concentration (Fig. 3.7c). This suggests that the 
distribution of the -OOH groups in the direction normal to the membrane plan is not homogeneous. To 
confirm that hypothesis, numerical simulations were performed in collaboration with F. Thalmann, that 
indeed show that at low peroxidized lipid fraction, the -OOH groups mainly move to the membrane/water 
interface, being possibly undetectable by the buried probes. Further experiments will be performed to 
better determine the molecular distribution of the -OOH groups. In particular, X-Ray scattering experiments 
are planned, in collaboration with T. Charitat. Those results are still unpublished.  

L0
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L0 Ld

L0 Ld
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Figure 3.6 : a) optical micrographs of a DOPC/DPPC/cholesterol GUV during in-situ, light-induced peroxidation. The 
composition  of  the  initial  GUV corresponds  to  a  homogeneous  mixture,  here  60/10/30.  Oxidation-induced  phase 
separation is clearly observed during the first two minutes of irradiation. The fourth image (bottom right) shows the 
long term, at equilibrium, phase separated GUV, images from [20]. b) Ternary phase diagram of the fully peroxidized 
membrane, i.e. DOPC-OOH(2)/DPPC/cholesterol. The pink region is a remainder, it corresponds to the binary,  -  
(liquid  order-liquid  disorder)  region  of  the  DOPC/DPPC/chol,  non  oxidized  membrane.  White  circles  are  for 
homogeneous membrane, janus black/white circles are for phase separated membrane (from [t23], unpublished). 

 

Figure  3.7  :  a)  the  three  micro  environment-sensitive 
probes  used  to  measure  the  local  polarity  inside  the 
bilayer  at  various  hydroperoxidation  degrees,  here 
sketched  at  their  expected  position  in  a  phospholipid 
monolayer.  b)  the  fluorescence  spectra  of  the  three 
probes for four membrane binary (POPC/POPC-OOH) 
compositions, i.e 1/0, 1/1, 3/7, 0/1. c) the local polarity 
in the probe environment, as calculated from the spectra 
in  b),  for  the  four  POPC-OOH  fractions  in  the 
membrane.  d)  numerical  simulation  results:  density 
profiles  of  the  -OOH  group  along  the  normal  to  the 
bilayer  plan.  0  represents  the  mid-plane.  Peroxyde 

fraction  :  25%  to  100%.  For  the  lowest  peroxyde 
concentration are  the  -OOH almost  totally  localized at  water/membrane 
interface. -OOH level of localization in the deeper bilayer increases with 
the  overall  peroxyde  concentration.  Experiments  done  during  [t13] 
(unpublished). 
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Lipid oxidation induces structural changes in
biomimetic membranes†

Georges Weber,a Thierry Charitat,b Mauŕıcio S. Baptista,c Adjaci F. Uchoa,c

Christiane Pavani,c Helena C. Junqueira,d Yachong Guo,d Vladimir A. Baulin,e

Rosangela Itri,d Carlos M. Marques*b and André P. Schroderb

Oxidation can intimately influence and structurally compromise the levels of biological self-assembly

embodied by intracellular and plasma membranes. Lipid peroxidation, a natural metabolic outcome of

life with oxygen under light, is also a salient oxidation reaction in photomedicine treatments. However,

the effect of peroxidation on the fate of lipid membranes remains elusive. Here we use a new

photosensitizer that anchors and disperses in the membrane to achieve spatial control of the oxidizing

species. We find, surprisingly, that the integrity of unsaturated unilamellar vesicles is preserved even for

fully oxidized membranes. Membrane survival allows for the quantification of the transformations of the

peroxidized bilayers, providing key physical and chemical information to understand the effect of lipid

oxidation on protein insertion and on other mechanisms of cell function. We anticipate that spatially

controlled oxidation will emerge as a new powerful strategy for tuning and evaluating lipid membranes

in biomimetic media under oxidative stress.

1 Introduction
Lipid oxidation plays a central role in the life of the eukaryotic
cells, where it is a direct consequence of the reactive oxygen
species generated not only by mitochondrial respiration, but
also by many other processes such as inammation, catalysis by
peroxisomal oxidases, virus phagocytosis, ultraviolet and ionic
irradiation, to name only a few.1–3 A controlled amount of
oxidized lipids is required for cell signaling, cell maturation and
differentiation, and cell apoptosis. However, the products of
lipid oxidation, if uncontrolled, can have a deleterious effect on
the functioning of the cell, and are known to be involved in a
variety of diseases including Parkinson's and Alzheimer's
neuro-degenerations, hypertension and cancer.4,5 Lipid oxida-
tion is also key to photodynamic therapy or PDT, a technique
clinically used in pathologies such as skin or oesophagus

cancer, where tumors are destroyed by intense light-induced
tissue oxidation.6–8

In biological media, photo-induced oxidation is oen initi-
ated by light activation of a photosensitizer into its triplet state.
In the so-called type II reactions, quenching of this triplet state
by molecular oxygen O2 leads to the formation of singlet oxygen
1O2, a highly reactive species that diffuses in aqueous solutions
over a distance of ‘D x 100 nm before it decays.9 Given that the
prime targets for oxidation in lipid bilayers are the unsaturated
sites along the alkyl chains, an efficient distribution for the 1O2

sources requires the dyes to be within a distance ‘D from the
membranes. In the absence of transition metals the reaction of
a singlet oxygen with a double bond leads only to the formation
of the organic hydroperoxide group –OOH.10,11 However, the
direct type I reactions between the triplet state of an activated
photosensitizer and the chain double bonds can also initiate
chain reactions with intermediate lipid radicals, leading even-
tually to secondary peroxidized lipid products like alcohols,
aldehydes, ketones and lactones.12 A key requirement in
designingmodel systems to study oxidation of lipid membranes
mediated by singlet oxygen is therefore to achieve an appro-
priate spatial distribution of photosensitizers, a distribution
that not only brings singlet oxygen sources to within ‘D of the
bilayer but also precisely controls the probability of a direct
encounter between the photosensitizer and the unsaturated
bond.13

In this paper we study DOPC and POPC giant vesicles deco-
rated by a new amphiphilic chlorin photosensitizer with an
added scaffold that anchors well in the membranes yet
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preventing aggregation.14 Changes in permeability, uidity,
packing order or thickness in model lipid bilayers, as well as
vesicle destruction, have been reported elsewhere,15–20 without
however achieving spatial localization of the oxidizing centers
or a precise control of the chemical oxidation processes at play.
Here, by anchoring the photosensitizing agent on the
membrane we were able to induce exclusive hydroperoxidation
of the lipids while preserving membrane integrity. Under such
conditions, the associated molecular and mechanical changes
could be precisely measured and further compared with theo-
retical predictions from Single Chain Mean Field (SCMF) theory
for lipid bilayers.21

2 Experimental section
2.1 Phospholipids and reagents

The phospholipids, 1-palmitoyl-2-oleoyl-sn-glycero-3-phos-
phocholine (POPC) and 1,2-dioleoyl-sn-glycero-3-phosphocho-
line (DOPC) and all other chemicals were purchased from
Sigma-Aldrich.

2.2 The photosensitizer

Synthesis and characterization. The photosensitizer Chlorin-
12 was synthesized with protoporphyrin IX diester (42.3 mmol)
and excess of 4-dodecylphenyl maleimide, by Diels–Alder reac-
tions according to the procedure described in the literature.14 It
was puried using column chromatography (silica) followed by
preparative TLC (silica), using a 50 : 1 mixture of CHCl3–AcOEt
as eluant, which furnished two pure isomers. The two isomers
have an Rf of 0.55 and 0.68, the combined product of both
isomers yields 72% (29.6 mmol). The compound that we named
Chlorin-12 – see Fig. 1 – was the second of the isomers

characterized by 1H-NMR, COSY, ESI-MS and UV-Vis spectros-
copy – see ESI.† ESI-MS-TOF, m/z 933.5321 was calculated for
C58H70N5O6

+ (MH+); found 933.5329.
Quantum yield. Quantum yield was measured by anchoring

1% Chlorin-12 in POPC liposomes. The two components were
rst diluted at the desired composition in chloroform, then
spread onto a test tube. Aer letting the solvent evaporate, the
lm was hydrated in D2O. The resulting opalescent solution was
sonicated (seven cycles of thirty seconds sonication with thirty
seconds rest, cooled in an ice bath, with tip sonicator operating
at 20–30 W), leading to an opalescent solution that was studied
with dynamic light scattering. The results exhibited a narrow
hydrodynamic radius of 100 nm for the liposomes in the
solution.

The detection of the near infrared emission of the singlet
oxygen molecule at 1270 nm is a standard method to determine
1O2 quantum yield fD. Both the liposome solution and the
acetonitrile solution of Chlorin-12 that was used as a standard
(fD ¼ 0.7) exhibit an absorbance value close to 0.02 (1 cm path
length) at 640 nm. A Continuum Surelite III Nd:YAG laser was
used as the excitation source operating at 532 nm (5 ns, 10 Hz)
to pump a dye laser (DCM 2-(2-(4-(dimethylamino)phenyl)-6-
methyl-4H-pyran-4-ylidene)propanedinitrile in ethanol) emit-
ting at 640 nm. The singlet oxygen emission at 1270 nm was
detected at right angle in a liquid nitrogen cooled photo-
multiplier (Hamamatsu R5509). The value fD ¼ 0.63 was
calculated by measuring and comparing the emissions of
sample and standard, correcting also for the refraction index
differences (acetonitrile 1.344, deuterium oxide 1.328) and for
the 1O2 lifetimes (acetonitrile 60 ms, liposomes in deuterium
oxide 16 ms).22

Amphiphilic behavior. Chlorin-12 has an amphiphilic char-
acter that can be clearly demonstrated by performing Langmuir
isotherms23 (Langmuir trough, Nima). At the air–water inter-
face, a stable lm is formed and compression isotherms show
standard monolayer behaviour for pressures in the range of
5–40 mN m"1, as shown in the ESI†.

Preparation of the hydroperoxidized form of POPC. The
hydroperoxide form of POPC, that we designate by POPC–OOH,
was produced through irradiation of POPC in methylene blue
(MB) solution as follows. 80 mg of POPC was dissolved in 5 mL
of chloroform, to which 1 mL of a 0.3 mMmethanol solution of
MB was added. This mixture was kept in an ice bath and stirred
continuously. The irradiation was performed with a tungsten
lamp (500W) for 8 h. The mixture of solvent was evaporated and
1 mL of methanol HPLC grade was added. The products were
separated and analyzed using a HPLC-MS system consisting of a
shim-pack prep ODS column (150 # 4.6 mm, 5 mm), coupled to
an Esquire ESI-MS spectrometer. The product that was charac-
terized as POPC hydroperoxide was eluted during 7 min in a
1 mL min"1

ux and resulted in m/z 792.7.
Preparation of giant unilamellar vesicles. The standard

electroformation method24 has been used throughout this
study, to prepare giant unilamellar vesicles (GUVs). Non
oxidized GUVs of POPC or DOPC were prepared from mixtures
of the lipid with different fractions of sensitizer [0.03% mol to
2% mol]. GUVs of pure POPC–OOH or mixtures of 50/50

Fig. 1 Chemical structure of the new photosensitizer Chlorin-12 and
its absorption and emission spectra for solutions of POPC liposomes
decorated with Chlorin-12.
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POPC/POPC–OOH that did not contain any photosensitizer were
also prepared. Briey, 5 mL of a 1 mg mL"1 pure lipid, lipid
mixture, or lipid/Chlorin-12 chloroform solution was spread and
dried on the surfaces of two conductive glasses coated with
indium tin oxide (ITO), which were then separated by a 2 mm
thick Sigillum wax frame (Vitrex, Denmark) with their conductive
sides facing each other. This electroswelling chamber was lled
with 0.1 M sucrose solution and connected to an alternating
power generator at 1 V with a 10 Hz frequency for 4 h. The vesicle
solution was removed from the chamber and diluted 5 times with
a 0.1 M glucose solution. This created a sugar asymmetry
between the interior and the exterior of the vesicles. The osmo-
larities of the sucrose and glucose solutions were measured with
a cryoscopic osmometer Osmomat 030 (Gonotec, Berlin, Ger-
many) and carefully matched to avoid osmotic pressure effects.

2.3 Experimental setup

Observation and UV irradiation. Irradiation and observation
of giant unilamellar vesicles of DOPC or POPC decorated with a
small fraction (0.03% mol to 2% mol) of Chlorin-12 were ach-
ieved under an optical microscope (TE2000, Nikon, Japan),
using a#60 water immersion objective. Vesicles were irradiated
with light from the HBO 103WHg lamp of the microscope, with
an excitation lter centered at 410 nm, and observed through a
longpass lter of lower cutoff at 520 nm. The power density Pw
of the irradiation was measured by a standard actinometry
method,25 we found Pw ¼ 27 $ 4 kW m"2. Observation of the
vesicles without irradiation was performed in DIC mode. Please
note that POPC–OOH and 50/50 POPC–OOH/POPC GUVs were
identically observed in this mode. All images were taken with a
digital camera (Hamamatsu EM-CCD, Japan) at a rate of 8
frames per second, and analyzed using homemade soware.

Micropipette: constant suction and modulus measurement.
Micropipettes were made from borosilicate glass capillary
GC100-15 tubing (Harvard apparatus Ltd., Kent, UK) using a
pipette puller (Sutter instruments). A homemade microforge
was used to tune their inner diameter to about 5 mm. Pipettes
were coated with b-casein and then lled with the isosmotic
glucose solution. The pipette was then driven in the observation
eld and brought in contact with a GUV. A negative suction
pressure P was applied through the pipette, thanks to a hydro-
static device. The suction pressure leads to a deformation of the
vesicle corresponding to an added membrane tension s. The
device allows building the well known tension versus area
expansion curve26 from which both bending modulus kc and
stretching modulus KA can be extracted. For non-oxidized
vesicles wemeasured KA¼ 200$ 20mNm"1 for both DOPC and
POPC, in agreement with published data.27 We have also char-
acterized the stretching modulus KA of POPC–OOHmembranes
and of 50/50 POPC/POPC–OOH membranes prepared as
explained above using the electroformation method. Further-
more, we also used our micropipette device to impose a
constant tension of 0.7 mN m"1, i.e. a value corresponding to
the transition between the bending and stretching regimes
where most of the area hidden in the thermal uctuations is
unfolded, to individual Chlorin-12 containing POPC or DOPC

GUVs during continuous light irradiation. This led to an
increase of the GUV membrane area with irradiation time,
which could easily be followed and controlled. Some of these
irradiation experiments were driven through long times, i.e. up
to saturation of whether the membrane area increase, or the
uorescence bleaching, while in other experiments, we stopped
the irradiation when a desired increase of membrane area was
reached, corresponding to a given degree of membrane perox-
ydation. For this last type of experiment, the GUV was then
submitted to the usual suction experiment, i.e. we built the
usual tension versus area expansion curve and extracted the
GUV's KA modulus.

3 Results and discussion
3.1 Molecular area increase and singlet oxygen production

Under irradiation, the photosensitizer Chlorin-12 generates
singlet oxygen species 1O2 that react with the chain double
bonds, leading to the formation of the hydroperoxide –OOH
group at positions 9 or 10 along the carbon chain.10,11 Migration
of this hydrophilic group to the bilayer–water interface results
in a larger average molecular area per amphiphile as depicted in
Fig. 2. Lipids with saturated chains such as DMPC do not
exhibit area increase, see ESI.†

Wemeasure concomitantly the increase of the vesicle bilayer
area and the production of singlet oxygen with the micropipette
setup coupled to an epi-uorescence microscope. Under

Fig. 2 Lipid and membrane transformations induced by hydro-
peroxidation. Irradiation of a vesicle decorated with the anchored
photosensitizer Chlorin-12 generates singlet oxygen species 1O2 that
induce, under a constant irradiation, an increasing amount of oxidized
lipids. Following a reaction with the 1O2moiety, the double bond in the
unsaturated lipid tail of each lipid is converted into the organic
hydroperoxide group –OOH. Its migration to the bilayer surface leads
to a relative increase 3 of the average molecular area of the oxidized
lipid. As the total area of the GUV bilayer expands, the membrane
displays phenomena characteristic of membrane area increase,28 such
as enhanced fluctuations followed by bud and tube formation, as
shown also in ESI Movie S1.†
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irradiation at constant intensity and constant suction pressure,
a growing amount of membrane is sucked into the micropipette
as depicted in Fig. 3A, where the squares show results for the
relative area increase of a typical POPC vesicle with 2% mol of
Chlorin-12, see also ESI Movie S2.† Aer an initial increase, the
relative area expansion reaches for this particular experiment a
plateau around 14%. The full line in the gure displays the
cumulative light intensity emitted by the photosensitizers up to
time t, in arbitrary units. The cumulative intensity increases
sub-linearly with time, due to Chlorin-12 bleaching. However,
the area expansion curve reaches its plateau before the cumu-
lative intensity curve saturates, showing that under these
conditions all lipids have been converted into their hydroper-
oxide form before all the probes have been bleached. Full
conversion is further supported by mechanical data presented
below. Fig. 3B displays values for the relative molecular area
increase extracted from experiments performed under full

conversion conditions. The average values extracted from
Gaussian ts are 15.6% for POPC and 19.1% for DOPC. An
increase in the molecular area has also been observed for lipids
hydroperoxidized at the water–air interface, as discussed in the
ESI.†

We computed also from Single Chain Mean Field (SCMF)
theory, as discussed in the ESI† section, the relative area
increase as a function of the fraction of oxidized molecules.
Fig. 3C displays numerical results for the relative area increase
for POPC ( ) and DOPC ( ), in agreement with our experimental
ndings.

Given the known irradiation power, sensitizer cross-section
for light absorption and quantum yield for 1O2 production,
measured by infrared experiments at 1270 nm in liposomal
solutions, our experiments allow us also to quantitatively
measure the number of singlet oxygen species generated by the
anchored Chlorin-12 probes, provided that one uses low enough
molar fractions of photosensitizers to preclude self-quenching
effects. Under these conditions, prevailing in our case for
photosensitizer molar fractions smaller than 0.1% mol of
Chlorin-12, the emitted uorescence intensity and the amount
of generated 1O2 species are proportional to probe density.

Fig. 4 shows typical results for a POPC vesicle with 0.03%
mol of Chlorin-12. The squares in the gure correspond to the
fraction of oxidized lipids obtained by dividing the measured
values of relative area expansion by the average values of the
corresponding plateaus measured above. Under the experi-
mental conditions of Fig. 4, each photosensitizer produces
roughly an average of 740 1O2 molecules per second. However,
photobleaching strongly reduces 1O2 production and in one

Fig. 3 Area expansion for unsaturated lipid membranes in Giant
Unilamellar Vesicles. (A) Relative area increase (left Y-axis) as a function
of time for an irradiated POPC vesicle containing 2% mol of the
anchored photosensitizer Chlorin-12 ( ). The relative area expansion
was measured in a micropipette suction setup, as shown in the
snapshot insets, at a constant membrane tension of 0.7 mN m"1. The
full curve (right Y-axis) shows in arbitrary units the cumulative light
intensity emitted by the irradiated photosensitizers up to time t. The
error bars are smaller than the symbol size. See also ESI Movie S2.† (B)
The histograms represent the distribution of values for the relative
increase in molecular area of POPC and DOPC lipids in GUV bilayers.
Plateau values were extracted from full hydroperoxidation experi-
ments performed on 14 vesicles of DOPC and 16 of POPC. The curves
represent Gaussian fits. The average values are 15.6% for POPC and
19.1% for DOPC. (C) Values for the relative area increase for POPC ( )
and DOPC ( ) as a function of the fraction of oxidized lipids, computed
from the Single Chain Mean Field theory described in the text.

Fig. 4 Fraction of hydroperoxidized lipids ( , left Y-axis) as a function
of time for an irradiated POPC vesicle containing 0.03% mol of the
anchored photosensitizer Chlorin-12. The full curve (right Y-axis)
shows the cumulative number of 1O2 per lipid produced in time t. The
efficiency of the reaction, measured by the number of 1O2 species
required to hydroperoxidize each POPC unsaturated bond can be read
from the ratio of the scales in the left and right Y-axis or, alternatively,
by the slope of the curve in the inset where the striking proportionality
between oxygen production and lipid peroxidation is demonstrated.
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minute each bilayer lipid is exposed on average to one 1O2

species. The full line in the gure shows the cumulative number
of singlet oxygen species per lipid generated in time t in this
experiment. The inset of Fig. 4 demonstrates the striking pro-
portionality between singlet oxygen production and area
increase, allowing to extract, from the slope of the curve, the
efficiency h of the reaction, as the fraction of generated 1O2

species that oxidize one unsaturated bond. Efficiency values
obtained from an average over three different experiments give
hPOPC x 0.21$ 0.03. Similar measurements performed on giant
vesicles made from DOPC lipids provide comparable values
hDOPC x 0.19 $ 0.01.

The efficiency values for the reactions between the double
bonds and the 1O2 species were obtained here from a two-
dimensional distribution of photosensitizers. A comparison
with the bulk reaction constants from the literature29 can
nevertheless be attempted by extracting a second order reaction
constant from the ratio between the density of hydro-
peroxidized groups and the product of the local densities of
singlet oxygen and unsaturated bonds, as further detailed in the
ESI† section. We get a reaction constant kHP x 3 # 106 M"1 s"1,
in close agreement with literature values for the binary reaction
between 1O2 and mono and di-saturated carbon chains in
methanol.29 Thus, the planar distribution of the anchored
sensitizers does not appear to perturb the microscopic mecha-
nisms of the photo-oxidation reaction. Instead, it dramatically
reduces the total amount of photosensitizer required to fully
oxidize the lipid double bonds. This can be better stressed by
noticing that the singlet oxygen concentration CSO achieved in
this anchoring geometry would require a bulk concentration Cb

of the same sensitizer of the order of Cb ¼ 0.5S‘D"1 % 25 mM,
where S is the number of photosensitizers per unit surface.

3.2 Mechanical modications induced by lipid
hydroperoxidation

Our experiments show that full conversion of the double bonds
into their –OOH form does not compromise membrane integ-
rity nor induces an increased permeability with respect to the
sugar content in GUVs, thus allowing measurement of the
stretching modulus of the membrane as a function of the lipid
conversion degree from the native, non-oxidized form to their
hydroperoxidized counterparts by the suction micropipette
technique.26,30 Fig. 5 displays the results obtained for both
DOPC and POPC giant vesicles. Bilayers of native lipids exhibit
stretching moduli KA of the order of 200 mN m"1, in close
agreement with published data for the same two systems.27

Fully oxidized bilayers of POPC have a stretching modulus of
50 mN m"1 while DOPC bilayers with 35% of hydroperoxidized
lipids have a stretching modulus of 150 mN m"1, consistent
with a linear variation of the modulus as a function of the
conversion rate. The gure also shows stretching modulus
measurements performed on giant vesicles electroformed from
POPC–OOH, the hydroperoxidized form of POPC, that we have
prepared independently, by standard methods described in the
Experimental section, and from a 50/50 POPC/POPC–OOH
mixture. Importantly, KA values for 100% POPC–OOH vesicles,

of 50 mNm"1, are similar to those of vesicles obtained by in situ
hydroperoxidation, conrming that full conversion is reached
under our irradiation conditions with 2%mol of probe content.
Values for KA from a 50 : 50 mixture of POPC–OOH : POPC also
support that the stretching modulus follows a linear variation
with the fraction of POPC–OOH. Note that since in situ irradi-
ation experiments are performed at a constant tension of
0.7 mN m"1, a reduction of the elastic stretching constant
inuences also marginally the value of the relative area
increase. This has also been accounted for as explained in the
ESI† section.

In order to better understand the origin of the membrane
transformations induced by hydroperoxidation, we also
computed stretching moduli within Single Chain Mean-Field
theory.21,31 Since DOPC and POPC lipids have closely related
molecular structures, the equilibrium properties of the assem-
bled bilayers of DOPC and POPC were modelled with the same
coarse-grained twelve-beads model sketched in Fig. 5. The head
of lipids is composed of two hydrophilic beads and the two tails
are composed of ve hydrophobic beads. The model gives
correct equilibrium properties of the bilayers, such as the
thickness of the bilayer and of the hydrophobic core, the posi-
tion of the head- and tail-groups, equilibrium area per lipid and
the stretching modulus of the bilayer.21 The oxidized lipid is
modelled with the same twelve-bead model of Fig. 5, where the
beads representing double bonds in the middle of the tails are
replaced by a hydrophilic bead of the same radius as the beads
composed of the head, but with two times weaker interactions
with the solvent. As a result, the oxidized lipid POPC has one

Fig. 5 The value of themembrane stretchingmodulus KA as a function
of the fraction of oxidized lipids for DOPC ( ), POPC ( ) and POPC–
OOH ( ) containing vesicles. The full straight line is a guide to the eye.
The figure also reports values for POPC ( ) and DOPC ( ) stretching
moduli as a function of the fraction of oxidized lipids, computed from
the Single Chain Mean Field (SCMF) theory, see text. The grey area is an
indication of uncertainties in the values from SCMF. An illustration of
the cross-grained model with twelve beads used in SCMF is displayed
in the figure. In this model hydroperoxidation changes the nature of
the third bead in one (POPC) or two (DOPC) lipid tails.
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hydrophilic bead in the tail, while the tails of the oxidized lipid
DOPC have two hydrophilic beads. Introduction of hydrophilic
beads in the tails of the lipids leads to structural changes of the
bilayers and of their equilibrium properties. Fig. 5 displays
results for the variation of the stretching modulus computed
from SCMF theory as a function of the fraction of oxidized
lipids, in good agreement with our experimental results.

The output from our simulations, along with simple theo-
retical arguments, indicate that the observed decrease of elastic
modulus cannot be ascribed to a variation in membrane
thickness only. If we represent the membrane as an elastic plate
of a given Young's modulus E, the stretching modulus is
proportional to the membrane thickness h, KA % Eh.32 At
constant Young's modulus, one would require an unlikely
decrease of the membrane thickness by a factor of four in order
to explain the experimental observations. Instead, our SCMF
results, consistent with all-atom simulations,33 show only a
slight membrane thinning, of roughly 10% for bilayers with
50% of hydroperoxidized lipids. Changes in the membrane
mechanical properties are therefore a consequence of the
transformation of the membrane's intimate structure. In
particular, SCMF calculations show that the statistical distri-
bution of the –OOH groups along the membrane thickness has
a marked density at the lipid–water interface – see the ESI†
section, consistent with the congurational transformation
sketched in Fig. 2. This migration of the –OOH groups to the
bilayer interface not only distorts the tail congurations
resulting in a reduced cohesive energy of the hydrophobic
bilayer core, but it also increases the hydrophilicity of the
membrane water interface, reducing thus the interfacial
tension costs associated with membrane stretching.34 Impor-
tantly, the effect of adding hydrophilic groups to the middle of
the hydrophobic chain is smaller than the effect of added
moieties such as small surfactants or alcohols:35 hydro-
peroxidation does soen the membrane, without however
compromising its permeability or its integrity. This in turn, also
points to less drastic changes than those leading for instance to
interdigitation.36

4 Conclusions
Thus, understanding and controlling photo-oxidation mecha-
nisms in self-assembled lipid bilayers require a quantitative
microscopic picture describing the full chain of events, from the
initial light absorption by the photosensitizers to the nal
modications displayed by the oxidized membrane. A clear
complete scenario for lipid hydroperoxidation emerges from
our experimental geometry, where the spatial distribution of the
oxidizing agents is controlled.

Singlet oxygen molecules are generated in the close vicinity
of the bilayer, from where they start a random trajectory that
penetrates the bilayer with probability close to unity. One out of
ve 1O2molecules will react with a double bond before it decays,
leading to the formation of a –OOH group at positions 9 or
10 along the unsaturated chain. The hydrophilic character of
the –OOH group increases its probability to settle at the lipid–
water interface, and thus provides a driving force that changes

the average chain conformation and the hydrophobic nature of
the lipid–water interface. The resulting changes in chain
conformation induce an increase of roughly 15–20% of the lipid
molecular area, in agreement with our predictions from Single
Chain Mean Field theory and consistent also with molecular
simulations from Wong-Ekkabut et al.33 The combined modi-
cations of chain conformations and –OOH density at the lipid–
water interface lead to a reduction by a factor of four of the
bilayer stretching modulus. In spite of the modications of the
lipid molecular structure, the self-assembled bilayer is not
destroyed, instead it retains its integrity and its impermeability
with respect to sucrose or glucose.

The evaluation of lipid peroxidation from Giant Unilamellar
Vesicles decorated with anchored sensitizers can address many
of the open questions in this eld and inspire new experiments.
One could certainly explore for instance equilibrium shape
transformations by inducing controlled changes in the surface
to volume ratio.37 Our results also allow quantifying the
protective role of antioxidants and studying the mechanisms by
which the unsaturated bonds can be protected from a reaction
with singlet oxygen. Most importantly, this experimental
geometry can also deal with lipid bilayers made from lipid
mixtures and proteins, and thus contributes to elucidate how
fundamental bio-relevant phenomena involved in lipid oxida-
tion determine more complex mechanisms of cell function.
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A B S T R A C T

The modification of lipid bilayer permeability is one of the most striking yet poorly understood physical
transformations that follow photoinduced lipid oxidation. We have recently proposed that the increase of per-
meability of photooxidized 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) bilayers is controlled by the time
required by the oxidized lipid species to diffuse and aggregate into pores. Here we further probe this mechanism
by studying photosensitization of DOPC membranes by methylene blue (MB) and DO15, a more hydrophobic
phenothiazinium photosensitizer, under different irradiation powers. Our results not only reveal the interplay
between the production rate and the diffusion of the oxidized lipids, but highlight also the importance of
photosensitizer localization in the kinetics of oxidized membrane permeability.

1. Introduction

Oxidation of lipid membranes is involved in a variety of phenomena
relevant to several medical conditions, including neurodegenerative
diseases [1] and cancer [2]. Lipid membrane oxidation can trigger cell
signaling mechanisms [3] as well as inflict membrane permeabilization
[4, 5], which is one of its most striking cytotoxic consequences. Mem-
brane permeabilization is a key step in the mechanisms of photo-
dynamic therapy (PDT), a clinical modality that uses photosensitizers,
light and oxygen to damage diseased cells by producing oxidized bio-
molecules [6]. In the case of lipids, oxidized species (e.g. lipid hydro-
peroxides) challenge cell homeostasis by markedly affecting the bio-
physical properties of membranes, including their capability to sustain
chemical gradients [6, 7]. To date PDT protocols remain however lar-
gely empirical and, by lacking support from detailed mechanistic data,
fail to attain maximum efficiency with minimum side effects. Un-
covering details of the kinetics of membrane permeabilization and
understanding how this phenomenon is affected by light dose, photo-
sensitizer concentration and chemical properties are therefore an es-
sential step towards the development of PDT protocols resulting in
specific biological effects.

Permeabilization of lipid bilayers under photooxidation occurs via
pore opening [4], a mechanism that is favored by oxidized lipids in a
number of ways. Compared to bilayer forming lipids that have two

similar or identical carbon tails and thus a packing parameter [8]
consistent with planar self-assembling, lipids with a truncated tail favor
instead micelle-like structures [9, 10]. Molecular dynamics simulations
show that these features are encountered for instance in phospholipid
aldehydes, oxidized products bearing a long carbon chain and a shorter
aldehyde-bearing chain. Not only aldehydes bear packing parameters
that stabilize pore rims, but also they are more polar and display higher
chain mobility if compared with their non-oxidized precursors [9, 10].
As the simulations show, if a few of these molecules are initially ran-
domly positioned in a standard phospholipid bilayer, aggregates of
phospholipid aldehydes form after a certain time and induce pore
opening [10]. Experimentally, membranes self-assembled from mix-
tures of standard phospholipids and phospholipid aldehydes have also
been shown to display increased permeability with respect to the un-
charged fluorescent molecule PEG12-NBD [11, 12] and to K+ [13].

We have recently proposed that the increase in permeability of
photooxidized 1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) bi-
layers is controlled by the time required by the oxidized lipid species to
diffuse and aggregate into pores [4], an effect that was studied by mi-
croscopic observation of giant unilamellar vesicles (GUVs). This diffu-
sion-limited mechanism provides for explicit predictions for the varia-
tion of permeabilization kinetics with photosensitizer concentration
and also with light power. The predicted dependence on photosensitizer
concentration was confirmed in our previous work for the
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phenothiazinium dye methylene blue (MB) [4], a photosensitizer that
has been successfully employed to treat conditions ranging from mel-
anoma to severe bacterial and viral infections [14–16]. Herein, we first
test the predicted dependence of permeabilization kinetics with irra-
diation power. Notably, tuning irradiation power allows modulating
permeabilization kinetics under constant chemical composition, a clear
advantage for many photosensitizers displaying concentration-depen-
dent photochemistry due to aggregation effects [17–19]. Next, we
evaluate if our predictions are also valid for a more hydrophobic phe-
nothiazinum photosensitizer, DO15. By binding to membranes more
extensively, DO15 was shown to induce membrane permeabilization
faster than MB [19] and also to allow for high light/dark cytotoxicity
ratios in biological context [20–26]. Our results highlight the im-
portance of considering photosensitizer spatial distribution to PDT
protocols, while shedding light on the permeabilization mechanism of
photooxidized lipid bilayers.

2. Materials and methods

2.1. Materials

1,2-Dioleoyl-sn-glycero-3-phosphocholine (DOPC) was purchased
from Avanti Polar Lipids, USA. DO15 was synthesized as in Wainwright
et al. [22] Glucose, sucrose, chloroform, methylene blue (MB), Triton X-
100, and sodium dodecyl sulfate (SDS) were purchased from Sigma
Aldrich, Germany. Tris(hydroxymethyl)aminomethane (Tris) was pur-
chased from Labsynth, Brazil. Milli-Q water (Millipore, France) was
employed in all circumstances. The molecular structures of the photo-
sensitizers (PS) are shown in Fig. 1.

2.2. Photosensitizer-to-membrane binding

Similarly to a previous study in which soy lecithin liposomes were
used [19], PS binding to DOPC membranes was characterized from PS
partitioning between membrane and aqueous solution by equilibration
with liposomes and separation of bound and free PS by centrifugation.

DOPC vesicles were prepared as follows: 7.5 mg of DOPC were
dissolved in chloroform, which was dried with an argon flow yielding a
lipid film. A liposome suspension was obtained by hydration with 2mL
of 5mM Tris buffer (pH=7.6) and the mixture was agitated vigorously
for 3min. The suspension was then centrifuged for 10min at 16,000g
and the supernatant containing the smaller liposomes was discarded.
The remaining pellet was re-suspended with 2mL of the same buffer.
This procedure was repeated three times to obtain a suspension of li-
posomes that sedimented well under centrifugation. Samples were
prepared with 30 μL of the resulting suspension and enough buffer and
photosensitizer in order to obtain 15 μM photosensitizer in 1mL vo-
lume, corresponding to a PS/DOPC ratio of 10.5mol%. After 1 h in-
cubation, samples were centrifuged at 16,000g for 10min, to separate
the liposomal (containing bound PS) and aqueous fractions. The su-
pernatant was collected and diluted with a 50mM SDS solution con-
taining 10% of Triton X-100 to avoid the presence of PS aggregates. The
absorbance of the unbound dye (Abss) was compared to a sample
lacking liposomes (Abs0) in order to calculate the distribution ratio Pm/s

between the membrane and the aqueous solution, Pm/

s= (Abs0− Abss)/Abss.

2.3. GUV leakage assay

Giant unilamellar vesicles (GUVs) were grown by the electro-
formation method [27]. 5 μL of a 1 g L−1 DOPC solution in chloroform
were spread over the conducting face of each of two ITO-coated glass
slides. Chloroform was evaporated under vacuum for 45min. Sigillum
Wax (Vitrex, Denmark) was placed around the lipid film on one of the
slides and the second slide was used to assemble a chamber. The
compartment was then filled with a 0.1 M sucrose solution and the glass
slides were connected to an alternate current source (Agilent 33120)
with 10 Hz frequency and 1 V tension for 2.5 h. Aliquots of the resulting
GUV sample were diluted 10-fold with 0.1M glucose solution con-
taining enough photosensitizer to have a final photosensitizer con-
centration of 4 μM, and let in the dark at 4 °C until being used for mi-
croscopy experiments. Osmolarities of glucose and sucrose were
matched using a cryoscopic osmometer (Osmomat 030, Gonotec, Ger-
many).

Coverslips separated by a spacer (Coverwell Perfusion Chambers
PC4L-2.0, Grace Bio-Labs) were used for observation under an Eclipse
TE 200 inverted microscope (Nikon) with a phase contrast (Ph-C), Plan
Fluor ELWD 40x/0.60 objective (Nikon). A digital camera (1800 NI-
DIAG, Diagnostic Instruments Inc., USA) and a homemade software
were used to acquire images. The sample was irradiated with the mi-
croscope mercury lamp (HBO 103W/2, see Fig. SM-1 for spectrum),
which maximum intensity (I~15 kWm−2, no color filter) could be re-
duced 4- (I/4) or 8-fold (I/8) by neutral filters. We checked that, in
absence of photosensitizer (MB or DO15), continuous illumination of
the sample with the mercury lamp or with the halogen lamp used for
observation (Ph-C mode) did not generate any GUV leakage in the ex-
periment timescale. Each experiment started by selecting a region of the
sample that contained at least one GUV (Fig. 2, 0 min). The figure
shows that the sugar-induced differences in refractive index result in an
intensity contrast between the GUV interior and the surrounding solu-
tion, an essential feature for membrane permeability measurements, as
explained below. Video acquisition was started under halogen lamp
illumination (Ph-C mode), and kept active for the rest of the experi-
ment. Consecutive sequences of irradiation (mercury lamp) and ob-
servation (Ph-C mode) of the sample were performed: the shutter of the
HBO lamp was set opened, letting the light to reach the sample during a
period over which the camera acquired saturated, white images; after
some time, the shutter was closed so that images of the GUVs were
acquired in the Ph-C mode during several seconds (Fig. 2, 2.9 min and
6.7 min). The experiment was stopped when the GUV(s) had evolved
through a stable state, characterized by no apparent difference of
contrast with the surrounding solution (Fig. 2, 13.9min). Typically,
experiments ran over minutes, up to twenty minutes, depending on the
light intensity. The analyses of the recorded movies were carried out
using a homemade software. The sequences of white, saturated images
were used as the indication of the irradiation periods, with a typical
time scale precision of 0.2 s. Ph-C images taken during the non-irra-
diating periods were used to measure the average contrast between the
GUVs and the outer solution, as already depicted elsewhere [4]. Briefly,
intensity linear profiles (6 pixels width) were traced through the vesicle
diameter, and the ‘Contrast’ was defined as the difference between
maximum and minimum intensity of the profile (Fig. 3A and B). Fig. 3C
shows a typical evolution of ‘Contrast’ as a function of time. Irradiation
periods correspond to time sequences with no Contrast. Noteworthy,
‘Contrast’ shows no evolution during the periods in Ph-C mode, which

Fig. 1. Molecular structures of (A) MB and (B) DO15.
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Fig. 2. Phase contrast microscopy images of a DOPC GUV in a 4 μMMB solution, irradiated with the light intensity I/8, at different irradiation times (t= 0, 2.9, 6.7,
and 13.9min).

Fig. 3. A: Typical phase contrast image of a GUV (contrast
improved for visualization) and scheme of the 6 pixel height
diametral rectangle. Image width is 70 μm. B: averaged in-
tensity profile along the rectangle defined in A. The difference
between maximum and minimum of the profile (dotted lines)
is defined as the ‘Contrast’. C: ‘Contrast’ as a function of time
for a GUV in 4 μM of MB, for irradiation at I/4. Small circles
correspond to individual images (e.g. A and B), while big
circles are averages over ‘non-irradiation’ sequences. D:
Individual ‘Contrast’ values measured in C, as a function of
image position in a ‘non-irradiation’ sequence. Acquisition
frame rate is 0.4 frame/s. Values are connected by lines for
aiding visualization.

I.O.L. Bacellar et al. %%$���%LRPHPEUDQHV�����������������²����

����
85



lasted 5–10 s (see Fig. 3D). In comparison, irradiation periods were of
1–3min, meaning that cumulated irradiation times were circa 100-fold
that of the cumulated non-irradiation times. This observation discards
the possibility that membrane oxidation significantly progresses during
observation periods and specifically that dark reactions derived from
Type I chemistry further progressed whilst Type II reactions would be
halted by lack of irradiation. As such, ‘Contrast’ can be plotted as a
function of the cumulative irradiation time, as discussed later, and
Boltzmann sigmoidal functions were fitted (Origin Lab 8.0) to the re-
sulting curves.

3. Results

Pm/s, the distribution ratio of photosensitizer between the mem-
branes and the solution was determined for MB and DO15 in DOPC
liposomes, yielding values of 0.03 ± 0.04 and 1.8 ± 0.1, respectively.
Unlike MB, that barely binds to liposomes, partitioning of DO15 favors
its binding to the DOPC membrane. Such higher affinity of DO15 for the
DOPC membrane is in qualitative agreement with results obtained by
Bacellar et al. for membranes reconstituted from soy lecithin (SL) [19],
i.e. 0.06 ± 0.01 and 13 ± 9 for MB and DO15 respectively. The 6-fold
difference observed with DO15 for SL when compared to DOPC can be
attributed to the membrane composition. Indeed, SL contains various
phospholipid classes, being a mixture of phosphatidylcholine (PC),
phosphatidylinositol (PI), phosphatidic acid (PA), and phosphatidy-
lethanolamine (PE), besides containing fatty acids with various chain
lengths, and unsaturation levels [28, 29].

That DO15 interacts with membranes more extensively than MB
was confirmed by measuring the leakage of a fluorescent probe en-
trapped in DOPC liposomes, which shows emission enhancement upon
dilution in the outer solution (Supplementary material -SM- section,
Fig. SM-2). As seen in Fig. SM-2, leakage in presence of MB needs ca.
10 h of irradiation to reach 50% of probe release, while DO15 reaches
the same value within 1 h of irradiation (see Discussion in SM). These
results are in agreement with those obtained in the previous SL based
study, in which MB did not lead to a significant leakage in a 2 h irra-
diation period, while DO15 induced 100% leakage during the same
period [19].

The membrane permeabilization timescales observed in GUVs are
significantly faster, and both MB and DO15 were able to promote GUV
membrane permeabilization in time ranges of a few tens of minutes.
This effect can be accounted both to the greater light power used for
GUV irradiation (see SM) and to GUV geometry, which leads to a si-
tuation with a much larger photosensitizer to lipid concentration ratio
in comparison to LUV experiments. We checked that Hg irradiation did
not induce any membrane modification of DOPC GUVs in absence of PS.
As exemplified in Fig. 2 for MB, irradiation of DOPC GUVs immersed in
a 4 μMMB or DO15 solution led in both cases to vesicle morphological
changes similar to those reported for MB and other photosensitizers [4,
30–33]. Ph-C microscopy demonstrates how initially round-shaped
GUVs evolve towards more irregular, fluctuating shapes after some ir-
radiation time. However, as irradiation continues, GUVs eventually
recover a spherical shape, starting to lose their contrast with respect to
the outer solution (Fig. 2, 13.9min). During this second step, pores with
sizes above several micrometers have been sometimes observed (Fig. 4),
as already reported by us and others [4, 34]. As claimed elsewhere,
membrane pore opening in such aqueous environment is not typically
resolvable, except under particular conditions including a decrease in
pore line tension, which is expected from the accumulation of oxidized
lipids [34]. Several molecular simulation studies have reported that
oxidized lipids, in particular phospholipid aldehydes, are able to pro-
mote pore opening in bilayers [9, 10, 35]. We hypothesize that pores
are at the origin of the observed loss of contrast, being mostly of sub-
optical sizes, i.e. non-detectable by optical microscopy.

“Contrast” values as a function of the cumulative irradiation time
were plotted for GUVs irradiated with MB or DO15 under different light

intensities (I, I/4 and I/8) (Fig. 5A–F). All the profiles of Contrast versus
time can be well fitted by the Boltzmann function:

= + − + −eContrast A (A A )/[1 ]2 1 2 ((t τ)/∆τ) (1)

where A1 and A2 correspond to the initial and final contrast values
respectively, τ is the half decay time, and Δτ is the width of the dis-
tribution. Fig. 5A–F clearly show that there is a difference between MB
and DO15 in the range of timescales required for GUVs to lose contrast,
DO15 inducing faster kinetics than MB, as will be further discussed
below. Fig. 5G shows the same plots where the Contrast is normalized
by its initial and final values A1 and A2 (i.e. plotted as (Contrast-A2)/
(A1-A2)), and the time evolution is centered at zero and normalized by
the time width Δτ (i.e. plotted as a function of (t-τ)/Δτ).

4. Discussion

DOPC membrane permeabilization by MB or DO15 was studied by
optical contrast induced by sugar asymmetry in GUVs. DO15 was more
efficient than MB, in agreement with irradiation-induced leakage of
LUVs made of both soy lecithin membranes [19] or DOPC (SM section).
Experiments on GUVs enable monitoring the behavior of a single
membrane during the lipid oxidation process, taking advantage of
higher irradiation power and larger photosensitizer to lipid con-
centration ratio. MB and DO15 were used at a 4 μM concentration, at
which aggregation, a common trend for such molecules, is known to be
minimum [17]. This concentration enabled us to observe and char-
acterize GUV loss of contrast while still keeping overall irradiation
times into a reasonable range of a few tens of minutes with both MB and
DO15 (Fig. 5).

The morphological changes of the DOPC membrane displayed in
Fig. 2 are induced by irradiation in the presence of the photosensitizers.
They were first reported by Caetano et al. [5] and since then identified
as corresponding to different steps of membrane oxidation. Among the
possible lipid oxidation processes is the formation of lipid hydroper-
oxides by singlet oxygen: after singlet oxygen is formed by energy
transfer from the triplet excited state of the photosensitizer to ground
state molecular oxygen, singlet oxygen can directly react with un-
saturated lipids via the ene reaction and yield lipid hydroperoxides
[36]. Formation of DOPC hydroperoxides leads to an increase in the
area per lipid of about 20% [30], explaining the strong fluctuations first
observed. However, hydroperoxidation does not lead to membrane
disruption or permeability increase with respect to sucrose or glucose,
as proven by the preservation of GUV optical contrast [30] and en-
dorsed by molecular dynamics simulations [10, 37, 38]. Further oxi-
dation beyond hydroperoxidation eventually results in different lipid
species, including phospholipids with one or two carbon short chains
and bearing aldehyde and other groups. These oxidized lipids with one
or two short carbon chains were shown to increase membrane perme-
ability in molecular dynamics simulations through pore-opening [9, 10,
35] and have also been shown to increase the permeability of mem-
branes already assembled from these molecules [11–13]. The formation
of truncated phospholipids was hypothesized by Caetano et al., who
observed that irradiation of lipid suspensions with high concentrations
of MB (> 50 μM) also led to liposome destruction and decrease in
surface tension of the air-water interface [5]. The latter effect was at-
tributed to formation of short chain carboxylic acids, as a result of
phospholipid fatty acyl chain cleavage [5]. We will refer to such oxi-
dized lipids, capable of membrane permeabilization as “pore-forming
lipids”. Since they are randomly generated in the membrane, the for-
mation of a pore first requires diffusion and aggregation. We have
previously computed the consequences of this scenario for the kinetics
of pore formation [4]. As illustrated in Fig. 6, central to our prediction
is the time required to form an aggregate with n pore-forming lipids,
given by the following equation: [4]
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=n πDα t
t t

2 1
ln( / )

2
0 (2)

where D is the lipid's diffusion coefficient, α the rate of oxidation of
pore-forming lipids per unit area of membrane and t0 the time required
for a lipid to explore a pore size RP. The factor αt2 is a direct con-
sequence of assuming a constant production rate for the oxidized lipids,
and in the simple case where a photosensitizer does not interact with
the membrane, the production rate α is expected to be proportional to
bulk photosensitizer concentration CPS and light intensity I, i.e. α ∝ CPS

I. Note that the proportionality of α with CPS holds even though only
singlet oxygen generated in a layer of 100 nm width on both sides
reaches the membrane [5]. Indeed, that thickness corresponds to the
diffusion length δ=(Dτ)1/2 of singlet oxygen, with
D=3× 10−5 cm2 s−1 the diffusion coefficient of singlet oxygen [39],
and τ=3× 10−6 s its decay time in water [40]. Given a value n0 of
oxidized lipids required to form a pore, inversion of Eq. (2) provides an
equation for the permeation time, i.e. the experimentally-determined
parameter τ, as a function of CPS and I. In the present study, CPS is
constant, and I is the experimental variable; one gets from Eq. (2):

⎜ ⎟∝ ⎛⎝ ⎞⎠I n
πDC τ

τ
τ2

1 ln
PS

0
2 0 (3)

We have previously shown for a MB/DOPC system that the depen-
dence of permeation time with MB concentration CMB follows ap-
proximately the expected scaling law τ∝ CMB

−1/2. Fig. 7A presents the
evolution of τ with the light power, for MB and DO15. In the case of
MB, τ follows the expected variation law τ∝ I−1/2 (dash-dotted line)
closely, in agreement with our previous analyses described above [4]
i.e. with Eq. (3). Fig. 7A further demonstrates that a better fit is ob-
tained by using the full expression in Eq. (3) (Fig. 7A and B, thin blue
dashed line), which includes also the logarithmic term that is neglected
in the scaling approximation. The best fit using Eq. (3) gives the value
t0= 2.2 s, from which an average pore size RP≈ 1 μm can be extracted
(RP= (Dt0)0.5), assuming a typical diffusion coefficient for the oxidized
lipid species D= 1 μm2 s−1 [41, 42]. In practice, only a few pores
larger than 1 μm were observed in some of our experiments, as the one
shown in Fig. 4. Runas and Malmstadt reported that pores in the

nanometer size range were formed in GUVs containing up to 12.5%
(mol%) of the oxidized lipid 1-palmitoyl-2-(9′-oxo-nonanoyl)-sn-gly-
cero-3-phosphocholine; indeed GUVs were permeable to PEG12-NBD,
but not to 40 or 2000 kDa fluorescein-dextran [11]. However, the au-
thors also reported that pores with diameters larger than 55 nm can be
formed for larger amounts of oxidized lipid, leading to permeability to
fluorescein-dextran [11]. This indicates that pores of larger sizes can
form as an increasing number of oxidized lipids is generated.

Contrary to MB, the permeation time τ(I) measured with DO15
cannot be fitted by Eq. (2). An acceptable fit (displayed in Fig. 7A) can
nevertheless be obtained by changing the power of the time depen-
dence of Eq. (2) from n∝ t2 to n∝ t2.7 (I∝ τ−2.7 in Eq. (3)). Assuming
still a diffusion-limited pore formation, such dependence would point to
a rate of generation of the pore-forming species that is not constant, but
grows rather as t0.7. These results are summarized in Fig. 7B. While a
constant rate of production of the pore-forming lipids such as that ob-
served for MB is a natural mechanism to consider, the time-increasing
rate that would explain permeabilization under DO15 is somewhat
more complex. An obvious difference between the two sensitization
environments is the larger observed affinity of DO15 for the lipid
membranes. Assuming that pore-forming lipids are generated by reac-
tions involving the triplet states of the photosensitizer, one would have
thus for MB a creation of triplets by illumination of molecules in the
solution in the neighborhood of the membrane, with reactions between
the triplets and the lipids occurring only for those rare MB molecules
coming into close distance of a lipid unsaturated bond. Since the re-
actions are scarce the generation of pore-forming lipids is limited by the
rate of reaction, with a constant rate of production. Contrary to MB,
there is a significant amount of DO15 in the membrane (Pm/s= 1.8 in
DOPC liposomes), and the reactions are likely to involve predominantly
triplet states generated in those DO15 molecules already in the bilayer.
An obvious implication is that the renewal of the DO15 molecules
consumed by the reactions will in this case play a role in the kinetics of
generation of pore-forming lipids. Although studies on DO15 adsorp-
tion kinetics are beyond the scope of this paper, it is tempting to
speculate at this point that such kinetics processes play an important
role in the permeabilization generated by DO15 photosensitization.

Fig. 4. Membrane pore captured for a GUV under irradiation (light intensity= I) with 4 μM DO15, showing a pore from t+0.2 s of irradiation, after the end of the
strong shape fluctuations period.
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Fig. 5. (A–F) Variation of the ‘Contrast’ as a function of irradiation time for GUVs irradiated with 4 μMMB or DO15 under different light intensities. Each color shade
corresponds to an experiment with a different GUV. That all normalized time profiles follow well a Boltzmann function is shown in (G), where all data collapse in a
single master plot. In (G), blue is for MB, red for DO15, circles, down, and up, triangles are for I, I/4, and I/8 respectively.
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5. Conclusions

In previous studies of lipid oxidation by the photosensitizer MB [4],
we proposed a reaction-diffusion mechanism to describe membrane
permeabilization, encompassing the production of pore-forming lipids
at a constant rate and their diffusion-limited aggregation leading to
pores. The mechanism explains well the observed photosensitizer con-
centration-dependence of the time needed for GUV loss of contrast, and
additionally predicts the dependence with light power. In the present
paper we confirm the validity of the proposed mechanism, by showing
that the variation of light power leads to the expected kinetics responses
for MB. However, we also show that the kinetics of permeabilization are
sensitive to the spatial distribution of the photosensitizer. DO15, a
photosensitizer with a high affinity to the membrane displays a faster
kinetics that MB, incompatible with a constant rate of formation of
pore-forming lipids. Although the exact reaction pathways that lead to
the generation in the membrane of pore-forming lipids is not yet
known, it is very likely that such reactions involve the triplet states of
the photosensitizers: indeed, pure hydroperoxidation does not com-
promise the permeability of the membrane [11]. We thus propose that
differences in permeabilization kinetics between MB and DO15 are
explained by the different spatial distributions of both photosensitizers
and in particular by the time evolution of photosensitizer triplet states
available for the reactions.
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Using giant unilamellar vesicles (GUVs) made from POPC, DPPC, cholesterol and a small amount of a
porphyrin-based photosensitizer that we name PE-porph, we investigated the response of the lipid bilayer
under visible light, focusing in the formation of domains during the lipid oxidation induced by singlet oxygen.
This reactive species is generated by light excitation of PE-porf in the vicinity of the membrane, and thus pro-
motes formation of hydroperoxides when unsaturated lipids and cholesterol are present. Using optical mi-
croscopy we determined the lipid compositions under which GUVs initially in the homogeneous phase
displayed Lo–Ld phase separation following irradiation. Such an effect is attributed to the in situ formation
of both hydroperoxized POPC and cholesterol. The boundary line separating homogeneous Lo phase and
phase coexistence regions in the phase diagram is displaced vertically towards the higher cholesterol content
in respect to ternary diagram of POPC:DPPC:cholesterol mixtures in the absence of oxidized species. Phase
separated domains emerge from sub-micrometer initial sizes to evolve over hours into large Lo–Ld domains
completely separated in the lipid membrane. This study provides not only a new tool to explore the kinetics
of domain formation in mixtures of lipid membranes, but may also have implications in biological signaling of
redox misbalance.

© 2011 Elsevier B.V. All rights reserved.

1. Introduction

Oxidation of biomolecules and the accumulation of these oxidized
byproducts have a degenerative effect on one's health, and it can lead
to disease or to the acceleration of the aging process [1]. Depending
on the amount of oxidative misbalance impaired to the cells several
outcomes are possible: cells can recover and survive, they enter in se-
nescence, engage in apoptosis or die by uncontrolled necrosis. The
ability to restrain and to control the effects of oxidation of biological
molecules has, potentially, life saving benefits. From another perspec-
tive, controlled application of oxidative stress has been useful in the
treatment of some diseases in a procedure that has been called pho-
todynamic therapy (PDT). This therapeutic treatment involves dam-
aging diseased tissues by applying the correct combination of a
photosensitizer, visible light, and oxygen, which results in cell death
and eradication of the disease [2–4].

The molecular mechanisms that transform an oxidative misba-
lance into a specific or generic damage, which in the end cause a
cell to die, are still being studied. For that reason most PDT protocols
are empirical and all of them are prone to fail in around 15% of the

patients [5–7] indicating that further knowledge of the photochemi-
cal and photo-biological effects of these oxidative reactions is
necessary.

It is believed that damaging membranes is one of the initial steps
in the process of disturbing cell homeostasis [8,9]. Therefore, in order
to improve our knowledge in the processes that cause changes in the
cell viability under photo-induced oxidative misbalance, it is neces-
sary to study details of the transformations that membranes face in
the presence of an oxidative misbalance. The chemical changes have
been thoroughly studied and are known in great detail in the begin-
ning and in the end of the oxidative process; the intermediate species
are not so well understood [10]. However, the effects that these trans-
formations have on the physical properties of the membranes are still
poorly understood. Recently, Kinnunen and co-works reported that
oxidized phospholipids may facilitate the phospholipid flip-flop in li-
posomes [11]. Molecular dynamic (MD) simulations have shown that
the oxidized tails can migrate toward the water phase, depending on
their chemical structure modifications. This leads to an increase in the
average area per lipid and concomitantly to a decrease of the bilayer
thickness, causing membrane defects and increased permeability
[12,13]. It has also been recently shown both experimentally [14]
and by MD [15] that massive oxidation can cause membrane struc-
ture disruption.

We have been using Giant Unilamellar Vesicles (GUVs) to study
the details of the physical transformation that a membrane suffers

Biochimica et Biophysica Acta 1818 (2012) 666–672

⁎ Corresponding authors.
E-mail addresses: marques@unistra.fr (C.M. Marques), itri@if.usp.br (R. Itri).

0005-2736/$ – see front matter © 2011 Elsevier B.V. All rights reserved.
doi:10.1016/j.bbamem.2011.11.025

Contents lists available at SciVerse ScienceDirect

Biochimica et Biophysica Acta

j ourna l homepage: www.e lsev ie r .com/ locate /bbamem

91



Author's personal copy

when the lipids are involved in photoinduced oxidative reactions.
While studying GUVs suspended in methylene blue solutions, in
order to follow the successive steps of the membrane destruction
[14], we realized how important is to better control the localization
of the singlet oxygen sources. We have thus synthesized a molecule
(PE-porph, a derivative of protoporphirin bound to two PEmolecules)
that generates a known amount of singlet oxygen in the close vicinity
of the membrane [16]. PE-porph allows the photo-oxidative reaction
to induce in situ formation of lipid hydroperoxides. With this tool we
were able to estimate the yield of the reaction between singlet oxy-
gen and the double bond of POPC and quantitatively relate the change
in membrane area with the formation of lipid hydroperoxides.

Lipid membranes do not act passively as a fluid matrix. Instead,
the lipids are organized in different domains that play an important
role in protein function. In biological membranes, the so-called lipid
rafts exist as membrane micro-domains enriched in the liquid-
ordered (Lo) phase, which results from packing of the long saturated
alkyl chains of sphingolipids and cholesterol that segregate from the
liquid-disordered (Ld) phase composed of unsaturated phospholipids
[17–20]. Changes in the lipid composition of the rafts have been
increasingly related with cell signaling processes [21]. For example,
it has been shown that the organization of lipids in rafts is fundamen-
tal for the signaling involved in the intrinsic pathway of apoptosis
[22]. Poly unsaturated fatty-acids, which are prone to be oxidized,
seem to play important roles in the structure and formation of the
membrane rafts [23]. Interestingly, Megli and co-workers have
shown that phospholipid multilamellar vesicles made of linoleyl PC
and DPPC containing certain percentages of oxidized phospholipids
(typically from 5% to 15%), have two component EPR spectra at low
temperatures (typically 12 °C or less), which are indicative of lipid
phase separation [24]. Therefore, it is important to understand how
an oxidative misbalance can alter the organization of the lipids in a
membrane as well as the mechanisms of these changes.

Noteworthy, lipid hydroperoxides derived from unsaturated
phospholipids, glycolipids, and cholesterol are prominent oxidative
byproducts found in cellular and membrane mimetic systems [25].
They are known to alter the thermotropic phase properties of the
bilayer [26] and the lipid packing [27]. It has also been shown that
in some cases lipid hydroperoxides may stimulate signaling within
the cell [10,28].

GUV has been extensively used to investigate the phase behavior
of lipids and its relation to various aspects of lipid rafts. These studies
have led to the understanding of the relationship between the molec-
ular structure of a specific lipid and its role in the composition of lipid
domains in a membrane bilayer. Phase diagrams have been shown for
various model membranes using quasi-ternary mixtures, in which
there is a tendency of the lipids to either be completely mixed or co-
exist in separate lipid phases. In fact, formation of lipid domains has
been observed before by photo-stimulating fluorescent lipid probes
in GUVs made of ternary mixtures of lipids. Several authors caution
that lipid peroxidation can be a serious artifact in the study of GUV
domains, suggesting ways in which this effect can be minimized, for
instance, by using anti-oxidant agents [29–31]. Ayuyan and Cohen
suggested that domains were generated due to the formation of per-
oxidation products, especially of sphingomelin (SM), by Haber–Weiss
and Russel mechanisms of oxidation reactions [29]. Feigenson et al.
suggested that large photoinduced domains arise from the coales-
cence of smaller pre-existent lipid clusters that grow under oxidation
[30].

In this study, we investigated GUVs assembled from ternary mix-
tures of POPC, DPPC and cholesterol, with a small mole fraction of
PE-porph, a modified lipid carrying one porphyrin, a moiety photo-
sensitizer currently used in PDT. We monitored macroscopic changes
of the membrane induced by lipid oxidation by means of optical mi-
croscopy. We explored significant parts of the ternary phase diagram,
with cholesterol mole fractions up to 0.23. By controlling membrane

composition we were able to identify the region in the POPC:DPPC:
cholesterol phase diagram where Lo–Ld coexistence emerges from
initially homogeneous mixtures due to the formation of both oxidized
POPC and cholesterol species.

2. Materials and methods

2.1. Materials

The lipids 1,2-dipalmitoyl-sn-glycero-3-phosphocoline (DPPC), 1-
palmiltoyl-2-oleoyl-sn-3-glycero-phosphocoline (POPC) and choles-
terol were purchased from Avanti Polar Lipids (Alabaster, AL). The
photosensitizer Dimethyl 8,13-Divinyl-3,7,12,17-Tetramethyl-21H,
23H-Porphine-2,18-Dipropyl-L-α-Dimyristoyl Phosphatidyl Ethanol-
amine, that we name PE-porph, was synthesized as previously de-
scribed [16] and consisted of a porphyrin molecule attached to two
phosphatidylethalonamines, schematically shown in Fig. 1. Similar
to porphyrin incorporated in model membranes, PE-porph presents
a maximum light absorption at ca. 400 nm and fluorescence emission
above 600 nm. The quantum yield of singlet oxygen production is 0.5
[16]. Further, observation under the microscope in the fluorescence
mode showed that PE-porph incorporated in the bilayer presents a
fast photobleaching, with a decay time of 2 s under irradiation [16].
In some cases, a green-emitting egg-PC labeled with the fluorophore
NBD, 1-oleoyl-2-{6-[(7-nitro-2-1,3-benzoxadiazol-4-yl)amino]hexa-
noyl}-sn-glycero-3-phosphocholine from Avanti Polar Lipids, was
used to better visualize the presence of domains. The total molar frac-
tion of the fluorescent probe was less than 0.1 mol% of the total lipid
amount; low intensity illumination was used in the fluorescence mi-
croscopy to avoid artifacts due to light-induced domain formation by
the NBD-probe [29–31].

2.2. Preparation of giant unilamellar vesicles

Giant unilamellar vesicles (GUVs) containing 1 mol % of PE-porph
were grown by means of the electroformation technique [32]. Briefly,
8 μl of a 2 mg/ml lipid mixture in chloroform were spread as a thin
film on the surfaces of two conductive glasses (coated with Fluor
Tin Oxide). The glasses were placed in a desiccator for at least 2 h to
remove any traces of chloroform from the lipid film. They were then
mounted with their conductive sides facing each other and separated
by a 2-mm-thick Teflon spacer. This electroswelling chamber was
filled with a 0.2 M sucrose solution and placed inside an oven at
~60 °C. The glass plates were connected to a function generator and
an alternating voltage of 2 V with a 10 Hz frequency was applied for
2 h. The vesicle solution was removed from the chamber and diluted
into a 0.2 M glucose solution. This created a sugar asymmetry be-
tween the interior and the exterior of the vesicles. The osmolarity of
both the glucose and sucrose solutions was measured with a cryo-
scopic osmometer Osmomat Gonotec 030 (Berlin, Germany) and
carefully matched to avoid osmotic pressure effects. The solution
was placed in an observation chamber. Due to the differences in den-
sity and refractive index between the sucrose and glucose solutions,
the vesicles were stabilized by gravity at the bottom of the chamber
and had better contrast when observed by phase contrast microsco-
py. The presence of PE-porph did not bring about any change to the
vesicles in the darkness. The presence of NBD-probe in the membrane
did not promote any visible change in lipid bilayer in the absence and
presence of light.

Each vesicle containing a specific lipid composition was examined
by at least three independent preparations.

2.3. Optical microscopy observation and irradiation

Observation of GUVs was performed under an inverted micro-
scope, Axiovert 200 (Carl Zeiss, Oberkochen, Germany), equipped
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with a Ph2 63× objective. Images were taken with an Axiocam HSm
digital camera (Carl Zeiss). Irradiation of the PE-porph containing-
samples was done using the HBO 130 W Hg lamp of the microscope
using a 400-nm excitation filter. The power density of the irradiation
was 5 W/cm2, measured with a Powermeter (Coherent, Santa Clara,
CA).

3. Results

In order to have a comprehensive understanding of how the in situ
production of oxidized lipids impacts on POPC:DPPC:cholesterol
membrane phase behavior, we investigated 25 different lipid compo-
sitions as indicated in the ternary diagram of Fig. 2. These composi-
tions included some binary mixtures composed of either POPC and
cholesterol, or DPPC and cholesterol, as well as DPPC and POPC, dis-
played in Fig. 2 by the symbols on the triangle sides. Note that, al-
though not explicitly added in the diagram, the photosensitizer
molecule, 1 mol% PE-porph, was always present, in such a way that
the bottom left corner corresponds to a POPC/PE-porph vesicle
whereas the bottom right corner represents a DPPC/PE-porph vesicle.
The numbering on the right axis indicates the cholesterol mole frac-
tion, XCh, in the bilayer. We mostly explored samples with fractions
XCh=0.00, 0.09, 0.16 and 0.23.

The lipid mixtures with POPC:DPPC ratio of 1:2 and 1:4, at zero
cholesterol content, as well as the 1:4 ratio of POPC:DPPC with
XCh=0.09 (marked as open triangles in the ternary diagram, Fig. 2),
display type II heterogeneities before irradiation [33]. This corre-
sponds to optically visible domains due to phase separation between

the gel and fluid phases, as revealed by NBD fluorescence (data not
shown). For these samples, we did not study their responses to irradi-
ation. All the other compositions led to GUVs that had initially homo-
geneous fluorescence, being therefore either type I mixtures with
domains of nanoscopic dimensions [33,34], which could not be
observed due to the optical resolution of our microscope, or truly
homogeneous mixtures of the lipids. According to the ternary POPC:
DPPC:cholesterol phase diagram described by Feigenson et al. [30],
pure Lo mixtures of lipids were expected for cholesterol percentage
above 20%.

In what follows, we first describe the photo-induced responses
observed by phase contrast and fluorescence microscopy for GUVs
made up of POPC:cholesterol, DPPC:cholesterol and POPC:DPPC;
then we will consider the effect of the photo-oxidation on the ternary
compositions.

3.1. Binary mixtures

3.1.1. POPC:cholesterol
We investigated several binary samples along the POPC-

cholesterol binary side of the triangular diagram, shown as filled
squares in Fig. 2 (enclosed in the region 1 in the phase diagram
displayed on Fig. 3). According to previous observations [35,36],
samples containing less than 10% of cholesterol (see Fig. 2) are in
the Ld phase, while a Ld-Lo phase coexistence region should be
expected for POPC-cholesterol samples with higher cholesterol frac-
tions (see also Fig. 6). However, we did not notice any detectable dif-
ference in the morphology of the vesicles as observed with phase

Fig. 1. Molecular structure of the hydroperoxides formed during the photo-oxidation reaction of POPC (A) and cholesterol (B) via singlet oxygen O2
1. Chemical structure of the

photosensitizer PE-porph, which consists of a porphyrin attached to the headgroups of two molecules of phosphatidylethanolamine (C).
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contrast microscopy: all the GUVs were of a spherical shape, exhibit-
ing usual small undulations, typical of fluid-like membrane features
up to XCh of 0.23, in the absence of irradiation.

Under irradiation, we observed increased membrane fluctuations
accompanied by morphological changes and apparent area increase
similar to the effects previously reported on fluid bilayers made
from mixtures of PE-porph and POPC [16]. The initial sugar asymme-
try, seen by the presence of the phase contrast rings (Fig. 3), was
maintained throughout the irradiation process. This fact revealed
that no significant change in bilayer permeability to small molecules
as sucrose and glucose occurred due to photoirradiation. In some
cases, the increase in area led to the formation of macroscopic or mi-
croscopic membrane buds (Fig. 3). It has been previously shown that
membrane area expansion depends on the PE-porph amount [16]. For
1 mol% of PE-porph into POPC membranes, the maximum area

increased by 1% as evaluated by the changes from the spherical to
prolate-shaped vesicles in the presence of an electric AC field [16].
Using the same amount of PE-porph and performing similar analysis,
the maximum area increased by 1% and 1.3% in the membranes con-
taining POPC and cholesterol with XCh=0.09 and XCh=0.23 (Fig. 2),
respectively. Moreover, we observed that the PE-porph photobleach-
ing became slower in the POPC:cholesterol membrane (data not
shown).

The increase in area on POPC membranes was previously attribut-
ed to in situ formation of POPC hydroperoxide (Fig. 1A) due to the ox-
idative stress produced in the bilayer by the interaction between
singlet oxygen and the POPC double bond [16]. Sodium azide controls
were performed to make sure that the effect was in fact due to the
reaction of singlet oxygen with double bonds of unsaturated lipids
[14,16].

The observed increase in the PE-porph lifetime must be related to
the fact that cholesterol in the phospholipid bilayers represents
another target to singlet oxygen. As a consequence, cholesterol hy-
droperoxides (Fig. 1B) must be also formed concomitantly to POPC
hydroperoxides.

3.1.2. DPPC:cholesterol
Unlike POPC, DPPC is a saturated lipid and thus it is not peroxi-

dized by singlet oxygen. It is well known that pure DPPC at room tem-
perature is in a gel phase [37]. In order to avoid vesicle deformation
under cooling from the liquid to the gel state, after electroformation
at 60 °C, we studied DPPC/PE-porph vesicles with a minimum amount
of cholesterol of XCh=0.09 (represented as a filled triangle in Fig. 2
and enclosed in the region sketched on the phase diagram of Fig. 4).
Prior to irradiation, GUVs appeared to be of round shape, with no
detectable membrane fluctuations. Under irradiation the mem-
branes showed a qualitatively different shape evolution with re-
spect to the fluctuating vesicles, as shown in Fig. 4. The average
diameter of the vesicle changed by much less than 1% in response
to irradiation; the membrane contour exhibited a systematic con-
cave deflection with occasional flat regions (Fig. 4). For this DPPC:
cholesterol binary mixture such photo-response must be related
to the photo-oxidation of the cholesterol molecules (see Fig. 1B).
The membrane apparent roughness is most likely related to its
gel-like character [37].

As the concentration of cholesterol was increased in the lipid
membrane to XCh=0.23 (filled square in Fig. 2) near the Lo phase
[37], the membrane again exhibited small undulations, typical of
fluid-like membrane in the absence of irradiation. However, we did
not detect any apparent area increase under light exposure. There-
fore, this result demonstrated that hydroperoxized cholesterol

Fig. 2. Ternary diagram of samples composed of POPC:DPPC:cholesterol containing
1 mol% of PE-porph studied here. Square symbols correspond to vesicle samples that
present round shapes and small undulations, typical of fluid-like membranes in the
absence of light irradiation. They exhibit shape fluctuations and area increase under
irradiation, except the sample of DPPC:cholesterol with Xch=0.23. Open symbols
refer to phase separation: open triangles correspond to Ld-gel samples that phase
separate following electroformation, while open squares correspond to samples evolving
into Ld-Lo phase coexistence due to irradiation. Filled triangles correspond to samples that
present round shapes without visible undulations before light exposition and concave
deflections under irradiation.

Fig. 3. GUV composed of POPC:cholesterol (XCh=0.09) and 1 mol% PE-porph under irradiation. In the sequence of images, GUV responds to light exposure displaying increase in
area and fluctuations in less than 1 min of irradiation, followed by emission of buds. Top left number on each image displays time in seconds. The beginning of irradiation is set at
time 0. Triangle diagram on the right indicates the enclosed samples that do not phase separate under light irradiation: POPC:cholesterol samples are enclosed in region 1 whereas
DPPC:cholesterol sample with XCh=0.23 and part of ternary mixtures of POPC:DPPC:cholesterol (represented as filled squares in Fig. 2) are enclosed in region 2.
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does not cause changes in the membrane area as does POPC
hydroperoxide.

3.1.3. POPC:DPPC
Along the binary line of POPC:DPPC vesicles (see Fig. 2), Ld-gel co-

existence is expected [33] between 0.2 and 0.9 mole fraction of DPPC
in the mixtures. GUVs made from 2:1 and 1:1 POPC:DPPCmolar ratios
(filled triangles in Fig. 2) exhibited an homogeneous structure prior
to irradiation i.e. a spherical shape and a uniform distribution of
NBD and PE-porph fluorescence. We observed little, or no membrane
undulations, in these samples before illumination. Under irradiation,
morphological changes presented characteristics similar to the vesicle
responses described in Fig. 4 that were observed for GUVs composed
of DPPC:cholesterol (XCh=0.09). Samples displayed in the enclosed
regions on the phase triangle of Fig. 4 exhibited, therefore, qualita-
tively similar behavior to photo-oxidation.

3.2. Ternary mixtures

We studied 13 samples with ternary compositions, as shown in
Fig. 2, with XCh=0.09, 0.16 and 0.23. All samples exhibited homoge-
neous fluorescence distribution under low light NBD. The effects of
the irradiation on all three-component samples led initially to the re-
sponse shown in Fig. 3, increasing both fluctuations and apparent sur-
face area, with significant morphological changes for samples with
greater amount of POPC. Samples represented as filled squares in
Fig. 2 did not exhibit phase separation under irradiation. They are
enclosed in the region 2 of the phase diagram in Fig. 3. On the other
hand, vesicles with compositions shown as hollow squares in Fig. 2
displayed many small fluorophore-rich domains. These grew with
time. Fig. 5 shows a typical example of such an evolution. We ob-
served that the growing domains have a round shape, indicating Ld-
Lo phase coexistence [31,38]. These phase-separated samples evolved
over hours in the absence of light, and stabilized into a structure

Fig. 4. GUV composed of DPPC:cholesterol (XCh=0.09) and 1 mol % of PE-porph under irradiation. Left: before irradiation, GUV displayed round shapes with no detectable membrane
fluctuations. Right: after irradiation the membrane contour exhibited concave deflections. Top left number on each image displays time in seconds. The beginning of irradiation is set
at time 0. Samples composed of POPC:DPPC (2:1 and 1:1) in the enclosed regions on the phase triangle display qualitatively similar behavior.

Fig. 5. Images obtained with fluorescence microscopy of the sample composed of POPC:DPPC 1:1 and XCh=0.16 with 1 mol% of PE-porph under irradiation. Top left number on each
image displays time. The beginning of irradiation is set at time 0. In the sequence of images taken from 0 to ca 9 s, GUV responds to light exposure displaying increase in area and
fluctuations accompanied by Lo–Ld phase separation. Decreasing in fluorescence intensity with irradiation time is due to PE-porph photo-bleaching. The last snapshot corresponds
to a NBD-containing membrane bilayer that evolved to two segregated fluid domains over hours after irradiation procedure. The ternary diagram displays the phase region where
light-induced phase coexistence has been observed.
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showing large fluid domains completely separated on the membrane
(Fig. 5).

4. Discussion

Using POPC, DPPC, cholesterol and a derivative of the photosensi-
tizer porphyrin, PE-porph, we investigated how photoinduced oxida-
tive stresses change the phase behavior of the ternary mixture. The
presence of the porphyrin photosensitizer anchored on the mem-
brane led to singlet oxygen production under irradiation. Singlet oxy-
gens are known to react with unsaturated lipids and cholesterol,
producing lipid or cholesterol hydroperoxides.

Concerning the DPPC-cholesterol binary systems, the results
showed that the membrane contour displays slightly concave deflec-
tions with XCh=0.09, reflecting the cholesterol photo-oxidation, with
no area increase. GUVs composed of 2:1 and 1:1 of POPC:DPPC dis-
played only a very small area increase with low associated fluctua-
tions. Interestingly, for those mixtures that contained a certain
amount of DPPC, the molecular changes imparted by POPC or choles-
terol peroxidation resulted in moderate membrane buckling.

DPPC membranes containing a greater amount of cholesterol in Lo
phase (XCh=0.23) exhibited usual small undulations with undetect-
able area increase under irradiation. On the other hand, binary
membranes composed of POPC:cholesterol displayed significant mor-
phological changes similar to those observed from pure POPC mem-
branes [16]. We have previously shown that POPC peroxidation,
attributed to the formation of POPC hydroperoxide [16], resulted in
the increase of the total membrane area. Such increase led to transito-
ry shape fluctuations of the GUVs, and eventually to the formation of
membrane buds. Taking into account the influence of cholesterol ox-
idation on DPPC and POPC fluid membranes observed in the current
study, our results give support to conclude that the increase in mem-
brane area from mixtures containing POPC and cholesterol is driven
by POPC peroxidation up to XCh=0.23. We can thus associate an
area increase of 1.3% with the formation of 8.5% of POPC hydropero-
xides according to Eq. 3 of ref. [16].

For the ternary mixtures made from POPC:DPPC:cholesterol, the
photo-activated GUVs also exhibited increase in area and fluctuations
related to POPC content. Some of the ternary compositions with the
largest cholesterol content, shown as hollow squares in Fig. 2, that
were initially in the homogeneous phase, displayed Lo–Ld phase sep-
aration following irradiation. This indicates a light induced phase shift
of the ternary diagram phase boundaries. Fig. 6A displays a schematic
phase diagram for this ternary system before irradiation, based on
previous information of the phase diagrams of the binary mixtures
[29,35–37] as well as on the 2-phase coexistence diagram of POPC/
DPPC/Cholesterol ternary mixtures [30]. Note that in this diagram
the coexistence gaps of the three binary mixtures are well established
and accurately represented in the diagram. The phase boundaries

lines however are not available from the literature; we represent
here the most likely topology that is consistent with our data. We
speculate that the three binary coexistence regions meet at a central
ternary coexistence region. Data from Feigenson [33] are consistent
with the lower POPC:DPPC two phase region, but neither the
expected triangular three-phase region nor the two POPC:cholesterol
and DPPC:cholesterol binary-phase regions have been experimentally
determined. Other possible diagrams consistent with the three
known gaps of the binary systems can be drawn, for instance by con-
necting two binary regions and assuming a closed third one. In any
case, the molecular changes induced by hydroperoxidation transform
the POPC:DPPC:cholesterol ternary diagram in the new phase dia-
gram of the mixture POPC(POPC hydroperoxide): DPPC:cholesterol
(cholesterol hydroperoxide). The combined effect of both POPC and
cholesterol photo-oxidation in the phase diagram is still not clear.
However, our results reveal that the boundary line separating homo-
geneous Lo phase and phase coexistence regions in the phase diagram
is displaced vertically towards the higher cholesterol content in re-
spect to ternary diagram of POPC:DPPC:cholesterol mixtures in the
absence of oxidized species (Fig. 6).

Phase separation in binary systems has been reported with a mod-
est addition of oxidized lipids (5–15 mol %) on lipid bilayers [23].
Such an effect was attributed to changes in lipid tail chemical struc-
ture [23] that may facilitate lipid lateral diffusion [13]. Here we
show that the in situ generation of a small amount of hydroperoxized
POPC combined with a certain amount to cholesterol (cholesterol hy-
droperoxide) induces Lo–Ld phase separation from initially macro-
scopically homogeneous phase. Molecular simulations suggest that
the more hydrophilic peroxide group migrates towards the mem-
brane surface, conferring a larger area per lipid [12,13,39]. Area in-
crease per lipid could increase the incompatibility between the
different phases and induce phase separation. Noteworthy, it has
been theoretically shown that the insertion of a lipid with a more pos-
itive curvature in the Ld phase, as it could be the case of POPC hydro-
peroxide, increases the lateral tension and, hence, the line tension in
the raft boundaries [40]. As a consequence, an ensemble of rafts ini-
tially existing in a membrane, dispersed in submicroscopic resolution
sizes in the absence of lateral tension, could merge to form macro-
scopically observed rafts upon application of significant lateral ten-
sion [40].

Phase transitions in lipid mixtures with the same hydrophilic head
are known to be driven by differences in the order state of lipid tails.
Significantly, the presence of an unsaturation somewhere along the
tail is enough to change the liquid–gel transition temperature and,
therefore, the order state of the chain. Hydroperoxidation is most
likely to have a similar effect, but no data are available to our knowl-
edge on the liquid–gel transition of the hydroperoxidized form of
POPC. This points out to the importance of establishing the phase di-
agrams of mixtures of controlled amount of hydroperoxidized forms
of POPC with DPPC and cholesterol. Besides, information on the
phase coexistence between phospholipids and oxidized forms of cho-
lesterol is scarce in the literature. Thus, the influence of oxidation of
cholesterol in the phase diagram is also an interesting challenge for
future work.

Finally, it is interesting stressing that the phase separation re-
sponse to oxidative stress opens a number of important pathways
for biophysical studies. For instance, one could hypothesize that do-
main formation after oxidation might facilitate oxidized lipid detec-
tion by signaling for recovery or elimination by the cell.
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Chapter 4.   
Beyond phospholipids: real time confocal imaging of the Lα-L3 transition of C10E3 

 Context: Self association of amphiphilic molecules is known to generate a rich variety of structures, 
among which are spherical or worm-like micelles, and bilayers. Local intermolecular interactions in the 
surfactant monolayer result in its spontaneous or preferred curvature,  , that in fine drives the shape of 
the self-assembled objects. The monolayer curvature   of non-ionic ethylene oxide based surfactants 
 , i.e.  , can be conveniently tuned by temperature making them model 
systems for the study of phase transitions [Olsson_1994]. In particular the  , lamellar-to-sponge 
phase transition has been studied in the recent years by time resolved NMR, small angle neutron 
scattering, or temperature jumps [Gotter_2007].  
  
 We investigated in situ the   phase transition of fluorescently labelled large unilamellar 
vesicles (LUVs) of   by rapid confocal laser scanning microscopy. For that purpose, stable, dilute 
dispersions of micrometer-sized   LUVs (0.003 w/w) were first prepared at 20°C, and then quickly 
heated at three different temperatures (T-quenching), i.e. close to, or above the   transition 
temperature. Manifold shape transformations were observed, resulting in the creation of multilamellar 
onion-like objects, or   phase droplets. Each shape transformation can be interpreted in the light of the 
decrease of   with increasing temperature, i.e. with an evolution driven by the minimization of the bending 
energy of the bilayer, obtained with the creation of saddle points. At 28°C, a ‘slow’ process takes place: 
neighboring LUVs fuse (’inter'-fusion process), resulting in the increase of the object average size (two to 
four times bigger) (Fig. 4.1a-c), then undergo a shape transformation towards a “red blood-cell”-like 
structure (biconcave disk shape), that is quickly followed by an invagination step, leading to a smaller, 
onion-like object, with an increased density of bilayers (  same size than the initial LUV) (Fig. 4.1d-f). This 
process can be repeated tens of times, leading to multilamellar onions (Fig. 4.1g). At higher temperature 
rate (30 or 35°C), while bilayers start to transform with the previously described ‘slow’ shape 
transformation, then they quickly undergo rearrangements through ‘intra’-object fusion processes, leading 
to a more dense organisation of the bilayers, ending into   droplets (Fig. 4.1h). We further demonstrate 
that it is possible to measure the bending modulus of the   bilayer through the analysis of the spatial 
and temporal fluctuations of a part of membrane, using both flicker noise spectroscopy, and spatial 
autocorrelation [35]. 
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 Figure 4.1 : a-f) first step of the temperature increase-shape induced transformation of an initial, 2 µm vesicle, during 
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or 35°C, ending into dense, �  droplets. Scale bars are 5 µm, 2 µm, and 10 µm in a), g), and h) respectively. L3

�100

g)      h)      



1SCIENTIFIC REPORTS |          (2019) 9:2292  | https://doi.org/10.1038/s41598-019-38620-9

www.nature.com/scientificreports

Rapid confocal imaging of vesicle-
to-sponge phase droplet transition 
in dilute dispersions of the C10E3 
surfactant
André Pierre Schroder1, Jérôme Joseph Crassous2,3, Carlos Manuel Marques  1 & Ulf Olsson3

The lamellar-to-sponge phase transition of fluorescently labelled large unilamellar vesicles (LUVs) of the 
non-ionic surfactant triethylene glycol mono n-decyl ether (C10E3) was investigated in situ by confocal 
laser scanning microscopy (CLSM). Stable dispersions of micrometer-sized C10E3 LUVs were prepared 
at 20 °C and quickly heated at different temperatures close to the lamellar-to-sponge phase transition 
temperature. Phase transition of the strongly fluctuating individual vesicles into micrometre-sized 
sponge phase droplets was observed to occur via manyfold multilamellar morphologies with increasing 
membrane confinement through inter- and intra- lamellar fusion. The very low bending rigidity and 
lateral tension of the C10E3 bilayer were supported by quantitative image analysis of a stable fluctuating 
membrane using both flicker noise spectroscopy and spatial autocorrelation function.

The self-assembly of surfactants and lipids has been studied intensively for over a century1–3, partly because of 
its important role in numerous applications4, but also because of its direct relevance for bio-membranes5 and for 
many biological processes6. Aqueous surfactant systems typically display a rich phase behavior with different 
liquid and liquid crystalline phases7,8. Phase equilibria depend on local intermolecular interactions in the sur-
factant monolayer, resulting in its spontaneous or preferred curvature, H0, and on colloidal interactions between 
aggregates. Surfactant films were extensively modeled as flexible curved elastic surfaces for the investigation of 
microemulsions, bicontinuous cubic and sponge phases, lamellar phases and vesicles9–12.

The monolayer curvature H0 of non-ionic ethylene oxide based surfactants, CiEj (CH3(CH2)i−1(OCH2CH2)jOH),  
can be conveniently tuned by temperature making them very appealing model systems for the study of phase 
transitions13,14. Counting curvature away from water as positive, H0 decreases with increasing temperature, 
approximately by 10−3 Å−1 K−1 for triethylene glycol mono n-decyl ether C10E3

13,14. The low surfactant concentra-
tion part of the phase diagram of C10E3-water is shown in Fig. 1. Around H0 ≈ 0, bilayer structures are preferred 
and the binary phase diagram shows a lamellar phase (Lα) and a sponge phase (L3), both of which coexisting 
with a dilute solution phase (W) at high dilution. In the W + Lα two phase region, the lamellar phase can often 
be fragmented into unilamellar vesicles15. The bending rigidity of the C10E3 bilayer was determined to be 5 kBT 
at room temperature16. Vesicles, lamellar phase and sponge phase represent different topologies of the bilayer. 
Transitions between these states require bilayer fusion or fission, that can be triggered for such non-ionic system 
by temperature jump experiments. Kinetics of both Lα-to-L3 and L3-to-Lα phase transitions have been studied 
by time resolved NMR and small angle neutron scattering17,18. Fusion kinetics has also been studied by tempera-
ture jumps within the L3 phase19. These studies concluded that membrane fusion requires essentially H0 < 0 and 
that the rate of fusion increases with decreasing H0. This picture was later confirmed by a vesicle stability study 
(Fig. 1)15. Extruded unilamellar vesicles, of average radius 25 nm, were found to be kinetically stable for tempera-
tures below the three phase line W + L3 + Lα, while above this temperature the spontaneous fusion occurs with a 
rate that increases with increasing temperature. The three phase line temperature corresponds approximately to 
the temperature where H0 changes sign20,21.

This dependence of the fusion kinetics on H0 is in agreement with previous experimental work on biolog-
ical lipids and models of membrane fusion, involving a hemifusion stalk intermediate of negative monolayer 
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curvature22–25. Studies on lipid systems have shown that fusion kinetics depends on the membrane composition. 
Lipids having H0 > 0, like single-chain oleoyl-lysophosphatidylcholine, prevent fusion, while lipids having H0 < 0, 
like dioleoyl phosphatidylethanolamine promote membrane fusion.

If large enough vesicles can be prepared, they can be studied and characterized with optical microscopy26,27. 
In this paper we further characterize the fusion of vesicles and the topological transitions of C10E3 membranes 
with temperature. Using rapid laser scanning confocal microscopy, we follow how fluorescently labeled large 
unilamellar vesicles (LUVs) spontaneously fuse upon a temperature jump (hereafter named T-quenching, or 
quenching), following the vertical line in Fig. 1, i.e. crossing the horizontal separation line (horizontal three 
phase line W + Lα + L3) between the W + Lα and the W + L3 regions. Final equilibrium structures vary from large 
multilamellar to droplet-like sponge phase objects depending on the quenching temperature. The sponge phase 
droplets formed here are analogous to the high genus vesicles studied by Noguchi28,29 and may also serve as a 
model for certain cell organelles30,31. Furthermore, flicker noise spectroscopy and spatial autocorrelation were 
applied to analyze the shape fluctuations of an isolated C10E3 bilayer, allowing us to estimate the bilayer bending 
rigidity κ and the membrane internal tension σ0.

Results
Imaging structural transformation. The vesicles are formed in the W + Lα two phase region where the 
vesicles are expected to coexist with C10E3 monomers (Fig. 1). The monomer solubility, i.e. critical aggregation 
concentration of C10E3 is φ ∼ . −2 10CAC

4 at 25 °C32, corresponding to ~5% of the overall surfactant.
At 20 °C the C10E3 dispersion contains mainly stable, large unilamelar vesicles (LUVs) of ~2–3 µm diameter 

(Fig. 2c and Supplementary Movie M1). That these LUVs exhibit high amplitude thermal fluctuations is consist-
ent with (i) a reduced volume, =

π
v V

R4 / 33  smaller than one, V and R being the actual inner volume of the vesicle 
and the average radius of its apparent, equivalent sphere respectively, with (ii) a low bending rigidity of the C10E3 
bilayer, i.e. κ � k T5 B

16, and with (iii) a low enough value of the membrane lateral tension.

Figure 1. Partial phase diagram, at high water content, of the water-C10E3 system adapted from15. Here, 
Lα refers to lamellar phase, L3 to a “sponge” (L3) phase and W to a solution phase. φ denotes the surfactant 
concentration. The horizontal line at 26 °C corresponds to a three phase line, W + Lα + L3. The vertical arrow 
illustrates a typical temperature jump.

Figure 2. Typical evolution of a C10E3 solution that has experienced shearing during sample preparation. 
Images are taken from Supplementary Movie M2, during quenching at 30 °C. The solution is initially composed 
of tube-like structures, that evolve towards LUVs of average size of about 2 µm. The characteristic tube-to-LUV 
relaxation time decreases with T-quenching temperature. Similar shape relaxations also take place at room 
temperature, over ~30 min. Image width is 19.3 µm.
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When quenched at 28, 30, or 35 °C, LUVs undergo shape and structure transformations that we describe in 
the following. T-quenching experiments were repeated 3 to 5 times, Figs 2, 3, 4, 5 and 6 retain some of the typical 
structures observed during these experiments. When tubular vesicles induced by shearing during sample prepa-
ration (Methods section) are present in the initial dispersion, they systematically evolve towards LUVs (Fig. 2) 
prior to any other kind of membrane shape evolution. Such process takes several tens of seconds to a few minutes, 
depending on the quenching temperature, but it also takes place at 20 °C, over a longer time, i.e. ~30 min.

Figure 3 shows a typical transformation under T-quenching, of an initial, at equilibrium LUV, a process 
that takes ten to twenty seconds. A unilamellar vesicle first grows in size while elongating (Fig. 3b,c), and then 
curves until closure (Fig. 3d–f), forming a ‘bilamellar’ structure. Images in Fig. 3, extracted from Supplementary 
Movie M3, correspond to optical z-cuts taken at a fixed z-position in the sample. Movies of such vesicle evolution 
were also acquired while cycling over the z-position, refered to as (z, t) scans, see Supplementary Movie M4 that is 
a 3D averaging projection of such scan. They strongly suggest that the intermediate, elongated structures similar 
to those in Fig. 3b–d have a biconcave disk shape, while the final object in Fig. 3f, exhibits average spherical sym-
metry (Supplementary Movie M4). Insets in Fig. 4b (T-quenching 28 °C) further confirm this assumption. Thus, 
the most likely scenario for the initial LUV transformation upon T-quenching consists of a growth towards a “red 
blood-cell”-like structure followed by an invagination, leading to an onion-like object (Fig. 3g). We attribute the 
process of membrane area growing in Fig. 3b,c to membrane fusion, referred to as ‘inter’ (-object fusion) in Figs 3, 
4 and 5. Indeed, our observations exclude a significant contribution of a membrane-enrichment process via the 
solubilized fraction of the C10E3 molecules, that would require a simultaneous decrease in size of neighboring 
LUVs in the sample similarly to the Ostwald ripening process33, a phenomenon never observed in our experi-
ments (see Supplementary Movies M4–M8). Fusion events of small LUVs could not be resolved, we could how-
ever catch some fusion events of multilamellar objects. Besides, the shape evolutions shown in Figs 3c–e, 4 and 
5, corresponding to the ‘shape’ transition schematically depicted in the figures, is compatible with the expected 
tendency of the C10E3 bilayers to form saddle shape structures (invagination process) while temperature increases 
in the sample, to accommodate for the concomitant decrease in H0. Objects similar to Fig. 3f were seen to only 
persist over short times (several seconds), before undergoing further structural transformations, leading to either 
larger and topologically more complex multilamellar objects, or denser L3 phase droplets.

When quenched at 28 °C, the initial unilamellar vesicles mainly transform into larger multilamellar Lα struc-
tures through repeated sequences of growth, anisotropic deformation, fusion, invagination, leading to objects 

Figure 3. (a–f) Initial steps of multilamellar structure formation, here captured during T-quenching at 35 °C 
(image sequence extracted from Supplementary Movie M3). Similar evolutions of initial LUVs were observed 
during any T-quenching experiment (28, 30, and 35 °C, see Supplementary Movies M4–M8). (g) Scheme of the 
shape evolution with time: ‘inter’ is for inter-object fusion, and ‘shape’ for change-of-curvature-induced shape 
change. Time t = 0 s is arbitrary chosen. Scale bar is 5 µm.
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often presenting more than ten apparent membrane layers. Stable structures were obtained after 3 to 8 min, 
keeping in mind that stability is considered over an experimental time scale of ~30 min. Typical stable multil-
amellar structures are shown in Fig. 4d,e, being whether onion-like, i.e. symmetric (Fig. 4e), or non symmetric 
(Fig. 4d), as shown in Supplementary Movies M9–M11. On the contrary, T-quenching at 30 °C (resp. 35 °C) 
results after a period of 2 to 5 (resp. 0.5 to 3) min in dispersions containing mainly L3 droplets capable of fusion 

Figure 4. Membrane structures captured during T-quenching at 28 °C. (a–c) Evolution of initial LUVs into 
(apparently) bilamellar or trilamellar structures. (d–e) Equilibrated multilamellar, onion-like structures, 
exhibiting no or very slow structure evolution. (f) The self-assembly process and structural evolution are 
schematically depicted in steps, including ‘inter’-particle fusion, ‘shape’ transformation, and ‘intra’-particle 
fusion. Scale bars are 10 µm in (a–c) and 2 µm in (d,e).
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with neighboring analogs upon contact (Fig. 5e,j, Supplementary Movies M6, M12 and M13), which eventually 
adsorb at the bottom coverslip of the observation chamber in less than 2 min (Fig. 5k).

Morphological transitions of the bilayers during the quenching experiments are sketched in Fig. 4f (28 °C) 
and in Fig. 5l (30 and 35 °C). Beside ‘inter’-object fusion and ‘shape’ transition (Fig. 3) was an ‘intra’-object 

Figure 5. Structures captured during T-quenching at 30 and 35 °C. (a,f) Initial vesicles. (b–e,g–j) Transient 
bilayer structures described in Fig. 3 and their further evolution towards final, droplet-like, L3 structures. 
(k) L3 droplets adsorbed on the bottom glass surface, observed several minutes after their formation. (l) The 
schematics depicts probable steps of structure evolution, with a strong competition of ‘intra’- and ‘inter’-particle 
fusion, leading to ~µm-sized L3 droplets (see Supplementary Movies M6 and M8). Scale bars are 10 µm.
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fusion process clearly evidenced upon T-quenching experiments at 30 and 35 °C, while to a less extent upon 
T-quenching at 28 °C (Figs 4f and 5l respectively). Schematically we can describe the overall process after a tem-
perature jump as follows. It begins with the fusion of the initial unilamellar vesicles. Such events, when they 
occur, are rapid and not resolved in our experiments for initial LUVs. However, we clearly see the decrease in the 
number density of vesicles and the increase of their average size. From these very first moments is the local tem-
perature increase of the sample related to a decrease of H0, and hence to a bilayer topology transformation result-
ing in a gradual decrease of the average Gaussian curvature, 〈K〉, and the Euler characteristic, χE = 〈K〉Ab/2π34, 
of the membrane, where Ab is the bilayer membrane area. Bilayers accommodate that temperature increase with 
the creation of saddle points, that in turn results in the ‘shape’ transformation depicted above, i.e. in the evolu-
tion towards onion-like structures with an increased number of bilayers. As seen in Fig. 3 and in Supplementary 
Movies M3–M8, such ‘shape’ transformation process expands over several seconds. For a low enough tempera-
ture increase, and certainly for a low enough value of the rate of temperature increase has the system the time to 
evolve through the building of such multilamellar objects, where bilayers still exhibit micrometer range values of 
their radius of curvature. This corresponds mainly to 28 °C T-quenching experiments (Fig. 4b–e). Besides, is the 
rate of local temperature increase much higher upon T-quenching at 30 °C and 35 °C, concomitant to a stronger 
and faster decrease of H0. As a consequence, bilayers certainly cannot undergo the required rate of sequences 
of ‘inter’-fusion and ‘shape’-transformation in order to accommodate with the corresponding high number of 
saddle points. The system thus rearranges through ‘intra’-fusion processes, leading to a denser organisation of the 
bilayers, with sub-micron range values of their local radius of curvature. This gradual topology transformation 
and increase of the bilayer volume fraction, φ of the structures, is expected to terminate when φ reaches the value 
at the sponge phase binodal line to the given temperature. From the phase diagram, we thus expect the steady 
state φ in the sponge phase droplets to increase with increasing temperature. Our experiments show that a wide 
variety of structures coexist during T-quenching. As a matter of fact, it can be considered that a competition 
between inter-vesicle and intra-vesicle fusion is taking place, controlled by the local rate of temperature increase. 
Thus, that variety of structures found is likely the result of that competition. An example of such variety is given in 
Fig. 6. One the one side, at 28 °C, amongst major onion-like structures, were found some rare, denser structures 
that did not fuse at the experimental time scale (Fig. 6a, Supplementary Movie M14), while at 30 °C, amongst 
major L3 droplets, were found big, space extended structures, similar to the ones shown in Fig. 6a, but with a 
strong fusogenic character (Fig. 6b–d, Supplementary Movie M12).

We note that the sponge phase droplets often contain one or more unilamellar membrane “domes”, as seen in 
Fig. 5e,j. Certainly, dome precursors are seen in Fig. 6a and Supplementary Movies M14 and M15. While in those, 
stable intermediary structures (28 °C), multiple bilayers are observed, this is rarely the case in L3-phase droplets, 
i.e. at 30 and 35 °C (Fig. 5e,j), where most often only one dome remains per droplet. Similar domes are also often 
observed on cubosomes35, that could be seen as the crystalline analogs of sponge phase droplets. In the bicontinu-
ous cubic phase the multiply connected bilayer has crystallized in a cubic lattice, while being disordered (liquid) in 
the case of the sponge phase. In both cases however, the multiply connected bilayer has to meet droplet interface in 
a particular way to avoid unfavorable bilayer edges. Confined between two solid surfaces, a sponge phase was found 

Figure 6. Rare objects found at 28 °C (a) and 30 °C (b–d). While objects in (a) are stable over minutes 
(Supplementary Movie M14), objects in the sequence (b–d) have been captured during a continuous fusion 
process, ending into optically dense droplets of multiply connected bilayers, as in the macroscopic L3 phase 
(Supplementary Movie M12).
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to form planar lamellae36. Hereby, the sponge phase droplets are pictured as having a unilamellar bilayer envelope, 
from which the multiply connected sponge structure grows inward as it necks in the envelope. Surprisingly, those 
domes remain present once L3-phase droplets have adhered on the bottom glass substrate (Fig. 5k).

Bending modulus of a single bilayer. Mechanical properties of fluid membranes have been extensively 
studied over the last three decades starting with the pioneering work by Helfrich9,37–39. This field of research was 
born with the growing interest in phospholipid bilayers, that not only appeared as model systems of cell mem-
branes, but also as interesting tools for investigating soft matter physics. Thanks to their very low solubility, typ-
ically in the order of pM to nM, phospholipids build, indeed an almost perfect system, i.e. free standing bilayers 
in a surfactant-free solution. Conversely, C10E3 has a non negligible monomer solubility, representing 5% of the 
molecules in our experiments. However, this work demonstrates that C10E3 membranes exhibit long term stability 
at a constant temperature, i.e. over tens of minutes, though continuously exchanging surfactant molecules with 
their aqueous environment.

We imaged a fluctuating bilayer at a frame rate of 172 frames/sec, that was found to be sufficiently high to 
enable the resolution of the membrane fluctuations (see Supplementary Movie M16, and Fig. 7). The imaged 
membrane corresponded to a region of a dome from a stable multilamellar structure at 28 °C, similar to the one 
shown in Supplementary Movie M15. The observed section of membrane was distant enough from the rest of 
the structures so that no steric interactions with another membrane was observed during the movie. Images were 
processed as described in the SI section, in order to extract the membrane profile (x(t), y(t)) with sub-micron 
resolution. Figure 7 shows two typical snapshots of the Supplementary Movie M16 together with the time aver-
aged image of the movie (grey level insets, average on bottom), as well as the corresponding extracted profiles 
(rectangular window). As seen in the figure, the average membrane profile is circular, with a radius of curvature 
R = 9.3 ± 0.1 µm, thus showing that domes are sections of a sphere. (x(t), y(t)) profiles were further converted 
into circular coordinates, and expressed in terms of r(θ(t), t), the radius of the profile from the center of symme-
try of the spherical dome, θ(t) being the angle variable in the cylindrical reference space (in 2D geometry in the 
images). Finally, we calculated the height function h(θ, t) between average and instantaneous membrane profiles 
as described in the SI section.

Following methods well described in literature, we applied flicker noise spectroscopy to the space or time 
variations of the h(θ, t) curves, to extract the bending rigidity κ of the membrane: Table 1 compares κ obtained 
from the analysis of the average fluctuation spectrum40 and from the evaluation of the average angular autocor-
relation function41 of the membrane profile. Both values are close to the value published in literature16. Detailed 
calculations for κ are given in SI section.

Figure 7. Insets from top to bottom, two snapshots of Supplementary Movie M16, and average image over the 
whole movie. Rectangle is the movie window (128 × 64 pixel2 = 3.87 × 1.92 µm2), that contains the calculated 
fluorescence maximum profiles of the three fluorescence images given as insets (see SI section for the detailed 
procedure of profile extraction). Dotted line is the average intensity profile best fit with a circle of radius 9.3 µm, 
green cross is the calculated center of symmetry of the circular best fit.

Bending modulus
(kBT units) literature16

spectrum
analysis

autocorrelation
analysis

κ 4.95 ± 0.2 1.7 3.9

Table 1. Bending modulus κ as calculated from spectrum analysis and autocorrelation analysis, and 
comparison with measured data from literature.
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Discussion
Our study demonstrates the applicability of rapid confocal microscopy and highly fluctuating C10E3 vesicles to 
investigate complex membrane fusion processes in situ through T-quenching. Those assembly processes are 
driven by the Lα-to-L3 phase transition of the surfactant, being characterized by the inter and intra fusion of 
suspended unilamellar vesicles (LUVs), and the formation of either large multilamellar objects or micrometric 
sponge phase droplets. This was made possible first, by working with dilute samples (0.003 w/w), and secondly, 
by quenching samples initially in the Lα phase at three temperatures close to and above the Lα-to-L3 transition 
temperature. For the lowest temperature quenching, i.e. 28 °C, we describe how primary LUVs evolve over min-
utes towards multilamellar objects with increasing number of membranes and local membrane concentration. 
We also show more rare metastable structures, that appear as intermediates between the lamellar phase Lα and 
the L3 sponge phase, being characterized by such an increased local surfactant density that no more individual 
membranes can be seen with our optical technique. In comparison, temperature quenching at 30 °C or 35 °C led 
to much faster kinetics of membrane transformation. As a consequence, most of the intermediate structures seen 
at 28 °C were never observed, and LUVs were evolving over a few seconds towards the sponge phase droplets. 
Finally, we could record an isolated fluctuating part of a membrane at 28 °C, that we analyzed using both flicker 
noise spectroscopy, and spatial autocorrelation, to estimate the bending modulus κ of the membrane at that tem-
perature. Our measurement of the bending modulus provides values in the range of 2–4 kBT, in good agreement 
with literature values16.

Methods
Vesicle solution and sample preparations. C10E3 (Sigma Aldrich) was mixed with an amphiphilic dye 
(BODIPY® 558/568-C12, from Life Technologies) at a dye/C10E3 fraction of 0.3 mol%. This mixture was diluted at 
a mass concentration 3.33 g/L in 18 MΩ deionized water (Merck Millipore, Germany), corresponding to a molar 
concentration 11.5 mM, and to a volume fraction φ = 0.315%, considering a density ρ = 0.94 g/cm3 32. Once pre-
pared, the dispersion was gently shaked during three minutes. Such solution showed long term stability at 20 °C, 
as observed under the microscope. The stock solution was used within 2 days. Observation cells were build using 
the following protocol: a 1 mm thick double face tape, with a 6 mm diameter pinched hole was stuck on one side 
of a glass coverslip, forming a cuvette, in which 28 µL of the vesicle solution was injected. The well was then closed 
by sticking on the free tape side a 1 mm thick glass slide, resulting in a watertight observation cell. The prepara-
tion was done at room temperature, i.e. at 20 ± 1 °C. It is worth noting that C10E3 vesicles are shear sensitive. The 
transfer of the 28 µL droplet was done using a pipette tip (Eppendorf, Germany); the sample injection eventually 
resulted in the shearing of the vesicles into long membrane tubes that relaxe over tens of minutes at 20 °C, and 
over less than five min during one typical T-quenching experiment, with a strong dependence on both jump tem-
perature and sample preparation conditions. Such evolution is shown in Supplementary Movie M2 and Fig. 2a–c.

Confocal microscopy. The confocal micrographs were recorded on a Leica SP5 CLSM (Germany) operated 
in the inverted mode (D6000I) using a 100×, 1.4 NA, oil-immersion objective. A 543 nm He-Ne laser was used 
to excite the amphiphilic dye. The samples were monitored in situ at different temperatures, and an environmen-
tal system was used to ensure temperature control with an accuracy of 0.2 °C. The microscope was equilibrated 
over one hour at the quenching temperature before starting the experiments. A typical T-quenching experiment 
ran as follows: an observation chamber filled with the LUVs was placed on the microscope stage just after it has 
been sealed, and the real time confocal imaging was started as soon as possible; we consider that image recording 
started within less than 1 min (typically 30 s) after the observation cell was placed in the microscope. For each 
T-quenching experiment the first image sequence was acquired at a frame rate ~10 to 30 frames/s, during 1 to 
5 min, in a region of the sample located ~50 µm above the coverslip. Then, other image sequences were acquired 
at different positions in the sample, with the purpose of collecting images on all possible structures present in the 
dispersion. In particular, reducing the field of view while increasing the frame rate (up to ~200 frames/s) enabled, 
at high magnification and resolution, to resolve the membrane thermal fluctuations.

Confocal images of lamellar and sponge phase structures are shown without modification except global image 
contrast enhancement and smoothing if necessary.
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RESEARCH  PROJECT 

Properties of oxidized membranes in  
electroporation, and in a several persistent pathologies  

Oxidation of lipids has been a central aspect of my research activity over the past years. Having contributed 
to unveil some of the fondamental structural and mechanical consequences of oxidation on membranes, I 
will now take my work into the exploration of functional modifications of lipid membranes under oxidative 
stress. First, I will extend my domain of expertise to membrane electroporation. Indeed, I recently found out 
that oxidized POPC membranes exhibit an unexpected and unusual behavior when submitted to an electric 
tension. The second part of my project is related to my plan to join in the near future a team at the INSA of 
Lyon. This team, which is presently being founded, will bring together scientists with skills in bio-chemistry 
of lipids and bio-lubrication, around various biological topics. Within that frame, I will use my expertises in 
model bilayers, microscopy and micromechanics, to contribute to the overall effort of understanding how 
certain pathologies are influenced by modifications of lipid membranes. 

1.  Electroporation of oxidized membranes 

 In the electroporation method an electric tension is imposed to a membrane in the direction normal 
to its main plan, the induced electric current across the bilayer being measured concomitantly (Fig. p1A). 
Electroporation is often used to study the kinetics of assembly or disassembly of transmembrane pore-
forming proteins. In absence of any protein, a neutral bilayer behaves as an electric insulant for tensions 
well below a threshold tension. While for tensions well above that threshold the membrane systematically 
ruptures, there is an intermediate tension region, around the threshold, for which temporary membrane 
pores open, characterized by the presence of pics in the current signal, as exemplified in Fig. p1B, in the 
case of POPC. Those pics have a duration shorter than 1 ms, while their frequency of occurence increases 
with the electric tension. Preliminary experiments realized in collaboration with J. Behrends, from Freiburg 
Institute of Physiology, indicate that peroxidized membranes exhibit a substantially different behavior then 
their non oxidized counterpart. Indeed, not only that on average, the tension threshold at which the 
membrane bursts is smaller, but also, the created pores are of much longer lifetime, as shown in Fig. p1C.  

 It is known that the stability of a membrane pore results from the competition between the line 
tension, located along the pore perimeter, and the membrane tension, located in the membrane plan: while 
the former tends to close the pore, the latter tends to enlarge it (Fig. p2). On the one side, the line tension is 
intrinsic to the bilayer: it depends on the interaction forces between the molecules (lipid/lipid and lipid/
water), tending to minimize the curvature deviation imposed to the lipids located around the pore by the 
(repulsive) forces between water molecules and the hydrophobic core of the bilayer. On the other side, the 
membrane tension varies from one membrane to other, depending on the geometrical configuration of the 
bilayer, in particular on how the membrane is anchored on the well borders (Fig. p1A). A recent study 
shows that the viscosity of the bilayer increases with oxidation [Vysniauskas_2016]. This might slow down 
the kinetics of both pore opening and pore closing, and might contribute to their observed long lifetime of 
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the pores. I will study the pore formation, evolution and lifetime in the electroporation experiment geometry, 
for partially or fully peroxidized membranes. Various lipids will be compared, typically DOPC and POPC, 
that respectively contain one and two unsaturations. Possibly a threshold concentration in peroxidized 
lipids with respect to the non oxidized ones might exist, that controls the formation of the pores as a result 
of the accumulation of, say, ‘pore-forming’ lipids. Those experiments will inspire a research activity in 
numerical simulations inside the group (F. Thalmann). Please note that a PhD thesis just started in the 
team on that subject, supervised by C. Marques and myself. 

 

Figure p1: A) scheme of the electroporation cell. The bilayer is anchored on the borders of a well by the means of an 
organic solvant ring (dodecane usually). B) and C) time evolution of the measured electric current while an electric 
tension is imposed to the suspended bilayer, with the sequences: 0-1 s: no tension; 1-9 s: positive tension as indicated; 
9-10 s: no tension; 10-18 s: opposite value of the indicated tension.  

 

Figure  p2:  pore  in  a  bilayer.  Black  arrows  represent  the  membrane 
tension,  located  in  the  bilayer  plan.  White  arrow  represents  the  line 

tension, that tends to close the pore and minimize the monolayer curvature 
deviation from its intrinsic value in the pore region.

  
2. Correlating mechanics and chemistry in various diseased tissues 

 In the frame of my future integration (year 2020) in the MecaLIpS laboratory (Mechanics, 
Lipodomics and Engineering for Health), INSA Lyon, my research will become part of a new project 
oriented towards i) the understanding of the role of lipids in various persistent pathologies, and ii) the 
development of new strategies of preventing and combating those pathologies via structured lipids using 
bio-engineering. Covered by this project are mainly neurology, pulmonary, vascular, and articular 
pathologies. Planned strategies will mainly be of multi-scale character, from the molecular scale to 
organism, via tissue and organe. Biomimetic systems will thus be of great help, both in vivo and in vitro, and 
my know-how in the domains of GUVs fabrication and micromanipulation, confocal microscopy, and also 
lipid oxidation merges perfectly that project.  

�112

A B C 



 In a first step I will concentrate my project on the thematics of neuro-pathologies. Phospholipids 
with polyunsaturated acyl chains (PUs) are extremely abundant in a few specialized neuronal organelles 
such as synaptic vesicles and photoreceptor discs: they are essential for the cognitive ability. PUs make 
pure lipid bilayers more flexible, and are suspected to be able to adapt their conformation to membrane 
curvature, thus reducing the energetic cost of membrane bending and fission [Pinot_2014]. Some neuro-
pathologies imply serious modifications of PUs. One thus expects those pathologies to be correlated to 
strong modifications of the biomechanics of the diseased tissues and cell membranes. The project intends 
to correlate, as a first step, biochemical perturbations of the lipids to biomechanical perturbations, at 
different scales, from membranes to tissues. In a second step, the effect on tissue and membrane 
mechanics of lipid supplementation in neuro protective lipids will be studied. In this frame, my know-how 
will complement the team project in two stages: first, a micropipette manipulation device will naturally 
complement the other mechanical abilities of the project, namely ultrasound propagation in soft, structured 
media, and Magnetic Resonance Elastography (MRE) [Mariappan_2010]. Micropipette will be used both on 
biomimetic, target cell-reconstituted GUVs, and on individual, tissue-extracted cells. In a second step, I 
intend to realize an ambitious project that will associate bio-mechanics and in situ observation: a device for 
the testing of cellular aggregates (cell pellets) under a confocal microscope (compression or shear, to be 
decided) will be built, that will be coupled to a Raman spectroscopy module, for imaging the chemical 
modifications undergone by the diseased  tissues and cells. 
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K.A., Sudbrack T.P., Archilha N.L., Uchoa A.F., Schroder A.P., Marques C.M., Baptista M.S., and Itri R. 
BIOPHYSICAL JOURNAL (2009), 97, 1362-1370 
[14]: Electroformation Of Giant Vesicles From An Inverse Phase Precursor. Mertins O., Da Silveira N.P., 
Pohlmann A.R., Schroeder A.P., and Marques C.M. BIOPHYSICAL JOURNAL (2009), 96, 2719-2726 
[13]: Composite Gel-Filled Giant Vesicles: Membrane Homogeneity And Mechanical Properties. Campillo 
C.C., Schroder A.P., Marques C.M., and Pepin-Donat B. MATERIALS SCIENCE \& ENGINEERING C-
BIOMIMETIC AND SUPRAMOLECULAR SYSTEMS (2009), 29, 393-397 
[12]: Combining Fluorescence Lifetime And Polarization Microscopy To Discriminate Phase Separated 
Domains In Giant Unilamellar Vesicles. Haluska C.K., Schroeder A.P., Didier P., Heissler D., Duportail G., 
Mely Y., and Marques C.M. BIOPHYSICAL JOURNAL (2008), 95, 5737-5747 
[11]: Spreading Of Bio-Adhesive Vesicles On Dna Carpets. Hisette M., Haddad P., Gisler T., Marques C.M., 
and Schroeder A.P. SOFT MATTER (2008), 4, 828-832 
[10]: Volume Transition In Composite Poly(Nipam)-Giant Unilamellar Vesicles. Campillo C.C., Schroeder 
A.P., Marques C.M., and Pepin-Donat B. SOFT MATTER (2008), 4, 2486-2491 
[9]: Shape And Erosion Of Pebbles. Durian D.J., Bideaud H., Duringer P., Schroder A.P., and Marques C.M. 
PHYSICAL REVIEW E (2007), 75, 021301 
[8]: Photo-Induced Destruction Of Giant Vesicles In Methylene Blue Solutions. Caetano W., Haddad P.S., 
Itri R., Severino D., Vieira V.C., Baptista M.S., Schroder A.P., and Marques C.M. LANGMUIR (2007), 23, 
1307-1314 
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[7]: What Is In A Pebble Shape?. Durian D.J., Bideaud H., Duringer P., Schroder A., Thalmann F., and 
Marques C.M. PHYSICAL REVIEW LETTERS (2006), 97, 028001 
[6]: Rheology Of Giant Vesicles: A Micropipette Study. Fa N., Marques C., Mendes E., and Schroder A. 
PHYSICAL REVIEW LETTERS (2004), 92, 108103 
[5]: The Young'S Modulus Of Wet Paper. Schroder A., and Bensarsa D. JOURNAL OF PULP AND PAPER 
SCIENCE (2002), 28, 410-415 
[4]: Contactless Measurement Of The Elastic Young'S Modulus Of Paper By An Ultrasonic Technique. 
Khoury M., Tourtollet G., and Schroder A. ULTRASONICS (1999), 37, 133-139 
[3]: High-Resolution Fibre Orientation And Basis Weight Measurement. Drouin B., Gagnon R., Schroder A., 
Silvy J., and Butel M. JOURNAL OF PULP AND PAPER SCIENCE (1996), 22, J237-J241 
[2]: Water-In-Alkyd-Resin Emulsions: Droplet Size And Interfacial Tension. Aurenty P., Schroder A., and 
Gandini A. LANGMUIR (1995), 11, 4712-4718 
[1]: Attenuation Of Ultrasound In Silicone-Oil-In-Water Emulsions. Schroder A., and Raphael E. 
EUROPHYSICS LETTERS (1992), 17, 565-570 

Patents 

[b2] Nouveaux additifs pour améliorer la résistance à l’état humide et à sec du papier, L Leibler, A 
Schröder, I Silberzan, I Bétrémieux, N° FR2780992, (2000), France. 
[b1] Nouveau procédé de fabrication de papier très fortement résistant à l’état humide, A Schröder, I 
Caucheteux-Silberzan, L Leibler, N° FR2769926, (1999), France. 

PhDs, post-docs, & foreign masters degrees co-supervisions (% of my contribution) 
[t23] Maria Julia Bistaffa, Master II visitor (Brasil), 3 months, 2017-18. (80%) 
[t22] Mattia Morandi, PhD, Université de Strasbourg, 2017, dir/C. Marques. Disruption of model membranes 

phase behavior upon interaction with hydrophilic/hydrophobic molecules. (30%) 
[t21] Monika Kluzek, PhD, Université de Strasbourg, 2017, dir/C. Marques. Lipid membrane alteration 

under exposure to α-cyclodextrins and pH-responsive pseudopeptide polymers. (10%) 
[t20] Vivien Walter, PhD, Université de Strasbourg, 2017, dir/C. Marques. Interactions Des Membranes 

Lipidiques Avec Des Peptides Penetrateurs De Cellules Auto-Assemblants. (40%) 
[t19] Andreas Schneider, PhD, Universität des Saarlandes, Saarbrücken, 2014, dir/C. Wagner. Investigation 

of Brownian Motion in Simple and Complex Fluids under Oscillatory Perturbations. (10%) 
[t18] Andreas Weinberger, PhD, Université de Strasbourg, 2013, dir/C. Marques. Model lipid systems and 

their interactions with polypeptides. (30%) 
[t17] Yasmine Micheletto, PhD visitor (Brasil), 1 year, 2012-2013. (80%) 
[t16] Pedro Aoki, PhD visitor (Brasil), 1 year, 2012-2013. (50%) 
[t15] Lauriane Lagarde, PhD, Université de Strasbourg, 2012, dir/C. Marques. Structure et Stabilité des 

Réseaux Lamellaires Gélifiés. (30%) 
[t14] Georges Weber, PhD, Université de Strasbourg, 2012, dir/C. Marques. Modifications photo-induites de 

membranes modèles. (30%) 
[t13] Helena Junqueira, PhD visitor (Brasil), 1 year, 2011-12. (30%) 
[t12] Constantin Marcopoulos, PhD, Université de Strasbourg, 2011, dir/C. Marques. Insertion de 

cyclodextrines amphiphiles dans des membranes lipidiques. (30%) 
[t11] Yuting Sun, PhD, Université de Strasbourg, 2010, dir/C. Marques. Confinement and Adsorption of 

End-grafted λ-phage DNAs under Bio-adhesive Membranes. (50%) 
[t10] Evandro Duarte, post-doc, 1 year, 2007-2008. (50%) 
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[t9] Marie Laure Hisette, PhD, Université de Strasbourg, 2007, dir/C. Marques. Bio adhesive spreading of 
giant vesicles over a DNA carpet. (50%)  

[t8] Christopher Haluska, post-doc 1 year, 2006-2007. (30%) 
[t7] Omar Mertins, PhD visitor (Brasil), 1 year, 2006-2007. (30%) 
[t6] Wilker Caetano, post-doc, 1.5 year, 2004-2005. (50%) 
[t5] Vincent Billot, PhD, Université de Strasbourg, 2005, dir/C. Marques. Two approaches of the interaction 

between membranes and macromolecules : polymer et de cyclodextrines effects. (10%) 
[t4] Nathalie Fa, PhD, Université de Strasbourg, 2003, dir/C. Marques. Micro-rheology of giant vesicles. 

(60%) 
[t3] Angela Monteiro, PhD visitor (Brasil), 1 year, 2001-2002. (30%) 
[t2] Christophe Dumousseaux, PhD, Université de Paris 06, 2000, dir/L. Leibler. Behaviour of low molecular 

weight hydrophobic polyelectrolytes in aqueous solution. (50%) 
[t1] Mazen Khoury, PhD, Université Joseph Fourier, Grenoble, 1998, dir/J.M. Pierrard. Contactless 

characterization of mechanical properties of a moving sheet by ultrasonic techniques. (30%) 

Teaching 

• Lesson: Introduction to Polymer Science. Master Franco-Allemand (M2), Université de Strasbourg. 15 h/
an (2013-14/2014-15). 
• Lesson: Thermodynamique des Polymères, Master 1, Université de Strasbourg, 12 h (2011 et 2012). 
• Lesson: Mécanique des Milieux Continus. DEA Génie des Procédés, Univ. Joseph Fourier, Grenoble. 12 
h/an (1993-94/1994-95). 
• Lesson: Résistance des Matériaux. Département PRIHSE de l’I.N.P. de Grenoble. 20 h/an 
(1993-94/1994-95). 

• Lesson: Introd. à la Physique des Vibrations et des Ondes. IUT 1, Département Génie Civil, St Martin 
d’Hères. 16 h (1992-93). 

Workshop organisation 

• Co-organizer: Workshop SWOMB-III: 3rd Strasbourg Workshop on Membrane Biophysics, Strasbourg, 
December 3-4, 2018. 
• Organizer: Journées plénières du GDR CellTiss, Mont Ste Odile, November 3 to 5, 2014. 
• Co-organizer: Workshop 'Membranes et Vésicules Artificielles', GDR 3070 CellTiss, Strasbourg, April 
28-29, 2009. 
• Member of the Organizing Committee: 11ièmes Journées de la Matière Condensée, Strasbourg, August 

25 to 29, 2008. 

Research management, collectives tasks 

• Coordinator, then member of the ‘cellule QVT’ (Quality of Life at Work) at ICS, since 2017. 
• Elected member, then named, of the ‘Conseil de laboratoire’ at ICS: 2013-2015, 2016-2017. 
• Member of the Bureau du GDR CellTiss (Physique de la Cellule au Tissu): 2014-2015. 
• Elected member of the ‘Section 11 du Comité National du CNRS’: 2008-2012. 
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Invited conferences 

[i3] GUVs under oscillatory shear; C.M. Marques, A.S. Schroder; 467th Wilhelm and Else Heraeus Seminar, 
Biophysics of Membrane Transformations Workshop, Bad Honnef, Allemagne, October 26-30, 2010. 
[i2] The tensile strength of wet paper; A Schröder, D Bensarsa, L Leibler; MRS Spring Meeting, San 
Francisco, 5-9 Avril 1999. 
[i1] Characterization of emulsion by ultrasonic attenuation measurements; A Schröder, P Lemaréchal; 
Deuxième Congrès Mondial de l’Emulsion, Bordeaux, France, 23-26 Septembre 1997.  

Conferences 

• 5th International Soft Matter Conference, 3-7 June 2019, Edinburgh, United Kingdom; Confocal imaging 
of vesicle-to-sponge phase droplet transition in dilute dispersions of the C10E3 surfactant; A.P. Schroder, 
J.J. Crassous, C.M. Marques, U. Olsson (poster). 
• Biophysical Society, 61st Annual Meeting, February 11-15, 2017, New Orleans; Voltage-Dependent 
Formation of Stable, Ion Conductive Pores in Suspended Lipid Bilayers from Oxidized Lipids; A.P. 
Schroder, E. Zaitseva, C.M. Marques, J.C. Behrends (poster). 
• SNAL Workshop within 3rd World Congress on New Technologies, June 7, 2017, Rome, Italy; Structural 
and physical properties of hydroperoxidized membranes; A. Schroder, G. Weber, H. Junqueira, T. Charitat, 
F. Thalmann, E. Zaitseva, J. Behrends, C. Marques (talk). 
• II Congresso Regional da SBB, June 12-16, 2016, Aracaju, Brasil; Interactions between cell penetrating 
peptides and model membranes; A. Schroder (talk). 
• Mini Symposium on Singlet Oxygen, September 14-16, 2014, Sao Sebastiao, Brasil; GUVs as model 
membranes to investigate membrane damage by singlet oxygen; A. Schroder (talk). 
• 9th European Biophsics Congress, July 13-17, 2013, Lisboa, Portugal; Hydroperoxydation of model bio-
membranes : phospholipid area increase & membrane mechanical properties; G. Weber, P. Aoki, T. 
Charitat, C.M. Marques, R. Itri, M. Baptista, A. Schroder (poster). 
• Gordon Biointerfaces, September 14-19, 2008, Aussois, France; Spreading of bio-adhesive vesicles on a 
DNA carpet; M.L. Hisette, C. Marques, A. Schroder (poster). 
• Jülich Soft Matter Days, November 16–19, 2004, Kerkrade, the Netherlands; Micropipette rheology of a 
giant vesicle; N. Fa, C. Marques, A. Schröder (poster). 
• Liquid Matter Conference, December 14-18, 2002, Konstanz, Germany; Giant Vesicles under Shear; N. 
Fa, C. Marques, E. Mendes, A. Schröder (poster). 
• Understanding Polyelectrolytes, October 6-8, 1997, International Workshop, Max-Planck Institüt für 
Polymerforschung, Mainz, Germany; Counterion Condensation in Polyelectrolyte Solutions via conductivity 
measurements; C. Dumousseaux,  A. Schroder,  L. Leibler (poster). 
• 133rd Meeting of the Acoustical Society of America, June 16-20 1997, State College, Pennsylvania, 
USA; On-line Contactless Measurement of the Elastic Modulus of a Moving Sheet by Ultrasonic Method; 
M. Khoury, A. Schröder, G. Eymin (poster). 
• 1995 International Paper Physics Conference, September 11-14, Niagara on the Lake, Ontario, Canada; 
High resolution fibre orientation and basis weight measurement; B. Drouin, R. Gagnon, A. Schröder, J. 
Silvy, M. Butel (talk). 
• Conférence Technologique Estivale, 1-3 juin 1994, Pointe au Pic, Canada; Structure millimétrique du 
papier : mesure et perspective; A. Schröder, J. Silvy, M. Butel, B. Drouin, R. Gagnon (talk).
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